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ABSTRACT
Canine and feline metastrongyloids (lungworms) play an important role in respiratory
diseases that affect domestic dogs, cats, and other wild canids and felids throughout the
world, that are caused by metastrongyloid nematodes such as Angiostrongylus vasorum,
Crenosoma vulpis, Filaroides hirthi, and Oslerus osleri in canids and Aelurostrongylus
abstrusus, Oslerus rostratus, and Troglostrongylus spp. in felids. Dogs and cats become
infected by ingestion of infective third-stage larvae (L3) in the tissues of intermediate
hosts (gastropods) or paratenic hosts (mice, birds, reptiles, and rodents).
The first objective of this study was to determine anthelmintic efficacy against
metastrongyloid L3 using an in vitro larval motility assay to evaluate the potential of the
drugs to be used as a preventative treatment. The study evaluated six anthelmintics
(eprinomectin, ivermectin, milbemycin oxime, moxidectin, selamectin, and
fenbendazole) on the motility of L3 of C. vulpis, A. vasorum, and A. abstrusus. The study
showed that drug concentration estimates corresponding to a 50% larval mortality (M-50)
identified that C. vulpis was the most sensitive species to the anthelmintics tested, while
A. vasorum was insusceptible to all anthelmintics tested, except for selamectin at high
drug concentrations. A. abstrusus was most susceptible to moxidectin and selamectin.
For objective two, the published molecular methods (PCR primer sets and assays and
DNA sequencing) were evaluated for the detection of first-stage larvae (L1) of
metastrongyloids to be used as a complementary test to confirm the morphological
diagnosis. Diagnosis depends on finding L1 in the feces of an infected animal by using
Baermann method and larvae were then examined microscopically based on
morphological features of the caudal end. From January 2017 to August 2020, a total of
iv

119 fecal samples from different sources, including scat samples, hospital cases, and lab
referred cases, were examined using centrifugal fecal flotation and Baermann techniques.
Thirty-nine out of 119 fecal samples were Baermann positive and were subjected to PCR
and DNA sequencing of the small subunit (SSU) rRNA gene, the large subunit (LSU)
rRNA gene, or the second internal transcribed spacer (ITS2). Twenty-one of the
Baermann positive samples were identified morphologically when 101 scat samples were
screened. These included Crenosoma vulpis (19), Angiostrongylus vasorum (1),
Uncinaria stenocephala (1). Eighteen of the Baermann positive samples were from the
Clinical Diagnostic Parasitology laboratory, including 13 from dogs (C. vulpis 8; A.
vasorum 4; Parelaphostrongylus odocoilei 1), four were from cats (A. abstrusus 3; O.
rostratus 1), and one was from a black bear (Crenosoma sp.). Successful confirmation of
lungworm species was determined by sequencing of PCR products in 25 of the 39 cases.
Importantly, the presence of A. vasorum was first confirmed in a scat sample from
Montague, PEI in this study. These molecular methods were used successfully in other
three distinct studies (1) clinical crenosomosis in a black bear (Ursus americanus). The
larvae recovered from feces of a black bear cub were identified morphologically as
Crenosoma sp. and the tentative diagnosis was as C. petrowi based on length
measurements. The molecular results of larval sequences using SSU rRNA gene, the two
LSU rRNA gene regions share high similarity with Crenosoma mephiditis based on three
gene regions. By conducting a phylogenetic tree, Crenosoma sp. forms a sister-group
association with Crenosoma mephiditis. (2) clinical co-parasitic infections in a cat
imported from Thailand. Morphological examination of cat feces revealed
Mammomonogamus sp. eggs, Spirometra sp. eggs, Cystoisospora felis oocysts, and
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unknown first-stage nematode larvae. By using partial SSU rRNA gene sequence, L1 was
found to be 99.6-99.9% identical to Oslerus rostratus. (3) the finding of spurious larval
nematodes in a dog. Morphological identification of the dog feces revealed finding of
Giardia duodenalis cysts and nematode larvae L1. The morphology of larvae was similar
to Angiostrongylus vasorum. Tentative morphological identification of the larvae
recovered from this dog was Parelaphostrongylus sp. if the dog had the opportunity to
ingest deer feces. Molecular analysis confirmed the morphological identification to genus
and was able to identify the larvae to species. The partial LSU rRNA gene region from
the larvae shared 100% identity with Parelaphostrongylus odocoilei.
The impact of freezing on the survival and retention of infectivity of metastrongyloid
first-stage larvae was investigated during this study. The third objective of the study was
to test the susceptibility of the L1 of Filaroides martis, Oslerus rostratus, Skrjabingylus
nasicola, and Troglostrongylus wilsoni to survive freezing and their subsequent ability to
be infectious to a gastropod host (Limax maximus). As a result, L1 of F. martis, O.
rostratus, S. nasicola, and T. wilsoni were detected alive, and these larvae were found to
be able to infect gastropods successfully. Additionally, the study explored the unique
feature of spontaneous L3 shedding of various metastrongyloids that has been reported
previously in several studies. The study aimed to test the spontaneous larval shedding of
the two species that infect mustelids, Filaroides martis and Skrjabingylus nasicola, by
experimental infection of naïve laboratory raised slugs (L. maximus) and examined the
feces twice a week by modified Baermann to detect L3. After three months of the study,
the results showed no L3 were detected from the feces of slugs for both species such that
the feature of spontaneous shedding may not apply to all lungworms.
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CHAPTER 1
GENERAL INTRODUCTION
1.1 Overview of the Metastrongyloidea
Nematodes of the superfamily Metastrongyloidea affect the respiratory,
cardiovascular, and nervous systems of mammals including canids, felids, mustelids,
cervids, rodents, livestock, and marine mammals (Anderson, 2000). Selected
metastrongyloid species are summarized in Table 1-1. Metastrongyloidea is composed of
seven families of parasites, including the Angiostrongylidae, Crenosomatidae,
Filaroididae, Metastrongylidae, Protostrongylidae, Pseudaliidae, and Skrjabingylidae
(Anderson, 2000, Bowman, 2014). The life cycle of most lungworm species is indirect
and, hence, requires gastropods (e.g. slugs, snails), earthworms, or fish as intermediate
hosts (Anderson, 2000). Paratenic hosts such as amphibians, birds, reptiles, rodents, and
cockroaches may also be involved in some life cycles (Anderson, 2000; Morgan et al.,
2005; Falsone et al., 2017; Colella et al., 2019). Lungworms infecting canids and felids
with indirect life cycles include Aelurostrongylus abstrusus, Angiostrongylus vasorum,
Crenosoma vulpis, Oslerus rostratus, Troglostrongylus brevior, Troglostrongylus
subcrenatus, and Troglostrongylus wilsoni. In contrast, Filaroides hirthi and Oslerus
osleri infect their definitive host directly (Conboy, 2009). Another nematode lungworm
that may be detected in dogs and cats is Eucoleus aerophilus, which belongs to the
Trichuridae family, and although not completely established, the life cycle probably
requires earthworms as intermediate hosts (Radman et al., 1986; Anderson, 2000).
With indirect gastropod-borne metastrongyloid life cycles, definitive hosts become
infected by the ingestion of infective third-stage larvae (L3) in the tissue of the
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gastropods, and the L3 then migrate to the heart and lungs via lymphatic vessels or the
hepatic portal system and mature into the adult stage (Conboy, 2004; Moeremans et al.,
2011). The adult stages of these lungworm species reside in the cardio-respiratory system
of infected animals; for example, Crenosoma vulpis and Troglostrongylus wilsoni are
found in the bronchi, bronchioles, and trachea, while Aelurostrongylus abstrusus and
Oslerus rostratus occur in the lung parenchyma, and alveolar ducts (Ridyard, 2005;
Conboy, 2009). Angiostrongylus vasorum is found in the pulmonary artery and the right
ventricle (Conboy, 2009). The prepatent period (PPP) varies among species; for instance,
the PPP of C. vulpis ranges between 19-21 days (Conboy, 2004), while A. vasorum
ranges between 28-109 days (Koch and Willesen, 2009), and for A. abstrusus, the PPP is
35-48 days (Schnyder et al., 2014a). At the end of the PPP, the adult female of these
parasites produces undeveloped eggs that become larvated in the tissue and hatch within
the pulmonary ducts and alveoli (A. abstrusus). The eggs of A. vasorum are carried by the
pulmonary capillaries into the lungs where they hatch into first-stage larvae (L1) and
penetrate the alveoli. However, the adult females of C. vulpis are ovoviviparous; the
larvated eggs hatch soon after being deposited by the female worms. The L1 of all these
species then migrate to the pharynx, are coughed up, swallowed, and released via feces
into the environment (Anderson, 2000; Traversa and Guglielmini, 2008).
Troglostrongylus brevior, Troglostrongylus subcrenatus, and Oslerus rostratus are
lungworms of wild felids (Felis silvestris silvestris) and have been detected in domestic
cats (Felis catus) (Bowman, 2000; Brianti et al., 2012; Brianti et al., 2013; Annoscia et
al., 2014; Brianti et al., 2014a). Brianti et al., (2013) reported that Troglostrongylus
brevior could be transmitted from female cats to their offspring during the lactation
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period through colostrum and/or milk. Troglostronglus wilsoni is found in bobcats (Lynx
rufus rufus) and lynx (Lynx canadensis). It has been reported in the USA, including
Alabama, Georgia, Texas, and Virginia (Klewer, 1958; Little et al., 1971; Watson et al.,
1981; Reichard et al., 2004). There is potential risk of infection to domestic cats with O.
rostratus and T. wilsoni that are present in the wild felid (bobcat and lynx) populations in
Atlantic Canada including Nova Scotia and New Brunswick (Daoust et al., 2009; Conboy
et al., 2017). Troglostrongylus wilsoni has been reported previously in wild felids in
Alberta, the Northwest Territories, Ontario, and Newfoundland and Labrador (Van Zyll
de Jong, 1966; Smith et al., 1986; Bridger, 2005). Oslerus rostratus has been reported in
Asia, Canada (New Brunswick), Europe, Middle East and USA (Klewer, 1958;
Seneviratna, 1958; Ash, 1970; Watson et al., 1981; Snyder et al., 1991; Millán and
Casanova, 2009; Brianti et al., 2014a; Conboy et al., 2017). Co-infections with A.
abstrusus and O. rostratus or A. abstrusus and Troglostrongylus spp. have been reported
in domestic cats in Europe (Juste et al., 1992; Jefferies et al., 2010; Annoscia et al., 2014;
Varcasia et al., 2014; Crisi et al., 2017; Febo et al., 2019).
The probability of a cat or dog becoming infected depends on the abundance of
gastropods and the presence of the definitive host, as well as the infection prevalence and
lungworm abundance (Traversa et al., 2010). The interaction of parasites with their
environment and hosts therefore play a role in increasing the risk of exposure to
metastrongyloid infections (Traversa et al., 2010; Traversa and Di Cesare, 2013).
The sinus worm Skrjabingylus nasicola is a widespread nematode in Europe and
North America. Adult worms reside in the nasal and frontal sinus cavity of mustelids,
including the American mink (Neovison [Mustela] vison), stoat (Mustela erminea),
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weasel (Mustela nivalis), and European polecat (Mustela putorius) (King, 1977; Gamble
and Riewe, 1981; Weber and Mermod, 1985; Anderson, 2000; Kierdorf et al., 2006;
Bowman and Tamlin, 2007; Heddergott et al., 2016). Infection occurs by ingestion of
infective L3 in the tissues of the intermediate host (gastropods) or paratenic host (fish,
frogs, rodents, and reptiles) (Anderson, 2000). Third-stage larvae invade the gut wall or
lymph nodes, moult into subadults, enter the body cavity and follow nerves to the central
nervous system. The adults then move to the front of the brain and then to the frontal
sinuses (Anderson, 2000). First-stage larvae develop in the female uterus and then transit
from the sinuses to the back of the throat of the definitive host, are swallowed and
eliminated with the feces (Anderson, 2000).
In North America, Filaroides martis is a common nematode of wild mink Neovison
vison, in which the nematode is encapsulated around bronchi, and in the connective tissue
surrounding the trachea and the pulmonary artery (Anderson, 1962; KO and Anderson,
1972). During migration, worms grow in connective tissues in various locations until they
reach the lungs (Anderson, 1962; Stockdale and Anderson, 1970; Ko and Anderson,
1972). The life cycle of F. martis includes a molluscan intermediate host and a paratenic
host, either a shrew or small rodent (Lankester and Anderson, 1966). Third-stage larvae
moult twice in the gastric mucosa, and leave the stomach as subadults, then migrate
through adipose tissue to the dorsal aorta, diaphragm, heart, and eventually from the
pulmonary artery to the lungs. Female worms release L1 to the bronchial escalator where
they are coughed up, swallowed, and passed in the feces (Anderson, 2000).
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Table 1-1: Selected metastrongyloid species
Metastrongyloid species

Definitive host

Aelurostrongylus abstrusus

cats & wild felids
(lynx, bobcat)

Angiostrongylus vasorum

dogs & wild canids
(coyote, fox)
dogs & wild canids
(coyote, fox)
dogs

slugs & snails

amphibians, birds,
reptiles, rodents
& cockroaches
frog

slugs & snails

Crenosoma vulpis
Filaroides hirthi
Oslerus rostratus
Oslerus osleri
Troglostrongylus brevior
Troglostrongylus wilsoni
Skrjabingylus nasicola
Filaroides martis

Intermediate
host
slugs & snails

Incidental
host
_

lung parenchyma & alveolar ducts

cats

pulmonary artery & right ventricle

_

_

bronchi, bronchioles & trachea

_*

_

_

lung parenchyma

wild felids
(lynx, bobcat)
dogs

slugs & snails

amphibians, birds, reptiles
& rodents
_

cats

lung parenchyma

wild felids
(lynx, bobcat)
wild felids
(lynx, bobcat)
mink, stoat, weasel
& polecat

slugs & snails

mink

slugs & snails

_*

slugs & snails
slugs & snails

Paratenic host

_

Location of adult worms

bifurcation of trachea- a nodule form

amphibians, birds, reptiles
& rodents
amphibians, birds, reptiles
& rodents
fish, frogs, rodents
& reptiles

cats

bronchi, bronchioles & trachea

cats

bronchi, bronchioles & trachea

_

nasal & frontal sinus cavity

shrews or small rodents

_

encapsulated around bronchi, in the connective
tissue surrounding trachea & pulmonary artery

*Direct life cycle
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1.2 Importance of studying metastrongyloid parasites
There has been increasing awareness among veterinarians of nematodes that affect the
cardiopulmonary systems in dogs and cats and their impact on companion animal health
(Traversa et al., 2010; Beugnet et al., 2014). Factors including climate change, animal
movements, urbanization of wild canids and felids, and changes in the seasonal dynamics
of lungworms may play critical roles in the increasing reports of infection and spread of
gastropod-transmitted parasites (Koch and Willesen, 2009; Elsheikha et al., 2014; York et
al., 2014). Other local environmental factors such as temperature, humidity, and
precipitation may lead to an increased ability of gastropods to persist in the environment
and their potential for spread (Patz et al., 2000; Rogers and Randolph, 2006; Koch and
Willesen, 2009; Traversa et al., 2010; York et al., 2014). Control of gastropods could be
challenging due to their ability to colonize different habitats (Giannelli et al., 2016).
Moreover, animals living outdoors have a greater tendency to ingest molluscs and
become infected (Iorio and Traversa, 2008; Traversa et al., 2010; Barutzki and Schaper,
2013; Traversa and Di Cesare, 2013; Di Cesare et al., 2015a). Recent research has shown
that slugs (Limax maximus) infected with various metastrongyloids, including C. vulpis
and A. vasorum from canids, and A. abstrusus, O. rostratus, T. wilsoni from felids
spontaneously shed L3 in their feces to the surrounding environment. Exposure through
direct ingestion of L3 from environmental contamination may be an additional route of
transmission (Conboy et al., 2017). The shed L3 survived up to 12 to 16 days for A.
vasorum and T. wilsoni, and 120 days for C. vulpis, outside the gastropods (Conboy et al.,
2017). Survival of larvae has been examined under different environmental conditions.
The survival time of L3 of A. abstrusus was reported by Colella et al., (2015) to be 36 and
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14 days at 4°C and 26°C, respectively, whereas the survival time of T. brevior L3 was 28
and 8 days at 4°C and 26°C respectively. Moreover, Giannelli et al., (2015) confirmed
the shedding of L3 of A. abstrusus and T. brevior in the environment via gastropod
mucus or in water, where gastropods had submerged. Therefore, it is crucial to
understand and have knowledge of the intermediate hosts. Additionally, some
metastrongyloid species have been shown to survive freezing and they retain the ability
to infect gastropods. For example, Crenosoma vulpis L1 survived freezing for 4-5 months
in red fox (Conboy et al., 2017), and live Crenosoma globlei L1 were recovered from a
raccoon frozen up to 14 months (Snyder, 1985). Thus, one of the present study's
objectives (Chapter 4) was to investigate the survival and retention of infectivity of four
metastrongyloid first-stage larvae (Filaroides martis, Oslerus rostratus, Skrjabingylus
nasicola, and Troglostrongylus wilsoni) when frozen.
Spontaneous larval shedding from gastropods has been reported previously for various
metastrongyloid species, including Angiostrongylus cantonensis, Angiostrongylus
costaricensis, A. vasorum, C. vulpis, T. wilsoni, T. brevior, A. abstrusus, O. rostratus,
Cystocaulus ocreatus, Muellerius capillaris, Parelaphostrongylus odocoilei,
Protostrongylus boughtoni, Protostrongylus davtyani, Protostrongylus kamenskyi,
Protostrongylus pulmonalis, Protostrongylus rufescens, Protostrongylus stilesi,
Protostrongylus tauricus, and Umingmakstrongylus pallikuukensis (Heyneman and Lim,
1967; Monson and Post, 1972; Boev, 1975; Ubelaker et al., 1980; Kralka and Samuel,
1984; Bonetti and Graeff-Teixeira, 1998; Kutz et al., 2000; Barçante et al., 2003; Jenkins
et al., 2006; Giannelli et al., 2015; Conboy et al., 2017). Shedding has been reported in
the Angiostrongylidae, Crenosomatidae, Filaroididae, and Protostrongylidae. However,
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whether L3 shedding occurs with Filaroides martis from the family Filaroididae or the
species within the family Skrjabingylidae is not known. Therefore, the study in Chapter 4
aims to test the potential spontaneous shedding of L3 for Filaroides martis and
Skrjabingylus nasicola from American mink (Neovison vison).
1.3 Clinical signs associated with canine and feline metastrongyloid infections
Respiratory signs are the main clinical features of infection among the
Metastrongyloidea species in canids and felids. The most common clinical signs reported
in dogs infected with Angiostrongylus vasorum are coughing, dyspnea, exercise
intolerance, weight loss, bleeding disorders, haemorrhage and subcutaneous hematomas;
pulmonary hypertension and right-congestive heart failure may occur in some cases
(Chapman et al., 2004; Bourque et al., 2008; Traversa and Guglielmini, 2008; Di Cesare
et al., 2015b). In cases of experimental infection with a high infective dose (800 L3 and
2800 L3), A. vasorum has been reported to disrupt the respiratory system and cause the
sudden death of infected dogs by rupture of the femoral artery and the thoracic aorta
(Cury and Lima, 1996; Mozzer and Lima, 2012). This has not yet been reported in natural
infection. Fatal infections can also occur due to massive hemorrhage in the brain, spine,
thoracic cavity or abdominal cavities (Bourque et al., 2008; Denk et al., 2009; Conboy,
2011). Angiostrongylus vasorum may cause ocular and central nervous system disease, as
well as other life-threatening conditions in infected dogs (Traversa and Guglielmini,
2008; Gredal et al., 2011; Jang et al., 2016). Additionally, dermatitis has been recorded as
a clinical sign in a dog infected with A. vasorum (Cavana et al., 2015).
Crenosoma vulpis is highly prevalent in the red fox population of Atlantic Canada and
is a significant cause of chronic respiratory disease in dogs accounting for approximately
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21% of the cases in Atlantic Canada (Conboy, 2009). Crenosomosis induces chronic
eosinophilic bronchitis-bronchiolitis, which results in chronic cough and gagging (Shaw
et al., 1996; Colella et al., 2016; Matos et al., 2016).
Most cats infected with A. abstrusus are subclinical; however, occasionally infection
may present clinical signs. The lethality of the infection will depend on the age of the
animal, the worm burden, and the immune status (Scott, 1973; Payo-Puente et al., 2005;
Schnyder et al., 2014b). Respiratory signs may include chronic cough, dyspnea,
wheezing, sneezing, nasal discharge, respiratory distress, or non-specific symptoms such
as fever and anorexia (Scott, 1973; Grandi et al., 2005; Traversa et al., 2008a; Traversa
and Guglielmini, 2008; Hawley et al., 2016). Young cats, kittens, and adopted stray cats
are considered to be at high risk of severe respiratory diseases that can result in the
animals' death (Grandi et al., 2005; Traversa and Di Cesare, 2013). These respiratory
diseases include verminous pneumonia and bronchopneumonia (Headley, 2005; Traversa
et al., 2008a; Ellis et al., 2010; Traversa and Di Cesare, 2013; Gavrilović et al., 2017;
Soares et al., 2017; Cavalera et al., 2019). Fatal pulmonary hypertension and rightcongestive heart failure has been reported in a kitten infected with A. abstrusus (Vezzosi
et al., 2020). Aelurostrongylus abstrusus infection was reported in 9% of the anestheticdeaths in cats in New York (Gerdin et al., 2011). However, the prevalence rate of A.
abstrusus infection in cats in New York was 6.2% (Lucio-Forster and Bowman, 2011),
which means A. abstrusus may not be the cause of the death in these cats. Signs such as
lethargy, weight loss, and depression have been reported (Grandi et al., 2005). The
severity of symptoms in cats infected with A. abstrusus might be positively correlated

9

with fecal larval counts, although some asymptomatic cats might have a high number of
larvae per each gram of feces (Genchi et al., 2014).
1.4 Distribution and epidemiology
Metastrongyloid infection is considered an emerging disease in dogs and cats from
various countries, including parts of Europe and North America (Conboy, 2009; Traversa
et al., 2010). The reported prevalence varies from region to region, depending on factors
that include the type and sensitivity of diagnostic techniques (Traversa et al., 2010;
Elsheikha et al., 2014; Giannelli et al., 2015; Pennisi et al., 2015). Many epidemiological
studies have confirmed the presence of these lungworm parasites in different areas of the
world. Presently, A. vasorum (French heartworm) is considered endemic in Europe
(including parts of Croatia, Denmark, France, Germany, Greece, Hungary, Ireland, Italy,
Netherlands, Portugal, Scotland, Spain, Sweden, Switzerland, Turkey, and United
Kingdom), Africa (Uganda), South America (Brazil and Colombia), and North America
(Canada: Newfoundland-Labrador) (Rosen et al., 1970; Bolt et al., 1994; Rajkovic-Janje
et al., 2002; Ablad et al., 2003; Sréter et al., 2003; Conboy, 2004; Jeffery et al., 2004;
Ridyard, 2005; Papazahariadou et al., 2007; Bridger et al., 2009; Doorn et al., 2009;
Helm et al., 2009; Taubert et al., 2009; Conboy, 2011; Di Cesare et al., 2011; Gredal et
al., 2011; Schulz et al., 2013; Tolnai et al., 2015; Barutzki et al., 2017; Schug et al., 2018;
Penagos-Tabares et al., 2019; Koller et al., 2019). Recent research indicates the
increasing spread of A. vasorum in North America with infection in red fox reported in
West Virginia, USA, and in coyotes in Nova Scotia, Canada (Kistler et al., 2014; Priest et
al., 2018). Angiostrongylus vasorum has been previously reported in the United States in
a domestic dog from Michigan that was imported from Ireland (William et al., 1985) and
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in an abandoned dog from Long Island, New York (Georgi and Georgi, 1992). In Canada,
A. vasorum has been described in a dog imported from England (Perry et al., 1991).
Angiostrongylus vasorum has been reported from various canid populations, including
red foxes (Vulpes vulpes), domestic dogs (Canis familiaris), wolves (Canis lupus), and
coyotes (Canis latrans) (Chapman et al., 2004; Bourque et al., 2005; Morgan et al., 2008;
Taubert et al., 2009; Hermosilla et al., 2017). It has also been reported in crab-eating
foxes (Cerdocyon thous), Meerkats (Suricata suricatta), stoats (Mustela erminea),
weasels (Mustela nivalis), European badgers (Meles meles), the red panda (Ailurus
fulgens fulgens), and a domestic cat (Felis catus) (Gonçalves, 1961; Millán et al., 2004;
Bourque et al., 2008; Patterson-Kane et al., 2009; Gillis-Germitsch et al., 2017; Simpson
et al., 2016; Gueldner et al., 2019).
Crenosoma vulpis (Fox lungworm) has been reported in several European countries
(including Belgium, Bulgaria, Croatia, Czech Republic, Denmark, Germany, Great
Britain, Hungary, Ireland, Italy, Netherlands, Norway, Spain, Switzerland, and UK), as
well as in South America (Colombia) and in North America (including Atlantic Canada,
Quebec, Ontario, Illinois, Massachusetts, and New York) (Rankin, 1946; Levine, 1980;
Borgsteede, 1984; Jancev and Genov 1988; Hoff , 1993; McGarry e al., 1995; Bihr and
Conboy, 1999; Reilly et al., 2000; Rajkovic-Janje et al. 2002; Unterer et al., 2002; Sréter
et al., 2003; Conboy, 2004; Jeffery et al., 2004; Ma᷈nas et al., 2005; Nevárez et al., 2005;
Davidson et al., 2006; Saeed et al., 2006; Nelson et al., 2007; Rinaldi et al., 2007; Taubert
et al., 2009; Al-Sabi et al., 2014; Caron et al., 2014; Power et al., 2015; Tolnai et al.,
2015; Matos et al., 2016; Barutzki et al., 2017; Hajnalová et al., 2017; Schug et al., 2018;
Morandi et al., 2019; Penagos-Tabares et al., 2019). Crenosoma vulpis has been reported
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in red foxes (Vulpes vulpes), domestic dogs (Canis familiaris), badgers (Meles meles),
raccoon dogs (Nyctereutes procyonoides), wolves (Canis lupus), coyotes (Canis latrans),
black bears (Ursus americanus), brown bears (Ursus arctos), and wolverines (Gulo gulo)
(Addison and Fraser, 1994; Anderson, 2000; Conboy, 2004; Bagrade et al., 2009; Bridger
et al., 2009; Popiolek et al., 2009; Bružinskaitë-Schmidhalter et al., 2012).
The cat lungworm A. abstrusus was reported in Europe (including Bulgaria, Croatia,
Cyprus, Denmark, Greece, Hungary, Italy, Portugal, Romania, Spain, Sweden, and the
United Kingdom), in South America (Brazil and Colombia), in Australia (Christmas
Island), South Africa, in the Middle East (Qatar and Iraq), in United States (including
Alabama, California, Carolina, Connecticut, Georgia, Hawaii, Maryland, New Jersey,
New York, Oregon, Pennsylvania, Tennessee, Texas, Virginia, and Washington), in
Canada (Ontario, Newfoundland-Labrador, and Nova Scotia) (Becklund, 1964; Lillis,
1967; Scott, 1973; Kennedy, 1986; Nihad et al., 1988; Nolan and Smith, 1995; Rembiesa
and Richardson, 2003; Abu-Madi et al., 2007; Adams et al., 2008; Taubert et al., 2009;
Mircean et al., 2010; Jefferies et al., 2010; Barutzki and Schaper, 2013; Capari et al.,
2013; Ramos et al., 2013; Cardillo et al., 2014; Di Cesare et al., 2015c; Diakou et al.,
2015; Nabais et al., 2014; Tamponi et al., 2014; Olsen et al., 2015; Di Cesare et al., 2016;
Diakou et al., 2017; Grandi et al., 2017; Hansen et al., 2017; Martinković et al., 2017;
Borisov et al., 2018; Carruth et al., 2019; Elsheikha et al., 2019; Penagos-Tabares et al.,
2019). Aelurostrongylus abstrusus has been reported in domestic cats (Felis catus) and
other wild fields such as the amur cats (Felis bengalensis euptilurus), the Eurasian lynxs
(Lynx lynx), caracals (Caracal caracal), lions (Panthera leo), and servals (Leptailurus
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serval) (Szczesna et al., 2006; Gonzáles et al., 2007; Traversa and Di Cesare, 2013; Di
Cesare et al., 2016).
1.5 Diagnostic procedures to detect metastrongyloid parasites
Diagnosis of crenosomosis, angiostrongylosis, and aelurostrongylosis presents various
difficulties. Misdiagnosis or misleading results may occur due to sub-clinical infections
(with either no or minor signs), clinical sign similarities with other pathogen infections
and other respiratory diseases such as asthma (Shaw et al., 1996; Traversa and
Guglielmini, 2008; Payo-Puente et al., 2005; Traversa and Di Cesare, 2013). For
instance, diagnosis of A. vasorum in domestic dogs is difficult due to the long period of
subclinical infection prior to the development of severe pulmonary disease or
neurological signs (Conboy, 2011; Gredal et al., 2011). In addition, morphological
similarities among lungworm species L1 have been reported (Conboy, 2004; Traversa and
Guglielmini, 2008). A reliable specific diagnosis for all lungworm species is challenging
(Traversa and Guglielmini, 2008). Moreover, a single species may have many “common
names,” which can be a cause of confusion. For example, Angiostrongylus raillieti (syn.
of A. vasorum) was reported in South American coati (Nasua nasua), and another
Angiostrongylus sp. was described in the Tayra (Eira barbara) (Costa et al., 2003; Vieira
et al., 2008). There have been reports of diagnosed cases with lungworm larvae for two
domestic dogs and crab-eating fox without further characterization, which means
uncertain diagnoses are another issue (Venturini and Boren, 1991; Varela-Arias et al.,
2014).
The L1 detection in fecal samples is usually performed using the routine fecal
examination techniques. Direct fecal smear, flotation, Baermann, and FLOTAC
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techniques have been demonstrated for the diagnosis of lungworm infections in dogs and
cats (Gaglio et al., 2008; Conboy, 2009; Koch and Willesen, 2009; Schnyder et al.,
2011a; Rinaldi et al., 2014). Although direct smears can be performed quickly and
inexpensively, they have low sensitivity owing to the small amount of feces examined
inherent to the technique (Scott, 1973; Traversa and Guglielmini, 2008). For instance,
Humm and Adamantos, (2010) detected A. vasorum L1 in 28 samples using the
Baermann technique, whereas direct fecal smear detected only 17 out of the 28. Likewise,
fecal flotation examinations lack sensitivity; as an example, the ZnSO4 centrifugal fecal
flotation method detected four of 39 of the Baermann-positive samples for C. vulpis L1
and 16 of 67 for A. vasorum L1 in dogs (Conboy, 2004). Flotation media also may have
damaging effects on the lungworm larvae (Traversa and Guglielmini, 2008; Conboy,
2009). Reports show that the use of high specific gravity concentrated salt or sugar
solutions cause dehydration and osmotic damage to the larvae. Such damage may result
in the loss of key morphological features, which in turn impedes the accurate detection of
parasitic larvae (Conboy, 2009; Traversa et al., 2010). Bronchial and tracheal wash have
also been used in the detection of L1 (Koch and Bolt, 1990; Chapman et al., 2004).
Clinical manifestations, diagnostic imaging, including radiographic findings and
endoscopic findings, can be used as complementary diagnostics (Unterer et al., 2002;
Payo-Puente et al., 2005; Traversa and Guglielmini, 2008; Coia et al., 2017).
Metastrongyloid identification is challenging because of morphological similarities of
L1 among species, which might lead to misdiagnosis of specific lungworms that affect
cats and dogs (Conboy, 2004; Traversa and Guglielmini, 2008; Otranto et al., 2013;
Brianti et al., 2014b). In the majority of cases, Baermann fecal examination is the most
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effective method of diagnosing lungworm infections and is considered the gold standard
(Conboy, 2004; Gagilo et al., 2008; Conboy, 2009; Koch and Willesen, 2009). The
FLOTAC technique may offer another approach to increase the chance of lungworm
detection (Rinaldi et al., 2007; Schnyder et al., 2011a).
After detecting parasitic larvae in stool samples, morphological and morphometric
characterization is required to identify the L1 accurately. In particular, lungworm larvae
should be differentiated from other lungworm species, as well as from plant nematodes,
free-living nematodes, and hookworm larvae, which may lead to false-positive results
(Traversa and Guglielmini, 2008; Conboy, 2009; Traversa et al., 2010; Conboy, 2011;
Zajac and Conboy, 2012). The Baermann technique, however, has also been shown to
possess various limitations; the method is more time-consuming than the fecal flotation
technique, and fresh samples are required because live larvae are needed in order for
them to migrate through the fecal mass into the water column prior to gravitational
sedimentation and collection (Moeremans et al., 2011). Additionally, intermittent larval
shedding patterns and prepatent infections associated with metastrongyloids may result in
false-negative findings (Conboy, 2009; Denk et al., 2009; Traversa et al., 2010).
Accordingly, repeated examinations, such as the collection of samples for three
successive days, should be carried out to enhance the sensitivity of the diagnostic
procedure (Willesen et al., 2004; Traversa and Guglielmini, 2008; Conboy, 2009; Helm
et al., 2010).
Various serological diagnostic kits have been used widely in Europe to detect A.
vasorum and A. abstrusus infections. Many of the immunological tests have been
developed as complementary or confirmatory tests in diagnostic laboratories
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(Eamsobhana and Yong, 2009; Jefferies et al., 2011; Guardone et al., 2013). EnzymeLinked Immunosorbent Assays (ELISA) have been applied in studies to assess the
distribution of lungworm infections in large populations of animals (Peixian et al., 2002;
Cavalera et al., 2019; Di Cesare et al., 2019). In addition, ELISA and sandwich-ELISA
have a high sensitivity in the detection of an A. vasorum antigen in serum samples of
infected dogs (Verzberger-Epshtein et al., 2008; Schnyder et al., 2011b; Schucan et al.,
2012; Schnyder et al., 2013; Lempereur et al., 2016; Hajnalová et al., 2017). Angio
Detect™ was found to be suitable in serological surveys in dogs (Lempereur et al., 2016).
However, Angio Detect™ was negative in a case where L1 of A. vasorum and C. vulpis
were identified on Baermann method and then another antigen-positive test for A.
vasorum occurred when C. vulpis was the only one detected on Baermann (Lempereur et
al., 2016). Antibody ELISA has been shown to have a greater sensitivity than the antigen
ELISA method for detecting A. vasorum infected dogs and cats (Lurati et al., 2015;
Zottler et al., 2017; Canonne et al., 2018). Heat treatment of serum prior to testing has
been shown to improve the sensitivity of antigen detection of Dirofilaria immitis in
infected cats and D. immitis and A. vasorum in infected dogs (Little et al., 2014; GillisGermitsch and Schnyder, 2017; Venco et al., 2017). Improvement of sensitivity occurs by
immune complex disruption breaking down antigen-antibody complexes and making
antigen accessible for detection by ELISA (Steindl et al., 1998; Little et al., 2014).
However, cross-reactivity with antigens of other parasites including Crenosoma vulpis,
Dirofilaria repens, Eucoleus aerophilus, ascarids, Toxcara cati, Capillaria spp.,
hookworms, and Taeniidae has been observed in dog and cat samples (Schucan et al.,
2012; Liu et al., 2017; Zottler et al., 2017). An immunofluorescence antibody test has
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been used to detect antibodies of A. abstrusus at three weeks post-infection (Hamilton
and Roberts, 1968).
Molecular approaches have made it possible to overcome some of the limitations
linked to the use of conventional techniques in the assessment of metastrongyloids.
Polymerase Chain Reaction (PCR) tools have high sensitivity, specificity, and efficacy,
and they are needed to identify and to elucidate the impact of these lungworms on the
health of domestic cats and dogs mainly when epidemiological studies are carried out
(Traversa et al., 2008a; Traversa et al., 2008b; Jefferies et al., 2010; Brianti et al., 2012;
Otranto et al., 2013; Annoscia et al., 2014; Colella et al., 2016). Genes including 18S
rRNA gene, internal transcribed spacer 1 (ITS1), 5.8S rRNA gene, internal transcribed
spacer 2 (ITS2), and 28S rRNA gene have been used as molecular markers (Chilton et al.,
2006). PCR-based approaches for the detection of the 18S rRNA gene of C. vulpis and A.
vasorum have been developed, and the sensitivity of PCR-based diagnosis is considerably
better than the sensitivity of direct methods and qualitative flotation (Helm et al., 2009;
Patterson-Kane et al., 2009; Colella et al., 2016; Cabanova et al., 2018). PCR detection of
A. vasorum has generally been used as a means of species differentiation or species
confirmation of adults or L1 purified from fecal, blood or lung tissue samples (Caldeira et
al., 2003; Jefferies et al., 2009; Patterson-Kane et al., 2009; Al-Sabi et al., 2010). A
multiplex PCR that identifies and discriminates A. abstrusus, T. brevior, and
Angiostrongylus chabaudi has been previously described (Di Cesare et al., 2015d).
Nested and duplex PCR based on ITS2 genetic markers were developed to detect cat
lungworm infections. DNA can be isolated from pharyngeal and fecal swab samples
where it shows high sensitivity and specificity (Iorio and Traversa, 2008; Traversa et al.,
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2008b; Annoscia et al., 2014). Consequently, innovators have developed a real-time PCR
or quantitative PCR (qPCR) specific for A. vasorum ribosomal regions to amplify the
DNA of parasites obtained from intermediate and definitive host samples (blood or feces)
(Jefferies et al., 2009; Traversa et al., 2010; Jefferies et al., 2011; Aziz et al., 2016). The
assay has emerged as a highly effective method for diagnosing canine angiostrongylosis,
primarily due to the technique’s relatively lower detection limit (Jefferies et al., 2009).
Some of the research described in the current thesis (Chapter 3) focused on the
detection of lungworm larvae in fecal samples using both morphological and molecular
identifications. Unknown fecal samples were collected from multiple areas in Prince
Edward Island and tested for lungworm larvae as well as testing fecal samples obtained
from hospital, regional veterinary clinics, and lab referred cases. First, the Baermann
method was used to recover L1 of metastrongyloids followed by morphological
identification of larvae. Second, larvae recovered by Baermann examination were used to
test a PCR protocol previously used in the diagnosis of metastrongyloid infections. Thus,
the goal of this study was to improve detection methods for lungworm infections by using
the molecular technique as a complementary test to morphological identification.
1.6 Clinical treatment of host with metastrongyloid infection
Anthelmintics are used to treat animals infected with parasitic helminths, including
flukes, tapeworms, roundworms, and nematodes. They are essential for veterinary
medicine to eliminate infection and control diseases, and it is a major economic
consideration for animal health (Campbell, 2012; Enejoh and Suleiman, 2017). Most
anthelmintics are safe, efficacious, and have a broad-spectrum of activity for use as
prophylactics or therapeutics in veterinary medicine, especially in companion animals
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and livestock medicine (Craig, 2006). Benzimidazoles (BZD) and macrocyclic lactones
(ML) have been effectively used for the treatment of various metastrongyloids. BZD act
by inhibiting the polymerization of tubulin from forming microtubules (Lacey, 1990).
MLs act by binding with high affinity to glutamate-gated chloride channels that trigger
chloride influx, which hyperpolarizes the parasite nervous system and causes flaccid
paralysis and death (Wolstenholme and Rogers, 2005).
Lungworm diseases are primarily treated by administering effective anthelmintics that
eliminate adult lungworms, minimize larval fecal shedding, and decrease lung damage
(Elsheikha, 2016). Studies have shown ML and fenbendazole to be effective for treating
crenosomosis, angiostrongylosis, and aelurostrongylosis (Conboy, 2004; Grandi et al.,
2005; Conboy et al., 2007; Traversa et al., 2009a; Traversa et al., 2009b; Schnyder et al.,
2009; Traversa et al., 2010; Böhm et al., 2014). Subcutaneous injection of ivermectin
(200 µg/kg) was used previously to treat two silver foxes infected with Crenosoma
vulpis, which resulted in the successful resolution of clinical signs and was confirmed by
a negative-fecal examination (Conboy et al., 1995). The treatment options for canines
infected with C. vulpis or A. vasorum include 25-50 mg/kg of fenbendazole for 14-20
days, and 0.5 mg/kg of milbemycin oxime weekly for 4 weeks. Studies have evaluated
the efficacy via resolution of the clinical signs and ceasation of larval shedding (Conboy,
2004; Conboy et al., 2007; Willesen et al., 2007; Conboy, 2009; Willesen et al., 2009;
Böhm et al., 2014). Another formulation containing 10% imidacloprid and 2.5%
moxidectin (Advantage Multi®=Advocate®) was shown to be effective for treating of C.
vulpis and A. vasorum as the infection resolved within infected dogs (Conboy, 2009;
Schnyder et al., 2009; Traversa et al., 2010; Bird et al., 2018). The daily administration of
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fenbendazole in the form of tablets or suspension (50 mg/kg for 3-15 days or 20 mg/kg
for 5 days) has been used to treat feline aelurostrongylosis effectively (Grandi et al.,
2005; Traversa et al., 2010). Ivermectin (0.4 mg/kg) result in inconsistent efficacy,
requiring off-label dosage regimens that increase the occurrence of adverse side effects
and toxicosis that can be life-threating in cats (Blagburn et al., 1987; Kirkpatrick et al.,
1987; Grandi et al., 2005). In previous studies, the safety and efficacy of the 18.8% oral
paste of fenbendazole was compared to the safety and efficacy of two formulations; the
first formulation contained 10% imidacloprid and 1% moxidectin, whereas the second
formulation contained 2.1% emodepside and 8.6% praziquantel, a cestocide (Traversa et
al., 2009a; Traversa et al., 2009b). The formulations proved to be effective and safe in
treating A. abstrusus in infected cats and the authors noted that the imidaclopridmoxidectin spot-on had outstanding efficacy in comparison to the other preparations
(Traversa et al., 2009a; Traversa et al., 2009b). Moreover, Profender® (2.1% emodepside
and 8.6% praziquantel) showed an efficacy of about 97% and 99.2% against T. brevior
and A. abstrusus, respectively (Böhm et al., 2015; Traversa et al., 2019). Topical
administration of selamectin (6 mg/kg) was reported to be effective in the treatment of
one of three cats infected with A. abstrusus (Grandi et al., 2005). Apart from efficacy, the
selection of which anthelmintic to use is influenced by issues including the ease of
administeration and the number of treatments required to completely eliminate the
parasite (Traversa et al., 2010). However, the process of administering oral anthelmintics
to moribund or fractious animals can be challenging (Traversa et al., 2010). Nevertheless,
there is a need for additional studies on the safety and efficacy of anthelmintics due to the
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current paucity of adequate information about the treatment of canine and feline
infections.
ML products such as ivermectin, milbemycin oxime, moxidectin, and selamectin
formulated as oral, topical, or injectable; are approved for heartworm (Dirofilaria
immitis) prevention in dogs or cats (Nolan and Lok, 2012). It can be administered
monthly to prevent the development of immature stages (third and fourth-stage larvae)
into adult worms (Gates and Nolan, 2010). Topical or oral administration of a
macrocyclic lactone or injection (moxidectin) every six months has been shown 100%
effective in preventing maturation of heartworms in all dogs exposed to infectious
mosquitoes (Bowman, 2014; McTier et al., 2019). Anthelmintics are known to be
effective against the adult stage of metastrongyloids, but little is known about their
efficacy against immature stages. Therefore, the objective of the study described in
Chapter 2 of this thesis was to test the efficacy of currently available anthelmintics
against lungworm L3 using an in vitro exposure model as a first step in determining their
potential for use as monthly preventatives. Previous studies have compared the activity of
anthelmintic drugs via in vitro larval development, or motility assays using various
helminths, including Haemonchus contortus, Strongyloides spp., Trichuris spp.,
Oesophagostomum dentatum, Ancylostoma caninum, Caenorhabditis elegans, Necator
americanus (Gill et al., 1995; Kotze et al., 2004; Silbereisen et l., 2011; Tritten et al.,
2012; Hansen et al., 2014; Ferreira et al., 2015). The effect of anthelmintic drugs was
assessed by counting the numbers of motile larvae after the incubation period and
comparing the result to the control groups (Satou et al., 2001; Kotze et al., 2004).
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1.7 Study objectives
The objectives of this research are:
(1) To determine the suitability of currently available anthelmintics for use as
preventative treatments by testing the efficacy against third-stage larvae of
Aelurostrongylus abstrusus, Angiostrongylus vasorum, and Crenosoma vulpis using an in
vitro larval motility assay (Drug sensitivity assay).
(2) To evaluate published molecular diagnostic tools for specific identification of firststage larvae of metastrongyloids.
(3) To investigate the survival and retention of infectivity of first-stage larvae to freezing
of four different metastrongyloid species (Filaroides martis, Oslerus rostratus,
Skrjabingylus nasicola, Troglostrongylus wilsoni) and to evaluate the potential
spontaneous shedding of third-stage larvae of the mink metastrongyloids Filaroides
martis and Skrjabingylus nasicola.
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CHAPTER 2
AN IN-VITRO LARVAL MOTILITY ASSAY EVALUATING ANTHELMINTIC
EFFICACY AGAINST CANINE AND FELINE METASTRONGYLOIDS
A modified version of this Chapter to be submitted as:
Mahjoub, H.A., Bedenice, D., Stryhn, H., Yu, J., Greenwood, S.J., Conboy, G.A. An invitro larval motility assay evaluating anthelmintic efficacy against canine and feline
metastrongyloids.
All co-authors contributed technically and intellectually to the written content of the
paper and provided critical comments prior to publication.
Mahjoub, H.A. did the morphological diagnosis and identification of larvae, larval assay
experiments, data analysis, and wrote the manuscript.
Bedenice, D. provided the drug concentrations for the experiment, and contributed to the
interpretation of the results.
Stryhn, H. provided statistical analysis suggestions.
Yu, J. did the statistical analysis.
Greenwood, S.J. supervised the project.
Conboy, G.A. did the morphological diagnosis and identification of larvae, took photos
of larvae, contributed to the interpretation of the results, and supervised the project.
2.1 Abstract

Metastrongyloids are important causative agents of canine and feline respiratory and
cardiopulmonary disease. The purpose of this study was to determine the in vitro efficacy
of six common anthelmintics (eprinomectin, ivermectin, milbemycin oxime, moxidectin,
selamectin, and fenbendazole) on the motility (viability) of infectious third-stage larvae
(L3) of Crenosoma vulpis, Angiostrongylus vasorum, and Aelurostrongylus abstrusus.
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First-stage larvae (L1) from C. vulpis, A. vasorum, and A. abstrusus were isolated from
infected lung tissue or feces (red fox, dog or cat origin) using a lung flush or Baermann
technique, respectively. Laboratory raised Limax maximus slugs were fed 1000-2000 L1
and held at 16°C for at least 4 weeks to produce L3. Slugs were then digested in a pepsinHCl solution at 37°C for 2 h and live L3 were isolated. Approximately 50-100 L3 /well
were incubated at 16°C for three days in culture media alone and media containing four
different concentrations of each anthelmintic. Drug concentrations were chosen to
bracket the expected in vivo drug plasma concentrations in anthelmintic-treated dogs and
cats. Motile (viable) and non-motile (non-viable) L3 were manually counted using a
dissecting microscope after each well was pulsed with warm digest solution to stimulate
larval activity. Third-stage larvae mortality (viability) was analyzed by multilevel logistic
models, generating dose-response relationships. Drug concentration estimates
corresponding to a 50% larval mortality (M-50) identified that C. vulpis was the most
sensitive species to the anthelmintics tested. Aelurostrongylus abstrusus was most
susceptible to moxidectin and selamectin, while A. vasorum was insusceptible to all
anthelmintics tested, except for selamectin at high drug concentrations.

Keywords: Angiostrongylus vasorum, Crenosoma vulpis, Aelurostrongylus abstrusus,
anti-larval, antiparasitic.
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2.2 Introduction
Metastrongyloids are important causative agents in canine and feline respiratory and
cardiopulmonary diseases in North America and Europe (Conboy, 2009; Traversa et al.,
2010), posing a significant health risk to companion animals (Traversa et al., 2010;
Beugnet et al., 2014). Most of the metastrongyloids have indirect life cycles, which
require definitive host ingestion of infective third-stage larvae (L3) contained in the
tissues of intermediate or paratenic hosts (Anderson, 2000; Morgan et al., 2005; Falsone
et al., 2017; Colella et al., 2019). The clinical manifestation of illness is affected by the
number and location of transmitted lungworms within the respiratory system of the
definitive host, and varies between nematode species (Grandi et al., 2005; Bourque et al.,
2008; Traversa and Guglielmini, 2008; Conboy, 2009). Targeted anthelmintic therapy
following early diagnosis of infection thus optimizes outcome. The diagnosis of
lungworm infection depends on the identification of first-stage larvae (L1) within the
feces of infected cats or dogs using the Baermann fecal test, which is considered the
method of choice for detecting most metastrongyloids (Conboy, 2009).
Lungworm disease is primarily treated by administering anthelmintics that eliminate
adult lungworms, minimize larval fecal shedding, and decrease lung damage (Elsheikha,
2016; Elsheikha et al., 2016). Previous studies indicate that macrocyclic lactones (MLs)
and certain benzimidazoles (BZD) are effective for the treatment and prevention of
crenosomosis, angiostrongylosis, and aelurostrongylosis (Conboy, 2004; Grandi et al.,
2005; Traversa et al., 2009a; Traversa et al., 2009b; Schnyder et al., 2009; Traversa et al.,
2010; Conboy et al., 2013; Böhm et al., 2014; Conboy et al., 2017). BZD acts by
inhibiting the polymerization of tubulin to form microtubules, leading to inhibition of
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motility and death of the parasite (Lacey, 1990). Mebendazole and fenbendazole are
effective against gastrointestinal nematodes such as hookworms, roundworms,
whipworms, and lungworms in livestock, equines, and companion animals (Enejoh and
Suleiman, 2017). Additionally, fenbendazole has been reported to be effective for treating
giardiasis in dogs and cats (Bowman, 2014). MLs consist of avermectins and
milbemycins, produced through fermentation by soil dwelling actinomycetes (Geary,
2005). ML products (including ivermectin, milbemycin oxime, moxidectin, and
selamectin) act by binding with high affinity to glutamate-gated chloride channels that
trigger chloride influx, which in turn hyperpolarizes the parasite neuron and causes
flaccid paralysis and death (Wolstenholme and Roger, 2005; Geary and Moreno, 2012).
However, little is currently known about the minimum drug concentrations necessary to
establish treatment efficacy and disrupt larval development in patients with lungworm
disease. ML products formulated for oral, topical, or injectable administration, are
approved for heartworm prevention in dogs or cats (Nolan and Lok, 2012).
Several previous studies have evaluated the in vitro activity of anthelmintic drugs
against various helminths (including Haemonchus contortus, Strongyloides spp.,
Trichuris spp., Oesophagostomum dentatum, Ancylostoma caninum, Caenorhabditis
elegans, human hookworms and trichostrongyloids) using larval development and
motility assays (Gill et al., 1995; Gill and Lacey et al., 1998; Satou et al., 2001; Kotze et
al., 2004; Silbereisen et al., 2011; Tritten et al., 2012; Hansen et al., 2014; Ferreira et al.,
2015).
The purpose of this study was to compare the efficacy of various anthelmintics against
immature stages (L3) of various lungworm species that affect dogs and cats, using an in
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vitro larval motility assay. We hypothesized that the chosen anthelmintics would decrease
larval (L3) viability in a dose-dependent manner, in conjunction with their known effect
on adult worms. This explores the possibility that anthelmintics could be used as monthly
treatments to prevent patent lungworm infection, prevent clinical disease, and reduce
lung damage, similar to commonly used heartworm (Dirofilaria immitis) preventives.
2.3 Materials and methods
2.3.1 Parasites
First-stage larvae (L1) of A. abstrusus and A. vasorum were recovered from feces of
naturally or experimentally infected cats and dogs, respectively, by a quantitative
Baermann fecal examination (Conboy et al., 2017). In brief, 12 g of feces were wrapped
in a double layer of cheesecloth and placed in a glass Baermann funnel containing warm
water and left overnight (> 12 h). Water (50 ml) was drawn from the funnel into screwtop plastic graduated centrifuged tubes. Samples were centrifuged (700 g) for 10 min, the
supernatant discarded; the volume was adjusted to a total of 5 ml, and the pellet resuspended by vortexing for 20 sec. The L1 concentration was determined by counting all
of the larvae in 50 µl subsamples placed on a slide with a coverslip and examined using a
compound microscope under a 10x objective. Morphological and morphometric
verification of L1 was performed for each positive sample (Zajac and Conboy, 2012).
Aelurostrongylus abstrusus L1 were isolated from the feces of a naturally infected
domestic cat from Newfoundland-Labrador, Canada. Larvae were recovered by the
Baermann technique, identified and enumerated as described above (Fig. 2-1).
Angiostrongylus vasorum L1 were recovered from the feces of an experimentally infected
purpose-bred research beagle (Marshall BioResources) housed at the Atlantic Veterinary
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College (AVC) (original source: naturally infected red foxes from NewfoundlandLabrador, Canada). Larvae were recovered by the Baermann technique, identified and
enumerated as described above (Fig. 2-2). The red fox (from Newfoundland-Labrador)
was co-infected with A. vasorum and C. vulpis resulting in a co-infection in the
experimentally infected dog. The L1 recovered from the feces of this dog consisted of a
mixture of 95-98% A. vasorum + 2-5% C. vulpis.
Crenosoma vulpis L1 were acquired by dissection of the lungs at necropsy of naturally
infected red foxes (Vulpes vulpes) harvested for fur by trappers on Prince Edward Island,
Canada. The fox carcasses were frozen at - 20°C for 5-7 months prior to necropsy. Adult
Crenosoma vulpis were recovered by lung flush (Oakley, 1980), and female worms were
placed in a Petri-dish (60 mm diameter x 15 mm) and cut into pieces using a razor blade.
Female worm fragments were placed in cheesecloth in a Baermann apparatus (as
described above), and L1 were recovered, identified and enumerated as described above
(Fig. 2-3).
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Fig 2-1: First stage larvae of Aelurostrongylus abstrusus recovered by Baermann method
from an infected feline fecal sample. The caudal end has a distinctive sinus wave-shaped
kink (KT) with a dorsal spine (DS).

Fig 2-2: First stage larvae of Angiostrongylus vasorum recovered by Baermann method
from an infected canine fecal sample. The caudal end terminates in a sinus wave-shaped
kink (KT) with a dorsal spine (DS).
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Fig 2-3: First stage larvae of Crenosoma vulpis recovered by Baermann method from an
infected canine fecal sample. The caudal end has a simple point with a slight deflection
(T), the rostral end has a long esophagus (E), and a cephalic button (CB).
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2.3.2 Gastropod exposure
Naïve laboratory raised slugs (Limax maximus) were infected using L1 recovered by
the Baermann technique for each lungworm species (C. vulpis, A. vasorum, and A.
abstrusus). Two-hundred microliters of L1 solution (containing 1500 to 2000 L1) was
vortexed for 20 sec, then placed on top of romaine lettuce in 6-well microtiter culture
plates (12.5 cm x 8.5 cm x 2 cm). Slugs were placed in separate test wells containing L1
and lettuce, and the culture plate was incubated at 16°C and 70% relative humidity (RH).
After the slugs consumed the majority of the lettuce, they were transferred to individual
plastic lock-top food storage containers with a damp paper towel on the bottom, fed fresh
romaine lettuce and maintained in an incubator at 16°C and 70% RH.
2.3.3 Gastropod digestion
At least four weeks post-infection (PI), L3 were recovered by artificial digestion of
slugs in pepsin-hydrochloric acid (HCl) solution (0.3 g pepsin, 0.4 ml concentrated HCl,
50 ml distilled water per each slug). Gastropods were decapitated and placed in a double
layer of cheesecloth and suspended in the digest solution in 50-ml screw-top centrifuge
tubes for 2 h at 37°C. The remnants of the slugs were discarded; the tube was centrifuged
(700 g) for 10 min, the supernatant discarded, and the number of L3 counted (previously
described; section 2.3.1). These slugs were used as a source of lungworm larvae L3 in this
efficacy study (Table 2-1).
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Table 2-1: Source of lungworm species and number of infected slugs used
Lungworm species

Number of L1

Source of L1

Slug numbers

Crenosoma vulpis

1000-2000

Frozen-red fox lungs
(lung-flush technique)

150

Angiostrongylus vasorum +
Crenosoma vulpis

1500-2000

Infected dog feces
(Baermann technique)

170

2000

Infected cat feces
(Baermann technique)
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Aelurostrongylus abstrusus

2.3.4 In vitro larval motility assay
The methodology was adapted from the motility assay described for hookworm and
Strongyloides spp. (Kotze et al., 2004), and from a previously described assay measuring
the effects of avermectins on the motility of third-stage larvae of the ruminant gut
parasite Haemonchus contortus (Gill et al., 1991). In the current study, 24 well-plates
were used.
2.3.5 Drug solutions
Eprinomectin, ivermectin, milbemycin oxime, moxidectin, selamectin and
fenbendazole were purchased from Sigma-Aldrich (St. Louis, MO, USA) and Cayman
Chemical Co. (Ann Arbor, MI, USA), and stock solutions of each drug were prepared in
0.1% dimethyl sulfoxide (DMSO) (Table 2-2). The final drug concentrations in the assay
plate wells consisted of a series of dilutions starting at 0.5 ng/mL for eprinomectin, 0.5
ng/mL for ivermectin, 1 ng/mL for milbemycin oxime, 5 ng/mL for moxidectin, 1 ng/mL
for selamectin and 1 ng/mL for fenbendazole (using duplicate wells of each drug
concentration/plate, 3 replicates of each plate/experimental treatment, and triplicate
experiments for each species on different days). The first two wells of each row were
control wells, which contained cell media only and cell media with 0.1% DMSO.
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Drug concentrations were chosen based on available pharmacokinetic (PK) data to
bracket the expected in vivo drug plasma concentrations in anthelmintic-treated dogs and
cats (Table 2-2). Low, medium, high and over-dose drug test concentrations were based
on published ranges of maximum plasma concentration (Cmax) and elimination half-lives,
following parenteral or oral administration of clinically relevant anthelmintic doses in
dogs and cats (McKellar et al., 1990; Sarasola et al., 2002; Al-Azzam et al., 2007;
Gokbulut et al., 2007; Chittrakan et al., 2009; Dunn et al., 2011; Kvaternick et al., 2014;
Xu et al., 2014).
Table 2-2: Anthelmintic drugs with diverse concentrations were chosen to bracket the
expected in vivo drug plasma concentrations in anthelmintic-treated dogs and cats
Dosage used (ng/mL)
Drugs

Low

Medium

High

Overdose

Eprinomectin

0.5

20

200

400

Ivermectin

0.5

20

500

1000

Milbemycin oxime

1

20

1000

2000

Moxidectin

5

20

5000

10000

Selamectin

1

20

20000

40000

Fenbendazole

1

20

1000

2000

2.3.6 Media preparation
Each of the anthelmintic concentrations detailed above were added to RPMI-1640 (cell
media) obtained from GE Healthcare Life Sciences, Utah, USA, to perform larval
motility assays. Control wells contained RPMI alone and RPMI with 0.1% DMSO. Pilot
experiments were undertaken to determine the effect of maintaining third-stage larvae of
Crenosoma vulpis and Angiostrongylus vasorum for up to four days in RPMI, and to
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assess the impact of temperature variation on larvae during the incubation period (at 16°C
and 37°C).
2.3.7 Motility
Approximately 50-100 L3 /well (in 100 µl of water, depending on the larvae numbers
available on each experimental day) were added to each well containing RPMI-1640 and
a specific anthelmintic, as described above. Each drug concentration was tested in
duplicate on each plate, and the assay was repeated in triplicate in separate experiments.
Two control wells were included for each drug treatment: (i) RPMI alone and (ii) RPMI
with 0.1% DMSO. Plates were incubated at 16°C for 72 h. After incubation, 400-500 μl
of media from each well was removed. Each well was scored by counting the number of
larvae showing movement (sinusoidal motion) using a stereomicroscope at 6.3x
magnification after adding 400-500 µl of the warm digest solution to stimulate larval
movement (Conboy et al., 2017). Each test well contained 900 µl of culture media
(RPMI-1640), 100 µl of L3 solution, and 4 µl of the drug dilution except the control
groups (no drug dilutions were added).
Third-stage larvae were identified based on caudal end morphology; a C. vulpis caudal
end terminates in a simple point (Fig. 2-4), whereas A. vasorum and A. abstrusus larvae
have a rounded knob at the terminal caudal end (Fig. 2-5 and Fig. 2-6) (Conboy et al.,
2017). It is important to note the presence of a slightly mixed infection of larvae
recovered from slugs infected with A. vasorum, where a small percentage of C. vulpis
larvae (2-5%) were detected after slug digestion. The mixed infection was acquired in the
original source, red foxes from Newfoundland-Labrador, Canada.
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Fig 2-4: Infective third stage larvae of Crenosoma vulpis recovered by the digestion of an
infected Limax maximus (heat-fixed in 2% formalin; temporary wet mount). Note the
caudal end terminates in a simple point.

Fig 2-5: Infective third stage larvae of Angiostrongylus vasorum recovered by the
digestion of an infected Limax maximus (heat-fixed in 2% formalin; temporary wet
mount). A rounded knob is present at the terminal caudal end.
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Fig 2-6: Infective third-stage larvae of Aelurostrongylus abstrusus recovered by the
digestion of an infected Limax maximus (heat-fixed in 2% formalin; temporary wet
mount). Note the caudal end terminates as a rounded knob similar in appearance to the L3
of A. vasorum.
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2.3.8 Statistical analysis
The number of motile larvae at each motility score in drug-treated or control wells
was expressed as a percentage of the total number of larvae in the well. Then, these
percentage values were averaged across the triplicate and duplicate experiment, and the
mean percentage of larvae at each motility score compared to the control and drug-treated
assay.
Data were statistically examined using Stata 16.0 (StataCorp LP, College Station, TX,
USA). The mortality of larvae of three different species subjected to six different drugs at
four concentrations was analyzed by multilevel (or mixed) logistic models. Data for each
species and drug were analyzed separately. The models had drug concentration as a
categorical predictor (or fixed effect) and random effects of the hierarchical levels (wells,
plates and replications) of the experiment. Predicted mortality at each concentration, with
a 95% confidence interval, was obtained from the logistic models for each species and
drug and presented in tabular and graphical form. For each species and drug, pairwise
comparisons of the mortality at the different concentrations used the Bonferroni method
to determine statistical significance at p<0.05. Estimates of drug concentration
corresponding to a 50% larval mortality were computed from similar mixed logistic
models where additionally the drug concentration was assumed to be linearly associated
with the mortality expressed on logistic scale.
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2.4 Results
Assay validation: A set of pilot tests for motility assessment was developed and
validated using L3 of Crenosoma vulpis and Angiostrongylus vasorum. Larvae maintained
in culture media for up to four days at 16°C provided a higher survival rate (100%) for
larvae compared to 37°C (79%) (data not shown).
The L3 of C. vulpis, A. vasorum, and A. abstrusus were considered motile if they
moved in a sinusoidal motion when stimulated by warm digest solution. The pattern of
motion differed between the control groups and the drug exposed groups, where the
control group larvae showed rapid, vigorous motion, whereas the drug-exposed larvae
moved with a slower, undulating motion. The appearance of drug-affected non-motile L3
differed dependent on the species and the two drug classes tested. For all larval species
tested, as the drug concentration increased, a marked and rapid change from motile to
non-motile L3 was observed. The non-motile larvae were considered dead. After three
days of incubation, even untreated L3 in the control wells showed minimal movement and
appeared to have entered a “dormant” state. The amount of rapid twitching vigorous
movement was considerably increased immediately after the addition of the warm digest
solution to these “dormant” larvae.
For C. vulpis, eprinomectin at a concentration of 20 ng/mL had a 36% larval
mortality, which was significantly higher than 7% larval mortality for 0.5 ng/mL
eprinomectin (Table 2-3 and Fig. 2-7). The concentration estimated to kill 50% of larvae
(LC50) was 28.2 ng/mL (Table 2-6). The two highest concentrations (200 ng/mL and 400
ng/mL) of eprinomectin were significantly different. For ivermectin at a concentration of
20 ng/mL, a 33% larval mortality was comparable to that of eprinomectin at the same
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concentration, and significantly higher than 4% larval mortality for 0.5 ng/mL
ivermectin; however, the two highest concentrations 500 ng/mL and 1000 ng/mL
ivermectin were significantly different from each other (Table 2-3 and Fig. 2-7). The
LC50 of larvae was 56.7 ng/mL ivermectin (Table 2-6). For a concentration of 20 ng/mL
milbemycin oxime the larval mortality was 30% and significantly higher than 0.8%
larval mortality for 1 ng/mL milbemycin (Table 2-3 and Fig. 2-7), with a drug
concentration of 67 ng/mL required to kill 50% of larvae (Table 2-6). For moxidectin at
a concentration of 20 ng/mL, the larval mortality was 83%, with a predicted
concentration of 6.7 ng/mL to kill 50% of larvae (Table 2-6). The two highest
concentrations 5000 ng/mL and 10000 ng/mL moxidectin were significantly different
from each other. In contrast, 20 ng/mL selamectin merely showed an 18% predicted
mortality of the larvae, which was significantly lower than concentrations of 20000
ng/mL and 40000 ng/mL selamectin (Table 2-3 and Fig. 2-7). Larval mortality was
negligible (1.6%) for the lowest tested concentration of 1 ng/mL, with an estimated
concentration of 1169 ng/mL selamectin required to kill 50% of larvae (Table 2-6).
Similarly, the larval mortality of C. vulpis larvae was 13% for a 20 ng/mL concentration
of fenbendazole, and significantly higher at 2000 ng/mL fenbendazole (Table 2-3 and
Fig. 2-7). Larval mortality remained negligible (1.2%) for the lowest tested concentration
of 1 ng/mL fenbendazole, and LC50 of larvae was estimated to be at 2413 ng/mL (Table
2-6).
The mortality of A. vasorum larvae are summarized in Table 2-4 and Fig. 2-8. The
drugs eprinomectin, fenbendazole, ivermectin, milbemycin, and moxidectin have a low
probability (less than 50%) of killing the larvae, even at the highest drug concentrations
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tested, suggesting a lack of drug susceptibility. For selamectin, the estimated
concentration needed to kill 50% of larvae was 14372 ng/mL (Table 2-6). All pairwise
comparisons of the mortalities between the concentrations within each drug were
statistically significantly different from one another.
For A. abstrusus, eprinomectin was most effective in larval mortality at a
concentration of 400 ng/mL. The mortality of larvae was 25% at 20 ng/mL eprinomectin,
which was significantly higher than 2% larval mortality for 0.5 ng/mL (Table 2-5 and
Fig. 2-9). The estimated concentration needed to achieve 50% larval mortality was 217
ng/mL (Table 2-6). The mortality of larvae with 20 ng/mL ivermectin was 23%, which
was significantly higher than 7% for 0.5 ng/mL, but significantly lower than 500 ng/mL
and 1000 ng/mL ivermectin (Table 2-5 and Fig. 2-9). The LC50 of larvae was estimated to
be 364 ng/mL (Table 2-6). Similarly, milbemycin oxime achieved a mortality of 25% at
20 ng/mL, which was significantly higher than 1 ng/mL, but significantly lower than
1000 ng/mL and 2000 ng/mL drug concentrations (Table 2-5 and Fig. 2-9). The LC50 of
larvae was estimated to be 202 ng/mL (Table 2-6). For moxidectin, at a concentration of
20 ng/mL, the mortality of larvae was 38% (Table 2-5 and Fig. 2-9). The LC50 of larvae
was estimated 117 ng/mL (Table 2-6). A concentration of 20 ng/mL selamectin achieved
a predicted mortality of 34%, which was significantly higher than 1 ng/mL selamectin,
but statistically lower than 20000 ng/mL and 40000 ng/mL drug concentrations (Table 25 and Fig. 2-9). The LC50 of larvae was 1193 ng/mL (Table 2-6). For fenbendazole, the
mortality of larvae was 15% at 20 ng/mL, which was significantly higher than 1 ng/mL,
but significantly lower than both 1000 ng/mL and 2000 ng/mL fenbendazole (Table 2-5
and Fig. 2-9). The LC50 was estimated to be 2755 ng/mL (Table 2-6). All pairwise
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comparisons of the mortalities between the concentrations within each drug were
statistically significantly different from one another.
Table 2-3: Mortality of third-stage larvae of Crenosoma vulpis at each concentration
Drug name

Concentration

Log
Concentration

Predicted
mortality

95% CI for
mortality

Eprinomectin

0.5

-0.693

0.068

0.025 - 0.112

20

2.996

0.362

0.243 - 0.482

200

5.298

0.778

0.682 - 0.874

400

5.991

0.898

0.841 - 0.956

0.5

-0.693

0.042

0.021 - 0.063

20

2.996

0.332

0.258 - 0.405

500

6.215

0.795

0.737 - 0.853

1000

6.908

0.880

0.839 - 0.921

1

0.000

0.008

0.002 - 0.014

20

2.996

0.303

0.271 - 0.334

1000

6.908

0.882

0.861 - 0.904

2000

7.601

0.967

0.955 - 0.979

5

1.609

0.280

0.223 - 0.338

20

2.996

0.831

0.788 - 0.873

5000

8.517

0.969

0.956 - 0.983

10000

9.210

0.982

0.972 - 0.991

1

0.000

0.016

0.008 - 0.025

20

2.996

0.183

0.156 - 0.210

20000

9.903

0.738

0.708 - 0.769

40000

10.597

0.850

0.826 - 0.874

1

0.000

0.012

-0.001 - 0.024

20

2.996

0.129

0.039 - 0.220

1000

6.908

0.268

0.123 - 0.413

2000

7.601

0.568

0.393 - 0.743

Ivermectin

Milbemycin oxime

Moxidectin

Selamectin

Fenbendazole
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Table 2-4: Mortality of third-stage larvae of Angiostrongylus vasorum at each
concentration
Drug name

Concentration

Log
Concentration

Predicted
mortality

95% CI for
mortality

Eprinomectin

0.5

-0.693

0.015

0.006 - 0.024

20

2.996

0.107

0.081 - 0.132

200

5.298

0.283

0.241 - 0.325

400

5.991

0.393

0.348 - 0.438

0.5

-0.693

0.016

0.006 - 0.025

20

2.996

0.087

0.058 - 0.115

500

6.215

0.198

0.149 - 0.248

1000

6.908

0.303

0.242 - 0.365

1

0.000

0.053

0.033 - 0.074

20

2.996

0.118

0.083 - 0.153

1000

6.908

0.250

0.195 - 0.306

2000

7.601

0.367

0.300 - 0.433

5

1.609

0.067

0.040 - 0.093

20

2.996

0.134

0.090 - 0.177

5000

8.517

0.332

0.256 - 0.407

10000

9.210

0.441

0.360 - 0.523

1

0.000

0.128

0.100 - 0.156

20

2.996

0.215

0.179 - 0.251

20000

9.903

0.426

0.380 - 0.473

40000

10.597

0.630

0.586 - 0.674

1

0.000

0.017

0.008 - 0.026

20

2.996

0.106

0.076 - 0.136

1000

6.908

0.284

0.230 - 0.338

2000

7.601

0.360

0.300 - 0.420

Ivermectin

Milbemycin oxime

Moxidectin

Selamectin

Fenbendazole
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Table 2-5: Mortality of third-stage larvae of Aelurostrongylus abstrusus at each
concentration
Drug name

Concentration

Log
Concentration

Predicted
mortality

95% CI for
mortality

Eprinomectin

0.5

-0.693

0.024

0.001 - 0.047

20

2.996

0.253

0.114 - 0.392

200

5.298

0.467

0.290 - 0.643

400

5.991

0.584

0.411 - 0.756

0.5

-0.693

0.070

0.043 - 0.098

20

2.996

0.231

0.173 - 0.289

500

6.215

0.479

0.403 - 0.554

1000

6.908

0.650

0.580 - 0.720

1

0.000

0.093

0.065 - 0.122

20

2.996

0.246

0.199 - 0.293

1000

6.908

0.648

0.595 - 0.701

2000

7.601

0.767

0.722 - 0.811

5

1.609

0.204

0.119 - 0.289

20

2.996

0.385

0.267 - 0.503

5000

8.517

0.737

0.638 - 0.836

10000

9.210

0.896

0.843 - 0.949

1

0.000

0.072

0.048 - 0.095

20

2.996

0.343

0.293 - 0.393

20000

9.903

0.610

0.560 - 0.659

40000

10.597

0.772

0.731 - 0.813

1

0.000

0.049

0.026 - 0.071

20

2.996

0.152

0.111 - 0.194

1000

6.908

0.339

0.279 - 0.399

2000

7.601

0.529

0.464 - 0.594

Ivermectin

Milbemycin oxime

Moxidectin

Selamectin

Fenbendazole
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Table 2-6: Predicted concentration to kill 50% of larvae (LC50)
Species

Drug

Log
Concentration

LC50

95% CI for
concentration

Crenosoma vulpis

Eprinomectin

3.340

28

18.4 - 43.4

Crenosoma vulpis

Ivermectin

4.037

56

42.4 - 75.8

Crenosoma vulpis

Milbemycin

4.205

67

56.9 - 79

Crenosoma vulpis

Moxidectin

1.908

6.7

3.5 - 13

Crenosoma vulpis

Selamectin

7.063

1169

907.5 - 1505.3

Crenosoma vulpis

Fenbendazole

7.788

2413

606.1 - 9604.3

Angiostrongylus vasorum

Eprinomectin

6.848

943

658.1 - 1350.5

Angiostrongylus vasorum

Ivermectin

9.273

10653

4601.1 - 24663.1

Angiostrongylus vasorum

Milbemycin

9.992

21863

7716 - 61945.4

Angiostrongylus vasorum

Moxidectin

10.496

36172

10782.6 - 121342

Angiostrongylus vasorum

Selamectin

9.573

14372

6547.2 - 31546.8

Angiostrongylus vasorum

Fenbendazole

9.130

9234

4636.7 - 18388.3

Aelurostrongylus abstrusus

Eprinomectin

5.380

217

57.4 - 821.3

Aelurostrongylus abstrusus

Ivermectin

5.897

364

184.5 - 718.1

Aelurostrongylus abstrusus

Milbemycin

5.308

202

133.5 - 305.5

Aelurostrongylus abstrusus

Moxidectin

4.762

117

34.3 - 398.7

Aelurostrongylus abstrusus

Selamectin

7.083

1193

693.5 - 2050.5

Aelurostrongylus abstrusus

Fenbendazole

7.921

2755

1467.7 - 5172.1
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Fig 2-7: The mortality of Crenosoma vulpis third-stage larvae exposed to various
anthelmintic drug concentrations. The y-axis represents the precent mortality and the xaxis specifies the actual tested concentrations for each drug.
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Fig 2-8: The mortality of Angiostrongylus vasorum third-stage larvae exposed to various
anthelmintic drug concentrations. The y-axis represents the precent mortality and the xaxis specifies the actual tested concentrations for each drug.
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Fig 2-9: The mortality of Aelurostrongylus abstrusus third-stage larvae exposed to
various anthelmintic drug concentrations. The y-axis represents the precent mortality and
the x-axis specifies the actual tested concentrations for each drug.
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2.5 Discussion
Parasitic nematode infections of the canine and feline respiratory tract have received
considerable attention by parasitologists, and veterinarians based on improved diagnostic
methods and a rising number of epidemiological studies supporting their role in disease,
yet therapeutic challenges still exist (Elsheikha et al., 2014).
This study describes an in vitro larval motility assay that enables assessment of the
response of infective third-stage larvae of Crenosoma vulpis, Angiostrongylus vasorum,
and Aelurostrongylus abstrusus to anthelminthic drugs. The principal goal of the study
was to determine if currently available anthelmintic drugs inhibit motility of the infective
L3 stage of lungworms infecting dogs and cats, and therefore, to assess if these may be
useful as monthly disease preventatives, as is commonly used to prevent heartworm
(Dirofilaria immitis) infection. Currently, macrocyclic lactones including ivermectin,
milbemycin oxime, moxidectin, and selamectin are given once a month (oral or topical
administration) or by injection every six months with moxidectin to kill third and fourthstage heartworm larvae (L3-L4) that are less than 30 days old (Bowman, 2014). Such
treatments are “preventative” in the sense that they limit the duration of infection to a
period of time insufficient to result in significant tissue damage. The long development
period (6-9 months), a long prodromal period (3-5 years) and the availability of
anthelmintics with efficacy against third and fourth-stage larvae are conducive to this
type of approach in the protection of dogs and cats from this dangerous pathogen. A
similar approach involving treatment of pets exposed to metastrongyloids prior to the
infliction of severe organ damage should be superior to administering therapy only after
the onset of clinical disease. There are considerable differences in developmental times
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between D. immitis and the species of metastrongyloids. The monthly administration of
effective anthelmintics prevents the development of D. immitis beyond the L4 stage from
any possible exposure the dog or cat has received (Bowman, 2014). In contrast, the final
moult to the adult stage occurs by 7-9 days PI in A. abstrusus, A. vasorum and C. vulpis
(Hobmaier and Hobmaier, 1935; Wetzel and Muller, 1935a; Wetzel and Muller, 1935b;
Rosen et al., 1970). At the present time, it is unknown whether the monthly
administration of effective anthelmintics would prevent the occurrence of clinical disease
due to metastrongyloid infection in dogs and cats. The effectiveness of such treatments
would be increased if the immature migrating stages (L3, L4) were also susceptible to the
anthelmintics. At the present time, in vitro testing of anthelmintic efficacy against the L4
is not possible since no methods exist to culture L4 in vitro. Further advances in the
culture of parasitic nematodes are required before in vitro testing of anthelmintic efficacy
against L4 can be conducted.
In this study, anthelmintic efficacy against three species of infective lungworm larvae
was based on the inhibition of larval motility in vitro. Previously established in vitro
assays used for the detection of anthelmintic resistance are commonly based on the
effects on development, movement, and growth of various nematode species from
ruminants, canines, rodents, and humans. These assays include the egg hatch assay, larval
development assay, and larval migration inhibition assay, larval motility assay, and the
larval feeding inhibition assay (Gill et al., 1995; Gill and Lacey, 1998; Satou et al., 2001;
Kotze et al., 2004; Kotze et al., 2006; Silbereisen et al., 2011; Tritten et al., 2012; Hansen
et al., 2014). In the current study, our in vitro larval motility assay relied on the addition
of warm digest solution to stimulate larval movement following incubation with various
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anthelmintics, while other studies determined larval viability following addition of hot
water at 50°C (Satou et al., 2001; Kotze et al., 2004). Alternatively, propidium iodide has
been used to indicate larval mortality of Angiostrongylus cantonensis (Jarvi et al., 2019)
and Caenorhabditis elegans (Ferreira et al., 2015), in lieu of a motility assessment. It is
important to emphasize that in the absence of digest solution, most of the larvae,
including those in the control wells, would have been misidentified as “dead or nonviable”. Warmed digest solution containing pepsin and HCl was, therefore, used to
effectively trigger the larval activity of Crenosoma vulpis, Angiostrongylus vasorum, and
Aelurostrongylus abstrusus. Using digest solution to stimulate larval motility was
previously described in Conboy et al., (2017).
Anthelmintic efficacy in this study was dependent on the lungworm species, drug type
and drug concentration. Lungworms are considered susceptible to a variety of
anthelmintics, and the preferable treatment of choice is often fenbendazole (25-50 mg/kg
for 3-21 days) since it has wide safety margins and a low probability for side effects
(Mealey et al., 2001; Willesen et al., 2007; Koch and Willesen, 2009). Additionally,
milbemycin oxime (0.5 mg/kg) given once or given once a week for 4 weeks has been
used effectively against C. vulpis and A. vasorum, respectively (Conboy, 2004). Other
anthelmintics, such as levamisole have greater toxicity potential, including risks for
gastro-intestinal disturbances, neurotoxicity and immune-mediated conditions. Similarly,
ivermectin carries a high risk for neurotoxicity in dog breeds with the ABCB1 mutation
(Søland and Bolt, 1996; Mealey et al., 2001). Currently, there are commercially available
combinations of moxidectin and imidacloprid [insectocide] (Advocate®, Bayer Animal
Health) or milbemycin oxime and praziquantel [anticestocide] (Milbemax®, Novartis
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Animal Health) that have demonstrated efficacy against A. vasorum and C. vulpis
infection (Willesen et al., 2007; Conboy et al., 2009; Schnyder et al., 2009; Conboy et al.,
2013; Böhm et al., 2017). Additionally, a combination of moxidectin and imidacloprid
[insectocide] (Advocate®, Bayer Animal Health), or emodepside and praziquantel
[anticestocide] (Profender®, Bayer) has been effectively used against A. abstrusus to
decrease larval shedding and resolve respiratory disease clinical signs (Traversa et al.,
2009a; Traversa et al., 2009b). However, the efficacy of these drugs varies based on the
dosage, frequency of usage, prepatent period of the parasites, and their burden (Di Cesare
et al., 2014). The in vitro anthelmintic response to antiparasitic agents may, therefore,
guide and improve therapy, disease prevention and clinical outcome in veterinary
patients.
The results of the present study indicate that C. vulpis is the most sensitive species to
the anthelmintic drugs tested, as drug concentrations necessary to achieve 50% larval
mortality remained below currently published mean Cmax concentrations for orally
administered ivermectin (0.25 mg/kg), milbemycin oxime (0.25 mg/kg), moxidectin (0.25
mg/kg) and selamectin (24 mg/kg) in dogs (McKellar et al., 1990; Sarasola et al., 2002;
Al-Azzam et al., 2007; Gokbulut et al., 2007; Xu et al., 2014). Crenosoma vulpis,
however, is least sensitive (partly resistant or less susceptible) to fenbendazole, since
mean reported Cmax concentrations following oral dosing of 50 and 100 mg/kg in dogs
merely reach plasma concentrations of 160 ± 80 ng/mL (Gokbulut et al., 2007) and 470 ±
30 ng/mL (McKellar et al., 1990), respectively, well below the predicted fenbendazole
concentration required to kill 50% of larvae in vitro (2413 ng/mL).
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Moxidectin and selamectin were the most effective drugs of choice to target infective
A. abstrusus larvae, since clinically achievable, maximum plasma concentrations are well
above the required drug levels to kill 50% of L3 (117 ng/mL and 1193 ng/mL,
respectively). More specifically, the reported Cmax after 24 mg/kg oral selamectin was 10fold higher in cats (Cmax = 11929 ± 5922 ng/mL) than the required concentration to kill
50% of A. abstrusus larvae in vitro (Sarasola et al., 2002). In contrast, published doses of
eprinomectin (0.5 - 2.5 mg/kg topically), fenbendazole, ivermectin (0.2 mg/kg topically)
and moxidectin (4.3 mg/kg topically or 1 mg/kg orally) are unlikely to achieve
therapeutic drug levels against A. abstrusus larvae in cats.
Among the species tested, the larvae of Angiostrongylus vasorum proved insusceptible
to most of the anthelmintics tested. More specifically, the necessary drug concentrations
to kill 50% of L3 larvae were 80 fold, 277 fold and 155 fold above the achievable Cmax
concentrations in dogs receiving 0.25 mg/kg ivermectin, milbemycin oxime, and
moxidectin orally, respectively (Al-Azzam et al., 2007; Gokbulut et al., 2007; Xu et al.,
2014), and 20 times above Cmax in dogs receiving 100 mg/kg oral fenbendazole
(McKellar et al., 1990). Even for selamectin, where concentrations of 14371.6 ng/mL are
predicted to kill 50% of A. vasorum L3, the required drug concentration was still twice as
high as the reported 7630 ± 3140 ng/mL Cmax achieved in dogs given 24 mg/kg
selamectin orally (Sarasola et al., 2002). Similarly, cats merely achieved sub-therapeutic
maximum plasma concentrations of 11929 ± 5922 (ng/mL) after 24 mg/kg selamectin
administered orally (Sarasola et al., 2002). Topical dosing with 2.5 mg/kg eprinomectin
in cats is also unreliable, as the reported plasma Cmax (54.1 ng/mL) is only 1/17 the
predicted therapeutic drug concentrations (943 ng/mL) (Kvaternick et al., 2014).
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Similarly, 0.2 mg/kg topical ivermectin reaches a mean Cmax of 16.75 ± 4.04 ng/mL in
cats, which is 636 times lower than that necessary to achieve 50% larval mortality based
on the current results. Angiostrongylus vasorum can potentially infect cats based on
experimental and natural infection studies, but the infection is non-patent (Dias et al.,
2008; Gueldner et al., 2019).
The current study results indicate the lack of drug efficacy against the L3 of A.
vasorum. This is especially concerning as this species appears to have spread at an
alarming rate to a wider geographical area. Angiostrongylus vasorum is very pathogenic
and has been considered endemic in Europe, South America (Brazil, Colombia), and in
North America (Newfoundland and Labrador in Canada) (Jeffery et al., 2004; Conboy,
2009; Helm et al., 2010; Koller et al., 2019; Penagos-Tabares et al., 2019). Recent
research indicates the spread of A. vasorum to West Virginia, USA, and mainland, Nova
Scotia, Canada (Kistler et al., 2014; Priest et al., 2018). The reason for the lack of effect
of the anthelmintics tested in this study on A. vasorum could be attributed to polygenic
inheritance since this species belongs to the family Angiostrongylidae, while C. vulpis
belongs to the family Crenosomatidae; thus, it might differ in response to treatment.
Additionally, due to the fact that there was a slight mix of A. vasorum with up to 5% C.
vulpis, the effectiveness of anthelmintics against A. vasorum may have been slightly
over-estimated. Whether the absence of certain host factors, including immune response,
drug absorption, distribution and metabolism, or differences in drug metabolism between
immature stages vs. adult worms contribute to therapeutic success needs to be further
investigated.
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Anthelmintic efficacy was established in vitro for infective L3 of both C. vulpis and A.
abstrusus, while A. vasorum larvae demonstrated a lack of drug susceptibility. However,
it is also important to note that some partially paralyzed L3 , that still show slight
movement, may subsequently die, thus underestimating drug efficacy at the completion
of the motility assay. It is also plausible that longer exposure (> 4 days) to lower drug
concentrations may ultimately increase the absolute L3 mortality rate and improve
anthelmintic efficacy.
Results obtained in vitro were interpreted based on reported pharmacokinetic data in
dogs and cats, to explore whether commercially available anthelmintics should be
investigated as monthly lungworm preventatives, in future studies. Since monthly
preventatives of heartworm infection containing ivermectin most commonly utilize very
low drug doses (0.006 mg/kg in dogs and 0.024 mg/kg orally in cats) (Plumb, 2005), they
would not be indicated for the prevention of lungworm infection. Similarly, topical
selamectin products available in the form of Revolution®, utilize average doses of 6 - 6.5
mg/kg selamectin, which results in maximum serum concentrations (Cmax) in dogs of 12.7
- 22.7 ng/mL (Dupuy et al., 2004) remained well below the drug concentration necessary
to target lungworm larvae examined in this study. Yet, further studies may be warranted
in cats, based on a disproportionately higher reported Cmax of 5513 ± 2173 ng/mL
following topical dosing with 24 mg/kg selamectin in this species (Sarasola et al., 2002).
Monthly heartworm preventatives containing moxidectin (Advantage Multi®: 2.5 mg/kg
for dogs, 1 mg/kg for cats) are also available as topical solutions, for which specific
pharmacokinetic data for dogs remains unpublished in the peer-reviewed literature. A
study using Advantage Multi® in cats (1 mg/kg) showed mean trough levels of
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moxidectin in blood samples collected prior to repeated dosing at 28-day intervals of
16.5, 33.4, and 40 ng/mL, respectively (Little et al., 2015). Similarly, a recent study using
a different (non-commercial) topical combination product containing moxidectin,
demonstrated Cmax concentrations of 25.3 ng/mL in dogs (6.75 mg/kg topical dose) and
13.6 ng/mL in cats (4.32 mg/kg topical dose), respectively (Arisov et al., 2018). The
latter concentrations in both studies would only be expected to target infective L3 larvae
of C. vulpis, but not A. abstrusus in cats or A. vasorum in dogs. The monthly
administration of some commercially available products containing milbemycin oxime
for dogs (0.5 mg/kg oral Interceptor®) may target infective larval stages of C. vulpis but
not A. vasorum based on the in vitro results.
Although the present study indicates that these anthelmintics would not be effective
against L3 of A. vasorum, other in vivo trials show various drug efficacies against A.
vasorum infection. For instance, Schnyder et al., (2009) experimentally infected dogs
with A. vasorum L3 and treated them with spot-on (Advocate®) (topical moxidectin 2.5
mg/kg, imidacloprid 10 mg/kg [insectocide]) at day 4 and 32 post-infection, which
suggests that the drug had efficacy against adult stage. Another experimental study
demonstrated the persistent effectiveness for one month of the topical spot-on
(Advocate®), which was given to dogs four weeks before infection with A. vasorum L3
(Böhm et al., 2017). A recent experimental study revealed that an oral treatment with
Simparica Trio® (24 mg/kg moxidectin, 1.2 mg/kg sarolaner [ectoparasiticide], and 5
mg/kg pyrantel) at 28 days post-infection provided ≥ 92.9% efficacy against fifth-stage
larvae (L5) and adult stage A. vasorum (Becskei et al., 2020a). In a field study in an
endemic area, dogs were treated monthly for a total of 10 times with Simparica Trio® (24
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to 48 mg/kg moxidectin, 1.2 to 2.4 mg/kg sarolaner [ectoparasiticide], and 5 to 10 mg/kg
pyrantel) (Becskei et al., 2020b). None of the treated dogs tested positive for A. vasorum
infection while 12.2% of the untreated control dogs became infected. Böhm et al., (2014)
treated experimentally infected dogs orally with a combination of milbemycin oxime
(0.75-1.0 mg/kg) and spinosad [insectocide] (45-60 mg/kg) at 30 days post-infection,
which provided ≥ 98.8% efficacy. However, after necropsy examinations at day 56 and
58 post-treatment, adult stage of A. vasorum were detected in three out of eight dogs. In
another efficacy study, four treatments of NexGard Spectra® (a combination of 0.5
mg/kg milbemycin oxime and 2.5 mg/kg afoxolaner [insectocide]) at monthly intervals
provided ≥ 94.9% efficacy but could not completely prevent the development to the adult
stage of A. vasorum as adult worm burdens ranging between 1-24 worms were recovered
in nine out of 10 dogs (Lebon et al., 2016). In the latter, L4 survived after the dogs were
treated seven days after exposure. Based on the parasite’s life cycle, when the treatment
is administered between days 28 to 32 post-infection, the anthelmintics target the L5 and
adult stage. Topical moxidectin is the only anthelmintic that can be administered four
weeks before infection since moxidectin has persistent activity in the body tissues for at
least 28 days, and four consecutive monthly treatments will lead to a steady-state level
(Bowman et al., 2016). Since topical moxidectin has persistent activity, L4 could have
survived and developed to the L5 and then the drug killed them. On the other hand,
milbemycin oxime reached Cmax in serum after oral administration between three to six
hours and the half-life was about 57 hours (Holstrom et al., 2011). Therefore, these
anthelmintics would likely have activity against L5 and adult worms, and none of them
probably has activity against L3 based on our in vitro finding.
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In summary, eprinomectin, ivermectin, milbemycin oxime, moxidectin and selamectin
have larvicidal effects as assessed by larval motility on C. vulpis L3, whereas moxidectin
and selamectin were the most active drugs against A. abstrusus L3. However, A. vasorum
L3 was less susceptible to all anthelmintics tested except for selamectin at high drug
concentrations. Use of these anthelmintics prophylactically to effectively treat larvae and
prevent the development to the adult stage needs further research.
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CHAPTER 3
APPLICATION OF MOLECULAR METHODS FOR THE CONFIRMATION OF
METASTRONGYLOID PARASITE IDENTIFICATION DURING INFECTIONS
OF CANIDS AND FELIDS
3.1 Abstract
Metastrongyloids are nematode parasites which infect respiratory and cardiovascular
tissues of various mammals throughout the world. Important metastrongyloids infecting
domestic dogs, cats and wild canids and felids include Angiostrongylus vasorum,
Crenosoma vulpis, Filaroides hirthi, and Oslerus osleri in canids and Aelurostrongylus
abstrusus, Oslerus rostratus, and Troglostrongylus spp. in felids. Diagnosis of most
metastrongyloid infections depends on finding first-stage larvae (L1) in the feces of
infected animals by Baermann fecal examination. Parasite identification is most
commonly performed by carefully examining the morphological characteristics of the
parasite and differentiating the various species based on subtle visible differences.
Accuracy in morphological identifications requires a high level of training and
experience. However, in situations requiring the identification of closely related species
within the same genus that are morphologically identical or cases involving introduced,
exotic or wildlife parasites, antemortem diagnosis may require evaluating genetic
differences. Polymerase Chain Reaction (PCR) and DNA sequencing of ribosomal RNA
genes and regions, including the small subunit (SSU) rRNA gene, the large subunit
(LSU) rRNA gene, and the internal transcribed spacer (ITS) have been shown previously
to be useful for identifying metastrongyloids. Additionally, morphological identification
is based on a subjective evaluation and as such benefits greatly from some means of
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objective validation. The objective of this study was to apply molecular diagnostic tools
as a complementary approach to morphologic evaluation for the purposes of identifying
L1 metastrongyloid species with confidence.
A total of 119 fecal samples from different sources, including scat samples, hospital
cases, and lab referred cases, were examined using centrifugal fecal flotation and
Baermann techniques. During the study period (January 2017 to August 2020), parasite
cysts, oocysts, eggs, and nematode larvae were detected. Parasites detected on fecal
flotation included Alaria sp., Cystoisospora canis, Cystoisospora felis, Eucoleus boehmi,
Giardia duodenalis, Mammomonogamus sp., Spirometra sp., Toxocara canis, and
Uncinaria stenocephala. Thirty-nine out of 119 fecal samples were Baermann positive
and were subjected to molecular characterization using PCR and DNA sequencing of
SSU rRNA gene, LSU rRNA gene, or ITS2. Twenty-one of the Baermann positive
samples were identified morphologically when 101 scat samples were screened. These
include Crenosoma vulpis (19), Angiostrongylus vasorum (1), Uncinaria stenocephala
(1). Eighteen of the Baermann positive samples were from the Clinical Diagnostic
Parasitology laboratory, including 13 from dogs (C. vulpis 8; A. vasorum 4;
Parelaphostrongylus odocoilei 1), four were from cats (A. abstrusus 3; O. rostratus 1),
and one was from a black bear (Crenosoma sp.). Successful confirmation of lungworm
species was determined by sequencing of PCR products in 25 of the 39 cases. Molecular
identification validated the morphologic results for A. vasorum, A. abstrusus, C. vulpis,
and Parelaphostrongylus sp. Molecular identification was essential (and superior to
morphology) in identifying L1 species of the spurious P. odocoilei in a dog, O. rostratus
in a cat, Crenosoma sp. in a black bear, and A. vasorum in a scat sample from PEI.
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Identification through molecular techniques was not possible in 14 samples due to coinfection (3), fungal growth (5), unknown-presumed PCR inhibitors (3), low numbers of
larvae (2), and nonspecific products (1). Each technique has its advantages as well as its
limitations; therefore, combining conventional and molecular methods provided a better
detection and identification of parasitic infections.
Keywords: Metastrongyloids, lungworm parasites, molecular technique, PCR inhibitors.
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3.2 Introduction
Metastrongyloids (lungworms) are nematode parasites belonging to the superfamily
Metastrongyloidea, and they are causative agents of canine and feline respiratory and
cardiopulmonary diseases (Conboy, 2009a; Brianti et al., 2014a). Most of the
metastrongyloid species infecting canids and felids have indirect life cycles, which
require ingestion of third-stage larvae (L3) in the tissues of intermediate (gastropods) or
paratenic hosts (mice, birds, reptiles, and rodents) for their transmission to the definitive
hosts (Anderson, 2000). Nematodes with indirect life cycles include, for example,
Angiostrongylus vasorum, Crenosoma vulpis in dogs and Aelurostrongylus abstrusus in
cats (Conboy, 2009a). However, Oslerus osleri and Filaroides hirthi infect their
definitive host (dogs) directly (Bowman, 2014).
Diagnosis of metastrongyloid infection depends on the finding of L1 in the feces of
infected animals by the Baermann fecal technique followed by morphological and
morphometric examination (Bourque et al., 2002; Traversa et al., 2010). Metastrongyloid
identification, however, is difficult as the subtle morphological differences between the
L1 from different species can confound the diagnosis; for instance, Troglostrongylus spp.
and Oslerus rostratus have been misdiagnosed with the more common felid parasite A.
abstrusus because of the morphological similarities of the L1 and/or lack of overall
description of nematodes found in wild felids (Traversa and Di Cesare, 2013; Otranto et
al., 2013; Brianti et al., 2014a; Brianti et al., 2014b; Traversa, 2014; Traversa and Di
Cesare, 2014). A further complication to larval identification may occur when fecal
samples are not collected immediately after defecation; therefore, the feces may be
invaded by free-living soil or plant-parasitic nematodes which confound diagnosis (Zajac
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and Conboy, 2012). Misdiagnosis may also occur between larvae of similar size and
morphology such as C. vulpis, Strongyloides stercoralis or Uncinaria stenocephala; U.
stenocephala is passed in the feces in the egg stage but these can develop and hatch
quickly under warm conditions leading to the presence of larvae in the feces which may
be misidentified as a lungworm. These parasites may be confused by a novice
parasitologist or a parasitologist who is unfamiliar with the morphological characteristics
that differentiate these parasites.
These issues emphasize that without comprehensive training and experience in the
morphological diagnosis of lungworms and the subtle characteristic differences among
species that ancillary methods are needed to reduce the probability of misdiagnosis.
Differentiating different species within a genus based on morphology may be impossible;
thus, validation is difficult. For instance, Crenosoma mephitidis has been shown to be
capable of infecting dogs and foxes experimentally (Hobmaier, 1941a). Whether natural
infections of C. mephitidis occur in dogs is unknown. Morphological identification is
unlikely to identify any cases that may occur, and probably they would be misdiagnosed
as C. vulpis. As another example it is believed that Angiostrongylus vasorum was
considered very likely to spread to Maritime Provinces from Newfoundland. There are
spurious Parelaphostrongylus L1 cases recorded from Baermann exams of dogs suffering
clinical signs of respiratory disease (Conboy, unpublished). Morphological identification
of these L1 need to be validated since many veterinary diagnostic laboratories consider it
impossible to differentiate A. vasorum from Parelaphostrongylus tenuis or other cervid
lungworm species. Moreover, morphological identification of the various felid
lungworms is challenging. Infection of cats with wildlife lungworms has been reported
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with increasing frequency in Europe (Brianti et al., 2014a; Brianti et al., 2014b; Traversa
et al., 2017). It is unknown whether infections of cats occur in North America.
Molecular methods are readily accessible to most diagnostic laboratories and could be
used as confirmatory tests to prevent misidentification and resolve the confusion. The
sensitivity and specificity of polymerase chain reaction (PCR) based diagnosis are high
and can be used as an adjunct method to traditional fecal analysis methods (Jefferies et
al., 2009; Jefferies et al., 2010a; Annoscia et al., 2014; Elsheikha et al., 2016; Cabanova
et al., 2018). Standard PCR based methods have proven to be useful for confirming the
diagnosis of lungworms from fecal, blood, pharyngeal swabs, broncho-alveolar fluid,
lung tissue samples, or even intermediate hosts (Caldeira et al., 2003; Traversa et al.,
2008a; Traversa et al., 2008b; Jefferies et al., 2009; Patterson-Kane et al., 2009; Al-Sabi
et al., 2010; Jefferies et al., 2010a; Jefferies et al., 2011; Annoscia et al., 2014; Brianti et
al., 2014b). Additionally, triplex semi-nested PCR and duplex PCR assays have been
used to identify and discriminate between A. abstrusus, Troglostrongylus brevior, and
Angiostrongylus chabaudi (Annoscia et al., 2014; Di Cesare et al., 2015a). PCR-based
approaches for the detection of metastrongyloids using various nuclear genetic markers
including SSU rRNA, LSU rRNA, and internal transcribed spacer (e.g. ITS2), as well as
organellar DNA mitochondrial genes (e.g. cytochrome c oxidase subunit 1) have been
successfully applied (Traversa et al., 2008b; Helm et al., 2009; Al-Sabi et al., 2010;
Matos et al., 2016; Cabanova et al., 2018).
Polymerase chain reaction assays are not without their limitations as amplification can
be inhibited by several compounds routinely present in samples. PCR inhibitors can
originate from the sample or may be introduced during sample processing or during
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nucleic acid extraction and purification, leading to decreased sensitivity and efficiency of
PCR and potentially causing false-negative results (Schrader et al., 2012). These PCR
inhibitors may bind directly or indirectly to the DNA which can facilitate the copurification of inhibitors and decrease the efficiency with which DNA polymerase can
bind to the template (Bessetti, 2007). PCR inhibitors may also bind to DNA polymerase,
which affects its thermostability ultimately preventing or reducing the efficiency of
amplification of the nucleic acid (Bessetti, 2007; Schrader et al., 2012). Common
inhibitors are summarized in Table 3-1.
The main objective of this study was to evaluate the usefulness of previously
published molecular assays under several scenarios routinely used in diagnostic
laboratories for the identification of lungworms as a complementary approach to
morphological diagnosis. These molecular methods were used to support decision
making, to reduce the number of false identifications, and to have a greater degree of
specificity and sensitivity of parasite identification. To accomplish this, Baermann
positive fecal samples were identified from several sources, (1) scat fecal samples
(unknown host origin – probably red fox) were collected from different areas in Prince
Edward Island (PEI) which were screened using the modified Baermann technique and
(2) Baermann positive fecal samples from the Diagnostic Parasitology Laboratory at the
Atlantic Veterinary College (AVC) submitted either from the AVC Teaching Hospital or
regional veterinary clinics.
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Table 3-1: Common PCR inhibitors

Matrix
Clinical samples

Environmental
compounds

Feces

Components of
reagents

Inhibitors

Mechanism of action

References

body fluids (blood &
saliva)

Haemoglobin, heparin, lactoferrin can interact with nucleic acids
& affect the thermostability of DNA polymerases

Wilson (1997), Al‐Soud & Rådström (2001)

polysaccharides, humic
acid & phenols

Polysaccharides reduce the capacity to resuspend precipitated
nucleic acids & perturb enzymatic reactions by decreasing the
binding efficiency of DNA polymerases

Monteiro et al., (1997), Peist et al., (2001),
Demeke & Jenkins (2010)

Humic acids can interact with the DNA template, DNA
polymerase, or by altering the buffer composition, so that
enzymatic reaction efficiency is decreased leading to a reduction
in the overall DNA yield

Sutlović et al., (2005), Sutlović et al., (2008)

Phenols chelation of metal ions & degrade DNA polymerase

Opel et al., (2010)

mucus, lipids, bacteria,
fungus & food materials

Competitive binding of an inhibitor to the DNA template leading
to false-positive results

Zarlenga & Trout (2004), Opel et al., (2010)

ethylenediaminetetraacetic
acid, sodium dodecyl
sulphate, ethanol, salts &
metal ions

Positively charged metal ions & salts tend to bind to DNA, cell
surface receptors & co-precipitate with DNA, thus preventing
direct DNA extraction & inhibiting successful downstream
processing

Wilson (1997), Narayan et al., (2016)

High concentrations of calcium may lead to the competitive
binding to DNA polymerase instead of Mg 2+, which eventually
leads to decreased enzyme activity

Opel et al., (2010)

Sodium dodecyl sulfate & EDTA are essential for purifying
nucleic acids during extraction but residual amounts can affect
the reaction at specific concentrations that could deplete or
chelate Mg 2+, thereby inhibiting DNA polymerase activity

Rossen et al., (1992), Demeke & Jenkins (2010)
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3.3 Materials and methods
3.3.1 Parasitological examination and morphological characterization
One-hundred and one scat fecal samples of unknown host origin were
opportunistically collected from the ground, labeled, and stored in individual tightly
sealed plastic bags and refrigerated at 4°C until examination, which was within 1-3 days
after collection. Samples were collected from various regions (Beach Grove, Brudenell,
Cavendish Beach, Cornwall, Confederation trail, grazing area for AVC horses owned by
the sisters of St. Martha of Prince Edward Island, Johnston St., Maypoint Field, McKenna
Road, Montague, Queen St., Stratford, Suffolk, and Victoria Park) in PEI between
January 2017 to August 2020 (See Appendix-A, Table A1). Suspected hosts for fecal
samples were wild canids, most likely red foxes (Vulpes vulpes). Additionally, 18
Baermann positive fecal samples from AVC Diagnostic Parasitology Laboratory were
submitted either from the AVC Teaching Hospital or regional veterinary clinics.
Feces were examined for the detection of protozoan cysts, oocysts, and
gastrointestinal helminth eggs using centrifugal fecal flotation with zinc sulfate (ZnSO4)
(SPG. 1.18) as described by Zajac and Conboy (2012). Briefly, 2 g of feces were mixed
with approximately 15 ml of distilled water in a small disposable cup. The solution was
then passed through two layers of cheesecloth into a new disposable cup to filter out large
particles including hair, plant material, etc. The filtrate was then poured into a 15 ml
screw-cap test tube and centrifuged (700 g) for 10 min. The supernatant was then poured
off and approximately 7.5 ml of ZnSO4 was added to the test tube. The pellet was then resuspended with a 6-inch long round wooden applicator stick and an additional 7.5 ml of
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ZnSO4 was added to fill the remainder of the tube. The tubes were then centrifuged (700
g) for 10 min. ZnSO4 was added to the tube dropwise to form a positive meniscus. A 22 x
22 mm microscope coverslip was then placed on top of the test tube-over the meniscus
and allowed to sit for a minimum of 10 min to allow flotation of cysts, oocysts, and eggs.
The coverslip was then transferred directly onto a new microscope slide and examined
under a compound light microscope by scanning the entire coverslip at 100x and
confirming identifications at 400x.
The second fecal examination used in this study to detect lungworm larvae was a
modified Baermann technique (Conboy et al., 2017). Briefly, approximately 2 g of feces
was wrapped in two layers of cheesecloth and placed in a 50 ml screw-top test tube filled
with warm water and kept overnight at room temperature. Live larvae would move out of
the feces into the water and sink to the bottom. The next day the feces were removed, and
the solution was centrifuged (700 g) for 10 min. The supernatant was poured off, and the
pellet was then resuspended in the remaining water by vortexing for 20 sec. One drop of
the solution was then pipetted onto a microscope slide, a coverslip placed over the liquid
and examined under a compound light microscope until all of the sample solution was
evaluated. Similar to the first method, scanning at 100X and confirming identification at
400X. If larvae were present, one drop of iodine was placed beside the edge of the
coverslip on the slide and allowed to disperse through the solution under the coverslip,
killing and staining all larvae present on the slide. Larvae were identified based on
morphology and size (Zajac and Conboy, 2012). Identification of various lungworm
larvae was based on the distinctive morphology of the L1. For instance, Crenosoma
species have a cephalic button at the anterior end, possesses a long esophagus (1/3 of the
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body), and the caudal end terminates in a simple point with a slight deflection (Fig. 3-1),
whereas A. vasorum is characterized by a cephalic button at the anterior end, and the
caudal end terminates in a sinus wave-shaped kink with a dorsal spine (Fig. 3-2). The
caudal end of A. abstrusus terminates in a distinctive kink (S-shaped curve) with a dorsal
spine (Fig. 3-3). Hookworm larvae are characterized by the presence of a distinct
rhabditiform esophagus, including corpus, isthmus, and muscular bulb (Fig. 3-4). In
addition, hookworm larvae also possess a long buccal tube at the anterior end. Table 3-2
details the key morphometric and morphological characters of nematode larvae found in
fecal samples (e.g. length, width, esophageal and caudal end morphology).
First-stage larvae of lungworm species were placed in ATL buffer (Qiagen, Toronto,
ON, Canada) for molecular characterization and species identification.
Table 3-2: Morphometric measurements and morphologic features of nematode larvae
found in fecal samples
Nematode species

Dimensions

Esophagus

Caudal end

References

Crenosoma vulpis

264-340 µm

1/3 the
length of L1

Kontrimavichus
et al., (1976)

Angiostrongylus vasorum

340-399 µm

1/3 - 1/2 the
length of L1

Aelurostrongylus abstrusus

360-400 µm

1/3 - 1/2 the
length of L1

Hookworm

290-360 µm

rhabditiform
esophagus

simple point
with a slight
deflection
sinus waveshaped kink
with a dorsal
spine
distinctive kink
(S-shaped
curve) with a
dorsal spine
straight

Free living

Variable

spicules on
male
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Zajac & Conboy,
(2012)

Zajac & Conboy,
(2012)

Traversa et al.,
(2010)
Zajac & Conboy,
(2012)

Fig 3-1: First stage larvae of Crenosoma vulpis recovered from an infected canine fecal
sample. The caudal end terminates in a simple point with a slight deflection (T), the
anterior end has a cephalic button (CB) and the esophagus (E) is long, (nearly half the
larval body length).

Fig 3-2: First stage larvae of Angiostrongylus vasorum recovered from an infected canine
fecal sample. The caudal end terminates in a sinus wave-shaped kink (KT) with a dorsal
spine (DS).
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Fig 3-3: First stage larvae of Aelurostrongylus abstrusus recovered from an infected
feline fecal sample. The caudal end terminates in a distinctive sinus wave-shaped kink
(KT) with a dorsal spine (DS).

Fig 3-4: First stage larvae of Uncinaria stenocephala recovered from a fecal sample from
an unknown host. Note the rhabditiform esophagus made up of the corpus (C), isthmus
(I), and muscular bulb (MB).
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3.3.2 Molecular characterization
DNA extraction, PCR and sequencing
DNA was extracted from various numbers of larvae (5, 7, 10, 20, 22, 50 and 100 L1)
that were recovered from the feces using a DNeasy Blood and Tissue kit (Qiagen,
Toronto, ON, Canada) following the manufacturer’s instructions, except that the
proteinase K digestion was conducted between 14 and 23 h at 56°C. Purified DNA was
assessed by ratios of absorption at A260/A280 and A260/A230 using a NanoDrop®
spectrophotometer. PCR for the SSU rRNA gene (~ 1800 bp partial sequence) was
performed using universal nematode-specific primers NC18SF1 (5’AAAGATTAAGCCATGCA-3’) and NC5BR (5’-GCAGGTTCACCTACAGAT-3`)
(Chilton et al., 2006). Each SSU-PCR reaction was performed in a 50 μl reaction volume,
comprising 2 μl of DNA, 5 μl 10x PCR buffer (Qiagen, Toronto, ON, Canada), 1.0 μl of
dNTP at 1.25mM (Qiagen, Toronto, ON, Canada), 5 μl each of NC18SF1 and NC5BR
primer (10µM), 10 μl Q reagent, 3 μl MgCl2 (2mM), 0.5 μl of HotStarTaq (Qiagen,
Toronto, ON, Canada) and the remaining volume made of nuclease-free water. Negative
control samples with 2 µl of nuclease-free water were conducted in place of DNA. SSU
rRNA-PCR followed a touchdown protocol with an initial denaturation/activation step at
95°C for 5 min, followed by 20 or 30 cycles of 94°C for 1 min (denaturing), 60°C for 45
sec (annealing) (decreasing by 0.5°C each cycle to 50°C for 45 sec), 72°C for 2 min
(extension), then followed by a final extension at 72°C for 10 min. In some cases, two
regions of the LSU rRNA gene sequence ( ̴ 850–950 bp) were amplified using primers
391 forward (5’-AGCGGAGGAAAAGAAACTAA-3’) and 501 reverse (5’
TCGGAAGGAACCAGCTACTA-3’) (Nadler et al., 2000) and primers 537 forward (5’-
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GATCCGTAACTTCGGGAAAAGGAT-3’) and 531 reverse (5’CTTCGCAATGATAGGAAGAGCC-3’) (Carreno and Nadler, 2003). Each PCR reaction
was performed in a 50 µl reaction volume as described above with each of 391F and
501R primers or 537F and 531R primers. PCR followed an initial denaturation/activation
step at 95°C for 5 min, followed by 35 cycles of 94°C for 2 min, 55°C for 45 sec, and
72°C for 2 min, followed by a final extension at 72°C for 7 min. A published ribosomal
DNA (rDNA) Internal Transcribed Spacer 2 (ITS2) primer set AV5
(CGATGACGGTAGCAATGACA) and AV4 (TTTGCGTGGTTCTTTACGTG) that were
designed for A. vasorum (Al-Sabi et al., 2010) was performed to amplify L1 from the
mixed U. stenocephala (80%) and A. vasorum (20%) recovered from a fecal sample from
Montague, PEI. In addition, a partial fragment of the large subunit (LSU) rRNA gene
sequence ( ̴ 850–950 bp) was used to amplify isolated 8 L1 of A. vasorum from mixed
sample that contained U. stenocephala using primers 537 and 531 (as described above).
Further molecular details associated with this case are described in Appendix-C. PCR
amplicons were visualized after 1% agarose gel electrophoresis with SYBR Safe DNA
gel stain (Thermo Fisher Scientific, Ottawa, ON, Canada) under ultra-violet light. PCR
amplicons of the expected size were each sequenced independently in both directions
using the sequencing primers listed above at Psomagen, Inc., Maryland, USA. Contigs
were assembled by combining corresponding forward and reverse sequences. Consensus
sequences were aligned in BioEdit 1.0.9.0 (Hall, 1999) using the Clustal W application.
The corresponding sequences were compared with nematodes sequences in GenBank
using BLAST (blast.ncbi.nlm.nih.gov/Blast.cgi). Sequences with > 98% sequence
similarity and 95-100 % query coverage were included in the final alignment, including
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representatives of each lungworm species to determine the nucleotide sequence variation
and confirm the species identity.
3.4 Results
3.4.1 Parasitological evaluation
3.4.1.1 Scat fecal samples
A total of 101 scat fecal samples were subjected to centrifugal fecal flotation with
ZnSO4, and a modified Baermann technique. Upon microscopical observation, eggs,
oocysts, cysts, and larvae of parasites were observed in various fecal samples. Parasites
detected on fecal flotation included Giardia duodenalis (n=2/101, 1.98%), Cystoisospora
(Isospora) canis (n=3/101, 2.9%), Alaria sp. (n=3/101, 2.9%), Eucoleus (Capillaria)
boehmi (n=6/101, 5.9%), Toxocara canis (n=5/101, 4.9%), and Uncinaria stenocephala
(hookworm) (n=21/101, 20.8%) (Table 3-3). Detection of spurious parasites included
oocysts of the earthworm parasite, Monocystis sp. (n=6/101, 5.9%), Chorioptes sp. mite
(n=3/101, 2.9%) and Eimeria sp. (n=1/101, 0.99%) (Table 3-3). The total number of
positive-Baermann samples for nematode larvae was 21 and four larvae out of 21
positive-Baermann samples were detected by ZnSO4 centrifugal fecal flotation method.
Crenosoma vulpis (n=20/101, 19.80%), U. stenocephala (n=10, 9.9%), and free-living
nematodes (n=11/101, 10.89%) were detected using the modified Baermann technique
(Table 3-3, Appendix-A, Table A1). Total number of Uncinaria stenocephala (eggs,
larvated eggs, and L1) was 26 samples (25.74%) and co-infections of C. vulpis and U.
stenocephala were also detected in 10 samples. One scat sample surprisingly, was
positive for L1 of U. stenocephala and A. vasorum (Table 3-3, Appendix-A, Table A1).
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The suspected A. vasorum larvae measured 384-400 μm (n = 5) and had a kinked caudal
end with a dorsal spine (Fig. 3-5).
Table 3-3: Parasites detected from scat fecal samples using ZnSO4 fecal flotation and
modified Baermann techniques
Method used

Parasite detected

Alaria sp. egg (n=3, 2.9%)
Cystoisospora canis oocyst (n=3, 2.9%)
ZnSO4 fecal flotation
n=101

Eucoleus boehmi egg (n=6, 5.9%)
Giardia duodenalis cyst (n=2, 1.98%)
Toxocara canis egg (n=5, 4.9%)
Uncinaria stenocephala egg, larvated egg (n=21, 20.8%)
Nematode larvae, likely hookworm (n=4, 3.9%)
Spurious:
Eimeria sp. (n=1, 0.99%)
Chorioptes sp. mite (n=3, 2.9%)
Monocystis sp. (n=6, 5.9%)
Angiostrongylus vasorum (n=1, 0.99%)

Modified Baermann
n=101

Crenosoma vulpis (n=19, 18.81%)
Free-living nematodes (n=11, 10.89%)
Uncinaria stenocephala (n=10, 9.9%)
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Fig 3-5: First stage larvae of Angiostrongylus vasorum recovered from an infected canine
fecal sample from Montague, PEI. The caudal end terminates in a sinus wave-shaped
kink (KT) with a dorsal spine (DS). The L1 length was 384-400 μm (Mean = 392 μm).
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3.4.1.2 Fecal samples obtained from the AVC Diagnostic Parasitology Laboratory
A total of 18 fecal samples were examined and parasites detected on fecal flotation
were Cystoisospora felis (n=1/18, 5.5%), Giardia duodenalis (n=2/18, 11.11%),
Mammomonogamus sp. (n=1/18, 5.5%), Spirometra sp. (n=1/18, 5.5%), and Toxocara sp.
(n=1/18, 5.5%). The total number of positive samples using Baermann was 18. Thirteen
were from dogs, that were infected with C. vulpis (n=8/18, 44.4%), A. vasorum (n=4/18,
22.22%), Parelaphostrongylus sp. (n=1/18, 5.5%), four were from cats that were infected
with A. abstrusus (n=3/18, 16.6%), an unknown nematode L1 (n=1/18, 5.5%), and
Crenosoma sp. was from a black bear (n=1/18, 5.5%) (Appendix-A, Table A2).
3.4.2 Molecular characterization
3.4.2.1 Scat fecal samples
The SSU rRNA gene from C. vulpis larval sequences from 12 (out of 20) scat samples
(# 1, 2, 8, 13, 28, 60, 62, 93, 95, 97, 98, 100; See Appendix-A, Table A1) shared between
99.5-100% identity with the members of Crenosomatidae which includes Crenosoma
vulpis (host: red fox, Vulpes vulpes) (KR920038, AJ920367). Additionally, it shared
between 98.5-99.5% similarity with Crenosoma mephiditis (host: striped skunk, Mephitis
mephitis) (Table 3-4). The sequences were compared to reference sequences in GenBank
and confirmed as C. vulpis based on single nucleotide polymorphism positions (Table 35). Molecular analysis revealed the presence of U. stenocephala in one sample (# 10) that
had been misidentified as Crenosoma sp. using morphological identification. DNA
amplification from the other seven samples (# 3, 6, 7, 19, 22, 46, 57) infected with C.
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vulpis was unsuccessful due to the amplification of hookworm larvae (U. stenocephala),
fungi (Mucor circinelloides), or failure to amplify (Table 3-6, Appendix-A, Table A1).
The larval sequence results of the ITS2 region using AV5-AV4 primer pair from one
scat sample shared 100% identity with A. vasorum isolated from Europe (host: dog,
Canis familiaris and red fox, Vulpes vulpes) (MN178647, MN104952, GU045376,
EU627593, EU627594, GU045374, EU627595, EU627592). The partial LSU rRNA gene
region from the A. vasorum larvae isolated from a mixed infection with U. stenocephala
shared 99.8% identity with Angiostrongylus vasorum (AM039758) isolated from the red
fox (Vulpes vulpes) and shared 98.2% identity with Angiostrongylus cantonensis
(AY295821) isolated from the brown rat (Rattus norvegicus).
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Table 3-4: Percent identities of the Crenosoma sp. L1 recovered from fecal survey with previously reported Crenosoma species in
GenBank. Based on alignment of 1597 nucleotide positions from the small subunit rRNA gene using primers NC18SF1-NC5BR

Fecal samples
Crenosoma species
(host)
GenBank Accession
number
C. vulpis
(Vulpes vulpes)
KR920038
AJ920367
C. mephitidis
(Mephitis mephitis)
AY295805

Sample Sample Sample Sample Sample Sample Sample Sample Sample Sample Sample Sample
#1
#2
#8
#13
#28
#60
#62
#93
#95
#97
#98
#100
99.5

99.6

99.4

98.6

99.8

99.8

99.8

99.8

99.9

99.8

99.7

99.8

95.4

99.3

99.1

98.1

99.5

99.5

99.5

99.4

99.5

99.5

99.2

99.4

126

Table 3-5: Single Nucleotide Polymorphisms found between Crenosoma vulpis and
Crenosoma mephiditis for L1 sequences from fecal samples using SSU rRNA gene

-CTAT-AAAA-

C. vulpis
GenBank
accession number
()
-CTAT-AAAA-

C. mephiditis
GenBank
accession number
()
-CTTT-AGAA-

-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AGAC-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-AAAA-TAGA-

-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AGAC-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-AAAA-TAGA-

-ATTC-ATTT-CTTT-AGAA-ATTC-ATTT-CTTT-AGAA-ATTC-AAAC-CTTT-AGAA-ATTC-ATTT-CTTT-AGAA-ATTC-ATTT-CTTT-AGAA-AGAA-TGGA-

26
37
609
690
26
37
609
690
16
28
600
681
21
32
604
685
26
37
609
690
72
612

-CTAT-AAAA-TAGA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-CTAT-AAAA-TAGA-

-CTAT-AAAA-TAGA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-ATTT-AATT-CTAT-AAAA-CTAT-AAAA-TAGA-

-CTTT-AGAA-TGGA-ATTC-ATTT-CTTT-AGAA-ATTC-ATTT-CTTT-AGAA-ATTC-ATTT-CTTT-AGAA-CTTT-AGAA-TGGA-

18
99
639
21
32
604
685
38
49
621
702
16
27
599
680
36
117
657

Sample #

Sample SNPs

1

2

8

13

28

60

62

93

95

97

98

100
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SNP position

600
681

3.4.2.2 Fecal samples obtained from the AVC Diagnostic Parasitology Laboratory
Molecular characterization of isolated L1 was accomplished using PCR and DNA
sequencing of the SSU rRNA gene and/or two regions of the LSU rRNA gene. Molecular
identification validated the morphologic results for A. vasorum, A. abstrusus, C. vulpis,
and Parelaphostrongylus (See Appendix-A, Table A2). Molecular identification was
essential in the species identification of the spurious Parelaphostrongylus odocoilei L1 in
a dog, Oslerus rostratus L1 in a cat, Crenosoma sp. L1 in a black bear (further details
about these three cases are described in section 3.6). Seven cases were unable to be
identified through molecular techniques due to: fungal growth, unknown reasons
(possibly to low numbers of larvae), and the presence of nonspecific products acting as
PCR inhibitors (Table 3-6, Appendix-A, Table A2).
Comparing the number and percentage of lungworms detected using morphological
and molecular identifications are summarized in Table 3-7. Additionally, details
associated with two separate issues encountered during this study and the troubleshooting
required to resolve them are presented in the appendices; (1) fungal contamination of
fecal samples (Appendix-B) and (2) mixed infections (Appendix-C).
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Table 3-6: Confounding factors limiting the detection capacity of molecular techniques

Sample source

n

Coinfection

Fungus

Low
number of
L1

PCR
inhibitors

Nonspecific

Scat

7

3

1

0

3

0

Clinic

7

0

4

2

0

1

Total

14

3

5

2

3

1

Table 3-7: Comparison of the number and percentage of lungworm detected using
morphological and molecular identification (ID)

Sample source

Baermann +

Morphological-ID

Molecular-ID

Scat

21

20 (95%)

14 (67%)

Clinic

18

17 (94%)

11 (61%)

Total

39

37 (95%)

25 (64%)
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3.5 Discussion
Canid and felid metastrongyloid infections are receiving increasing attention in the
form of epidemiological and survey studies that have confirmed the presence of these
parasites in different regions in the world, including North America, Europe, and the
Middle East (Abu-Madi et al., 2007; Conboy, 2009a; Tamponi et al., 2014). Increasing
awareness among veterinarians and parasitologists about these metastrongyloids has
probably contributed to increasing prevalence reports and the application of diverse
diagnostic methods to improve identification (Traversa et al., 2010; Elsheikha et al.,
2014; Giannelli et al., 2015; Pennisi et al., 2015).
In the current study, lungworms were successfully identified in 37/39 fecal samples
using the Baermann technique. In the majority of cases, Baermann fecal examination is
the most effective method for isolating lungworm larvae for subsequent morphological
identification and is considered the gold standard (Conboy, 2009a; Koch and Willesen,
2009). After detecting parasitic larvae in stool samples, diagnosticians conduct a
thorough morphological and morphometric examination to accurately identify the L1
(Zajac and Conboy, 2012). In particular, lungworm larvae must be differentiated from
other metastrongyloid species, as well as from spurious plants or free-living nematodes,
Strongyloides stercoralis, and hookworm larvae that may be present in the original
samples or collected from the ground (Traversa et al., 2010; Zajac and Conboy, 2012). It
is important to note that hookworm eggs if present may hatch very quickly in feces/soil
under warm conditions and detection of larvae within the fecal mass can be confused
with lungworm larvae, which will be difficult to distinguish to the untrained observer.
Uncinaria stenocephala were detected in 26 fecal samples in this study, and 10 of these
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samples were present as a mixed infection with C. vulpis, which emphasizes the value of
familiarity and the need for the development of competence in morphological diagnosis.
Hookworms are commonly detected in dogs attending parks, so care must be taken in
regions where both lungworms and hookworms are present (Stafford et al., 2017;
Savadelis et al., 2019; Duncan et al., 2020). Misidentification of the Uncinaria larvae as
Crenosoma sp. occurred early in the data collection but with experience it was possible to
accurately differentiate the two larvae morphologically. It also worth mentioning that the
initial molecular identification of all positive U. stenocephala samples was Ancylostoma
caninum due to incomplete submissions of U. stenocephala in GenBank, which was a
significant limitation to molecular analysis.
The Baermann technique can also detect lungworm larvae of Oslerus rostratus in
felids (Traversa et al., 2010). Nonetheless, the Baermann technique is unlikely to detect
the larvae of Oslerus osleri and Filaroides sp. in canine fecal samples because the larvae
of both species are unable to migrate out of the feces (Zajac and Conboy, 2012). The
Baermann technique is only effective in recovering larvae that are active and able to
move out of the fecal matter (Zajac and Conboy, 2012). If metastrongylid larvae die
within the feces, the Baermann method would therefore not be effective.
Other limitations to the Baermann technique are that the method is more timeconsuming as compared to fecal flotation methods and the fact that intermittent larval
shedding patterns of parasites may result in false-negative findings (Conboy, 2009a;
Traversa et al., 2010). Therefore, one fecal deposit may have larvae, but the next may
not. The latter limitation occurs as the parasite requires time to fully develop (prepatent
period) before they begin shedding larvae into the feces (patent infection); therefore,
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examination during the prepatent period may potentially give a false-negative result
(Denk et al., 2009; Genchi et al., 2014). Accordingly, repeated examinations, such as the
collection of samples for three successive days, should be performed to enhance the
sensitivity of the detection (Traversa and Guglielmini, 2008; Conboy, 2009a). Repeated
examinations, for opportunistic samples or survey studies however are unlikely.
The ZnSO4 centrifugal fecal flotation method may detect L1 but lacks detection
sensitivity missing approximately 40-90% of the positive samples; for example, in a
study by Conboy (2004) C. vulpis larvae were detected by ZnSO4 centrifugal flotation in
only four of 39 of the Baermann-positive samples, and A. vasorum larvae were detected
in only 16 of the 67 infected dogs. Similarly, in the current study, four nematode larvae
(hookworm) were detected by the ZnSO4 centrifugal fecal flotation method. Moreover,
specific identification of larvae detected on fecal flotation is frequently not possible due
to the damaging osmotic effects of the flotation media on the lungworm larvae.
Morphologically relevant diagnostic characteristics may be obscured or altered, leading
to inaccurate larval identification (Traversa and Guglielmini, 2008; Traversa et al., 2010).
Therefore, both Baermann and molecular methods are needed to identify the larvae when
present.
Molecular approaches offer diagnosticians an additional method to be used to
overcome some limitations linked to the use of conventional fecal analysis techniques.
Robust PCR tools are needed to identify infected animals to elucidate the impact these
lungworms have on the health of domestic cats and dogs. Molecular methods are
especially applicable for epidemiological studies that enable researchers to conduct large
sample sizes in short time periods, particularly when an outbreak occurs, and when
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determining the host origin, geographic distribution, and genetic diversity are required
(Traversa et al., 2008a; Jefferies et al., 2010a; Brianti et al., 2012; Otranto et al., 2013;
Brianti et al., 2014b; Annoscia et al., 2014; Colella et al., 2016). PCR detection of
metastrongyloids has generally been used as a means of species differentiation (Caldeira
et al., 2003) or species confirmation of adults or L1 purified from blood, fecal or lung
tissue samples of the definitive host and within the tissue of the intermediate host
(Jefferies et al., 2009; Patterson-Kane et al., 2009). In this study, C. vulpis (17), A.
abstrusus (2), A. vasorum (2), and one case of Crenosoma sp., O. rostratus, and P.
odocoilei positive-fecal samples were definitively confirmed using SSU rRNA, LSU
rRNA, or ITS2 PCR-sequence analysis. Most lungworm species, which share slugs and
snails as intermediate hosts, resemble each other biologically and morphologically. For
instance, Hobmaier, (1941a) confirmed Crenosoma mephitidis infections in
experimentally infected dogs and foxes. The author reported the dogs developed clinical
respiratory signs, whereas foxes showed non-specific clinical signs such as anorexia,
showing that dogs and foxes are susceptible to C. mephitidis infection. Since infection
with different species of Crenosoma is possible in dogs, and the larvae cannot be
differentiated morphologically, there is a need for another method (e.g. molecular) to
confirm the specific diagnosis. Based on morphology, these Crenosoma species can only
be differentiated after necropsy and identification of the recovered adult-male worms.
Mitochondrial and ribosomal RNA gene markers have been introduced to diagnose
infections by the detection of adult or larvae of C. vulpis, A. vasorum, and A. abstrusus
recovered from fresh, frozen fecal materials, or lung tissue (Latrofa et al., 2015; Traversa
et al., 2017; Cabanova et al., 2018). Ribosomal RNAs are the main components of the
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ribosome that translate into protein (Barns et al., 1994). Ribosomal RNA genes have been
shown to be an excellent marker because rRNA is present in all cells and their function is
highly conserved among species (Gasser, 1999; Holovachov et al., 2015). PCR
amplification of rRNA genes is more accessible due to the high copy number within the
genome of most species and because large databases of comparative information are
available in GenBank and other DNA sequence repositories (Holovachov et al., 2015).
These genes contain sufficient interspecific polymorphisms that provide the basis for
valid comparison to differentiate most species (Clarridge, 2004). The slow rate of change
in certain regions of rRNA genes has made them standard and essential markers for
baseline studies of genetic diversity (Isenbarger et al., 2008). In most cases, rRNA genes
can be used to detect an organism and characterize it to the species level because rRNA
evolves slowly and thus gives good resolution over long periods of evolutionary time
(Pace, 2009; Deak et al., 2018). Mitochondrial markers are more hypervariable, so they
are more useful for detecting changes over shorter periods of evolutionary time, for
example between strains of the same species or between related and recently diverged
species (Avise, 2000; Gissi et al., 2008; Červená et al., 2019). However, some
mitochondrial genes such as cytochrome-c oxidase subunit 1 (COI) and 12S rRNA are
not appropriate targets since the primer binding sites within the protein-coding genes may
be poorly conserved in the nematode group because of the sequence diversity (Deagle et
al., 2014). For instance, if mutations occur at various nucleotide positions, the coded
protein does not change (Deagle et al., 2014). These genes change rapidly and
accumulate mutations over time and maybe more susceptible to nucleotide alternations
(Gasser, 1999; Carreno and Nadler, 2003). Caldeira et al., (2013) suggests that ITS2 is a
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useful diagnostic marker to differentiate between Angiostrongylus spp. Similarly, other
studies have used universal primers of the ITS2 region to confirm infection with A.
vasorum (Denk et al., 2009; Helm et al., 2009; Al-Sabi et al., 2010). In the present study,
molecular methods added value to the morphological identification as evidenced by (1)
C. mephitidis was not detected in any of the dog or fox samples, (2) the study validated
the morphological identification of Crenosoma sp. in a black bear, (3)
Morphological differentiation between P. odocoilei and A. vasorum based on the shape of
the dorsal spine is challenging especially when the history is incomplete, (4) O. rostratus
was identified in a cat imported from Thailand, and (5) the presence of A. vasorum in PEI
was confirmed. These findings resulted in four case report for publications.
Co-infection has been the main challenge in diagnostic laboratories using PCR
techniques and was an issue in the wildlife scat samples in this study. The co-infections
between U. stenocephala and C. vulpis led to false-negative molecular results (#19, 46,
57). The nematode U. stenocephala is a common parasite of red foxes (Vulpes vulpes) in
PEI (Robbins, 2018). Since universal nematode-specific primers were used in this study,
differentiating the species present within the mixed infection was impacted by the ratio of
each. The preferential amplification of U. stenocephala over C. vulpis likely attributed to
the large number of U. stenocephala larvae found in feces. For this reason, a published
ITS2 primer set (Al-Sabi et al., 2010) designed for A. vasorum was used as another
approach to differentiate A. vasorum within the mixed infection with U. stenocephala
from the scat sample found on PEI. ITS2 and partial LSU rRNA gene were both used
successfully in the current study to confirm the presence of A. vasorum co-infected with
U. stenocephala in a fox scat sample. The larvae were identified as A. vasorum based on
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size and morphology in a sample from a region not thought to be endemic for this
parasite. However, the possibility that the larvae may have been a spurious finding,
representing other Angiostrongylus species infecting rodents instead of A. vasorum, had
to be considered. Molecular confirmation was necessary since rodents constitute a large
part of the red fox diet. It is unknown whether or not any of the North America rodent
Angiostrongylus species are present in PEI. Rodent Angiostrongylus spp. have been
reported in North America previously; for instance, Angiostrongylus michiganensis and
Angiostrongylus blarini have been reported in shrews from Michigan and Illinois,
respectively (Ogren, 1954; Ash, 1967). Angiostrongylus schmidti has also been described
in the rice rat from Florida (Kinsella, 1971). This is the first recorded incidence of A.
vasorum infection in a fox scat sample on PEI. This finding is of grave veterinary
diagnostic importance; thus, veterinarians and diagnostic labs should be aware of the
confirmation of this important parasite in a PEI fox.
Problems associated with the presence of contaminants have been reported previously
as DNA purification from larvae isolated from dog feces was unsuccessful due to the
preferential amplification of contaminating bacterial and fungal DNA (Jefferies et al.,
2010b). Amplification of fungal DNA (Coniochaeta hoffmannii, Galactomyces
geotrichum, and Mucor circinelloides) was found in the current study. The appearance of
fungal species in the feces of foxes could be attributed to the inadvertent ingestion of
fungi contaminated soil when eating earthworms coated in dirt, which eventually passes
through the gastrointestinal tract to the feces or could be fungal overgrowth from an
opportunistic fungal spore landing on a nutrient source. The overgrowth or invasion of
old fecal samples by fungi results in contamination, which reduces the amplification of
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the target DNA, particularly when the number of lungworm larvae is low. This
contributes to a lower yield of DNA, that occurs in conjunction with the fungi being
present in higher abundance leading to a better yield of fungal DNA and subsequent PCR
amplification. The amplification of fungal DNA may also occur due to contaminants,
which could lower the specificity of the primer melting temperature (Tm) and potential
binding to the fungal DNA, which results in false-positive results (Schoenbrunner et al.,
2017). Washing the larvae with 1x Phosphate Buffered Saline (PBS) containing
antimicrobials (amphotericin B, penicillin, and kanamycin) was an approach taken by
Jefferies et al., (2010b) in order to remove bacteria and fungi from contaminated samples;
however, this approach failed to reduce contaminants in our study, as described in
Appendix-B.
Furthermore, the presence of PCR inhibitors may result in false-negative results due to
competitive binding to the DNA template (Opel et al., 2010). The dryness of samples or
the appearance of plant material (humic acid) or hair might be the reason for the
amplification failure of the three scat fecal samples (# 3, 6, 7) in the present study.
The low quantity and quality of the parasite DNA may also be a factor that resulted in
amplification failure. The quantity and quality of the DNA were assessed by the
absorption ratios at A260/A280 and A260/A230 using a NanoDrop spectrophotometer.
Very low concentrations of target DNA template may allow non-target DNA to be
amplified preferentially. Cabanova et al., (2018) also reported failed PCR analyses in two
dogs infected with C. vulpis due to low numbers of L1.
Further studies are required to improve the detection of metastrongyloid infections.
Designing specific primers for each nematode species (e.g. C. vulpis) would increase the
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specificity of the assay and solve co-infection issues. The risk of contamination increases
as the fecal samples remain in the environment over time. Fecal samples should be
collected as freshly as possible, which increases the probability of acquiring better DNA
yields from parasites. It is recommended to record fecal features, and to choose
appropriate storage temperature, and suitable preservatives when used. Educating owners
on the need for freshly collected fecal samples and appropriate storage before submission
to the clinic is essential. Applying new diagnostic methods (e.g. different kits using feces
directly) is also another way to improve the detection of genomic DNA in a fecal survey.
For future studies, it is recommended to wash samples with sodium hypochlorite (0.5%)
solution and PBS containing 3% penicillin and streptomycin. This may be useful for
samples with low numbers of lungworm larvae to degrade the contaminating
bacteria/fungi that may have been on the surface of the L1 before being frozen or fixed.
Alternatively, incubating samples in selective culture media with and without
antibiotics/antifungals to deter the presence of contaminants may be needed.
Additionally, a DNA extraction protocol using additives (bovine serum albumin,
dimethyl sulfoxide, and glycerol) to overcome inhibition and to facilitate amplification
for the detection is required.
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3.6 Clinical cases
The following thesis section focuses on three significant cases arising from fecal
samples submitted to AVC Diagnostic Parasitology Laboratory from the AVC Veterinary
Teaching Hospital, or specific cases referred for lungworm identification.
3.6.1 Clinical crenosomosis in a black bear (Ursus americanus)
A modified version of this Chapter has been published as:
Mahjoub, H.A., Murphy, N., Mather, P., Greenwood, S.J., Conboy, G.A., 2020. Clinical
crenosomosis in a black bear (Ursus americanus). Vet. Parasitol. Reg. Stud. Reports. 20,
100380.
All co-authors contributed technically and intellectually to the written content of the
paper and provided critical comments prior to publication.
Mahjoub, H.A. did the morphological diagnosis and identification of larvae, molecular
experiments (DNA extraction, PCR setup), data analysis, and wrote the manuscript.
Murphy, N. did the initial fecal examinations of the larvae.
Mather, P. provided direct care to the patient and the fecal samples and the history of the
case.
Greenwood, S.J. contributed to the interpretation of the molecular results, and supervised
the project.
Conboy, G.A. did the morphological diagnosis and identification of larvae, took photos
of larvae, contributed to the interpretation of the results, and supervised the project.

3.6.1.1 Case description (History)
A female black bear cub approximately 9 months-of-age orphaned in Parker Ridge,
New Brunswick (NB) was reported roaming alone without the sow or siblings in a
suburban residential area for several days. The cub was caught in a raccoon-sized live
trap by a homeowner and transported by the Department of Natural Resources to the
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Atlantic Wildlife Institute (AWI), Cookville, New Brunswick in December 2016.
Physical examination revealed that the cub was emaciated (weighing 6.8 kg). Thoracic
region auscultations revealed increased respiratory sounds, wheezing and coughing.
Thoracic radiographs indicated a bilateral interstitial lung pattern. Based on the emaciated
condition, the cough, and the presence of soft stool, the black bear cub was treated with
fenbendazole (50 mg/kg, oral, for three days) for possible gastrointestinal helminth
infection and doxycycline (10 mg/kg, oral for 14 days) for a presumed bacterial
pneumonia. A sample was collected and submitted for fecal flotation examination to
detect possible gastrointestinal helminth or protozoan infection.
3.6.1.2 Materials and methods
3.6.1.2.1 Parasitological examination and morphological characterization
Fresh feces (lab case # 1785) were examined for detection of protozoan cysts and
helminth eggs using centrifugal fecal flotation with Sheather’s sugar (SPG. 1.2-1.25) and
L1 using the Baermann technique as described by Zajac and Conboy (2012). Larvae were
identified based on morphology and size (Craig and Anderson, 1972; Addison and Fraser,
1994; Zajac and Conboy, 2012).
3.6.1.2.2 Molecular characterization and phylogenetic analysis
DNA extraction, PCR, and sequencing
DNA was extracted from 5, 25, 50 and 100 L1 (recovered from the black bear cub
feces) using a DNeasy Blood and Tissue kit (Qiagen, Toronto, ON, Canada) following
the manufacturer’s instructions, except that the proteinase K digestion was for 15 to 18 h
at 56°C. PCR for the SSU rRNA gene (~ 1800 bp partial sequence) was performed
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(previously described, section 3.3.2). SSU rRNA-PCR followed a touchdown protocol
with an initial denaturation/activation step at 95°C for 2 min, followed by 30 cycles of
94°C for 1 min (denaturing), 60°C for 45 sec (annealing) (decreasing by 0.5°C each cycle
to 50°C for 45 sec), 72°C for 2 min (extension), then followed by a final extension at
72°C for 10 min.
Additionally, two regions of the LSU rRNA gene sequence ( ̴ 850–950 bp) were
amplified using primers 391F-501R and 537F-531R (previously described, section 3.3.2).
Each PCR reaction was performed in a 50 µl reaction volume as described above with
each of 391F-501R primers or 537F-531R primers. PCR followed an initial
denaturation/activation step at 95°C for 5 min, followed by 35 cycles of 94°C for 2 min,
55°C for 45 sec, and 72°C for 2 min, followed by a final extension at 72°C for 7 min.
PCR amplicons were visualized after 1% agarose gel electrophoresis with SYBR Safe
DNA gel stain (Thermo Fisher Scientific, Ottawa, ON, Canada) under ultra-violet light.
PCR amplicons of the expected size were each sequenced independently in both
directions using the sequencing primers listed above at Psomagen, Inc., Maryland, USA.
Amplification and bidirectional sequencing were performed at least in triplicate from
different DNA-extracted L1 samples above. Contigs for each of the three gene regions
were assembled by combining corresponding forward and reverse sequences, and the
consensus sequences were aligned using the Clustal W application in BioEdit 1.0.9.0
(Hall, 1999). The corresponding sequences were compared with nematodes sequences in
GenBank using BLAST (blast.ncbi.nlm.nih.gov/Blast.cgi). Sequences with > 98%
sequence similarity and 100% query coverage were included in the final alignment
including representatives of each Crenosoma spp. (AJ920367 and KR920038 for
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Crenosoma vulpis, GU214747 Crenosoma striatum, GU475120 Crenosoma sp. and
AY295805 Crenosoma mephitidis) and two outgroup representatives (JX290562
Troglostrongylus brevior and EF514916 Angiostrongylus vasorum) to determine the
nucleotide sequence variation and confirm the phylogenetic associations.
Phylogenies were constructed by Neighbor-Joining (NJ) and Maximum Likelihood
(ML) methods using MEGA7 (Kimura, 1980; Saitou and Nei, 1987; Kumar et al., 2016).
Evolutionary distances using NJ were computed by the Kimura 2-parameter (K2) method
and are in the units of the number of base substitutions per site (Kimura, 1980). The rate
variation among sites was modeled with a gamma (G) distribution (shape parameter = 1).
The analysis involved eight nucleotide sequences. All positions containing gaps and
missing data were eliminated. There were a total of 1597 positions in the final dataset.
The ML tree used the same K2+G substitution model (Kimura, 1980; Kumar et al.,
2016). The tree with the highest log likelihood (-2530.1774) is shown. Initial trees for the
heuristic search were obtained automatically by applying Neighbor-Join and BioNJ
algorithms to a matrix of pairwise distances estimated using the Maximum Composite
Likelihood (MCL) approach, and then selecting the topology with superior log likelihood
value. A discrete Gamma distribution was used to model evolutionary rate differences
among sites (5 categories [+G, parameter = 0.0500]). The tree is drawn to scale, with
branch lengths measured in the number of substitutions per site. The analysis involved
eight nucleotide sequences. All positions containing gaps and missing data were
eliminated. There were a total of 1597 positions in the final dataset. Bootstrap values
(1000 replicates) for the NJ and ML trees were computed following Felsenstein (1985).
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3.6.1.3 Results
3.6.1.3.1 Parasitological evaluation
Nematode larvae were detected on centrifugal sugar fecal flotation, however, due to
severe osmotic damage; specific identification was not possible; therefore, a Baermann
examination was performed. Large numbers of L1 (>8000 L1/g feces) were recovered
using the Baermann technique. The larvae were identified as Crenosoma sp. based on
morphology. The characteristic morphologic features were: a cephalic button at the
rostral end, the position of the mouth opening was sub ventral, and the esophagus was
long, comprising about a third to half the length of the larvae. The caudal end lacked a
kink or dorsal spine and instead ended in a simple point with a slight deflection (Fig. 3-6,
Fig. 3-7). Specific identification was based on morphometrics and comparison of
measurements in the published literature, however, differentiation of species on this basis
has not been validated (Buckley, 1930; Craig and Anderson, 1972; Kontrimavichus et al.,
1976; Addison and Fraser, 1994). Larval length ranged from 253-277 µm (n=8) with a
mean of 263 µm (Table 3-8). Larval length was most consistent with Crenosoma petrowi
(Table 3-8).
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Fig 3-6: Microscopic image of Crenosoma sp. L1 recovered on Baermann examination of a black
bear cub fecal sample-with >8000L1/g feces.

Fig 3-7: Photograph of a Crenosoma sp. L1 found in a fecal sample from the infected black bear
cub. The L1 length was 253-277µm, the caudal end had a simple point with a slight deflection
(T), the rostral end has a cephalic button (CB) and the esophagus (E) is long, (nearly half the
larval length).
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Table 3-8: Dimensions of Crenosoma spp. first-stage larvae

-

Metastrongyloid
species
Crenosoma vulpis

n

Dimensions

Std dev
-

Source
sample
-

Geographical
region
-

-

264-340 µm

Crenosoma petrowi

14

Crenosoma potos

Kontrimavichus et al., (1976)

227-283 µm

14.8

Black bear

Ontario, Canada

Addison & Fraser, (1994)

-

275-325 µm

-

Kinkajou

Zoological
Gardens, London

Buckley, (1930)

Crenosoma mephitidis

-

270-305 µm

-

Skunk

California, USA

Hobmaier, (1941b)

Crenosoma sp.
(Ursus americanus)

8

253-277 µm

8.6

Black bear

New Brunswick,
Canada

Current Study

Not provided
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3.6.1.3.2 Molecular characterization and phylogenetic analysis
The Crenosoma larval sequences from the black bear cub SSU rRNA gene
(MN116526) and the two LSU rRNA gene regions (MN171301, MN171323) share 99.599.8, 95-99.6 and 99.8% similarity respectively with the members of Crenosomatidae
that includes Crenosoma mephiditis (host: striped skunk, Mephitis mephitis) (AY292793,
AY295822, AY295805) and Crenosoma vulpis (host: red fox, Vulpes vulpes)
(AM039760, AM039760, AJ920367) based on three gene regions (Table 3-9). The
Crenosoma sp. SSU rRNA gene sequence forms a sister-group association with
Crenosoma mephiditis supported by a bootstrap value of 79 and 75% by the NJ and ML
methods respectively (Fig. 3-8).
3.6.1.3.3 Case outcome
After the diagnosis of clinical crenosomosis, the black bear cub was dewormed again
with fenbendazole (Panacur®, 50 mg/kg, oral, once a day for three days) and was also
given pedialyte to ensure maintenance of hydration. Larvae were still detected on
Baermann examination at 10 days post-treatment, so a third course of treatment with
fenbendazole was given. No larvae were detected on Baermann examination after the
third course of deworming. The cough condition resolved, and the cub began to gain
weight. The cub was released into the wild in June 2017; age approximately 15 months
and weighing about 22.7 kg.
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Table 3-9: Percent identities of the Black bear cub L1 with previously reported Crenosoma species in GenBank. Based on alignment of
1597 nucleotide positions from the small subunit rRNA gene using primers NC18SF1-NC5BR and alignment of 878-916 nucleotide
positions from the partial large subunit rRNA gene using primers 391F-501R and 537F-531R

Name species
(host)

NC18SF1-NC5BR

391F-501R

537F-531R

GenBank
accession number
MN116526
MN171301
MN171323

Crenosoma sp.
(Ursus americanus)
Crenosoma mephitidis
(Mephitis mephitis)

99.8

99.6

99.8

AY292793
AY295822
AY295805

Crenosoma vulpis
(Vulpes vulpes)

99.5

95

99.8

AM039760
AM039760
AJ920367
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Fig 3-8: Phylogenetic position of the Crenosoma sp. L1 isolated from Black bear (Ursus americanus). Neighbor-joining tree
based on a final dataset containing 1597 positions from eight small subunit rRNA genes sequences. All positions containing
gaps and missing data were eliminated. GenBank accession numbers are given beside species names and host. Values at nodes
represent the bootstrap percentages (only values greater than 50% are shown) from 1000 replicates for neighbor joining and
maximum likelihood, respectively. The newly described Crenosoma sequence is in bold.
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3.6.1.4 Discussion
The cough condition in the black bear cub was considered to be due to crenosomosis
and not bacterial pneumonia due to the absence of fever, lack of therapeutic response to
the antibiotic, the normal appetite maintained by the cub throughout the entire treatment
period and the resolution of clinical signs after the third deworming with fenbendazole
coinciding with the cessation of fecal larval shedding. This is most consistent with
clinical crenosomosis as the etiology for the cough condition in this case.
In North America, infection with Crenosoma spp. has been reported previously in
black bears in Canada (Ontario) and the United States (Florida, Georgia, New York,
Tennessee, Virginia, West Virginia) (King et al., 1960; Addison, 1978; Addison et al.,
1978; Crum et al., 1978; Conti et al., 1983; Pence et al., 1983; Addison and Fraser, 1994).
Prevalence of Crenosoma spp. infection in black bears ranges from 2-9% in the USA to
33% in Canada (King et al., 1960; Addison et al., 1978; Crum et al., 1978; Conti et al.,
1983). Black bears are unusual in that they can serve as definitive hosts for multiple
species of Crenosoma (C. petrowi, C. potos, C. vulpis). In Ontario, the most frequently
recovered species (occurring in 8/10 infected black bear) was C. petrowi (Addison et al.,
1978). Lungworm prevalence and species composition in the black bear population in
New Brunswick is currently unknown. In the present study, the L1 were identified to
species as C. petrowi based on length measurements. However, the use of larval length
measurements to differentiate the three species has not been adequately validated and so
we consider the identification to species as tentative. Molecular analysis indicates that the
infection did not involve C. vulpis. Unfortunately, there have been submissions from only
three species of Crenosoma to GenBank: Crenosoma vulpis, Crenosoma mephitidis, and
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Crenosoma striatum. Further study involving the molecular analysis of adult male C.
petrowi and C. potos recovered from black bear will be required to determine which of
those species or perhaps another may have been involved in this case. The molecular
analysis indicated the species involved in this case was most closely related to C.
mephitidis. Similarly, percent sequence identity of a new species of Crenosoma
recovered from the red panda (Ailurus fulgens) was most similar to C. mephitidis
(Bertelsen et al., 2010). In the present phylogenetic analysis, the Crenosoma sp. from
black bear and C. mephitidis form a well-supported sister-group, while the Crenosoma
sp. from red panda and C. striatum form a weakly supported association.
This is the first report of clinical disease due to Crenosoma sp. infection in a black
bear. Whether clinical disease in black bears in this region is a common occurrence or
this cub was atypical and may have been predisposed to infection involving a higher than
normal worm burden due to the stress of being orphaned (e.g. immunosuppression
secondary to malnutrition) is unknown. Another possibility could be that in attempting to
survive on its own, the cub may have been forced to consume a diet unusually high in
terrestrial gastropod content. Addison et al., (1978) found no gross lung lesions in any of
the 9 Crenosoma spp. infected adult black bear examined in Ontario, Canada. Gross and
histologic lesions indicating verminous pneumonia were observed in 1 of 6 Crenosoma
spp. infected adult black bears necropsied in New York (King et al., 1960). Whether there
is an age difference in host reaction to infection with Crenosoma spp. in black bear
resulting in the occurrence of more severe clinical disease in juvenile animals is
unknown.
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There is a high prevalence (50-87%) of C. vulpis infection in the red fox (Vulpes
vulpes) population in Atlantic Canada and clinical crenosomosis is a frequently
diagnosed condition in dogs in this region (Conboy, 2009a; Jeffery et al., 2004).
Transmission of C. vulpis in the wild and domestic canid hosts is presumed to be favored
by climactic conditions (moderate temperatures, high rainfall) resulting in an abundance
of terrestrial gastropod intermediate host species. These same factors would likely also
result in a high exposure risk of Crenosoma spp. infection in black bears in Atlantic
Canada. In addition to the black bear, dogs and red fox, C. vulpis infection has been
reported in American pine martens (Martes americana), brown bears (Ursus arctos),
Eurasian badgers (Meles meles), coyotes (Canis latrans) and wolverines (Gulo gulo)
(Brglez and Valentincic, 1968; Samuel et al., 2001; Nelson et al., 2007; Spriggs et al.,
2016). Crenosoma petrowi has also been reported from various species of mustelids such
as American badgers (Taxidea taxus), fishers (Martes pennanti), European pine martens
(Martes martes), sables (Martes zibellina) and stone martens (Martes foina) (Morozov,
1939; Kontrimavichus and Skryabina, 1963; Craig and Anderson, 1972; Craig and
Borecky, 1976; Addison and Fraser, 1994; Seville and Addison, 1995). Crenosoma potos
has also been reported from kinkajou (Potus flavis) (Buckley, 1930).
A single 3-day course of treatment with fenbendazole has been an effective
anthelminthic protocol for use in treating dogs infected with C. vulpis (Conboy, 2009a).
Interestingly, the black bear cub received three separate 3-day treatment courses before
fecal larval shedding ceased and clinical signs resolved. The onset of clinical signs and
the treatment period all occurred during the winter months. This is a time of year when
gastropods are not active or accessible making it unlikely that the bear cub was re-
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exposed to infection during treatment. Whether the necessity for multiple treatments was
due to host differences (black bear vs dog) or species of Crenosoma is unknown. An
initial five- or seven-day duration of treatment with fenbendazole may have been a better
choice in this case. Other anthelmintics routinely used in the treatment of dogs infected
with C. vulpis include milbemycin oxime and moxidectin (Conboy, 2009a). Whether
these anthelmintics are safe or efficacious for use in Crenosoma infected black bear
remains to be determined.
Lungworm infection should be considered as a possible etiology in future wildlife
rehabilitation cases involving respiratory disease in black bear. Diagnostic investigation
utilizing fecal flotation and Baermann examination should be used for the detection of
lungworm infection. Specific identification of L1 requires further study involving
molecular characterization of the remaining Crenosoma species infecting the black bear.
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3.6.2 Clinical co-parasitic infections in a cat imported from Thailand
A modified version of this Chapter to be submitted as:
Mahjoub, H.A., Greenwood, S.J., Murphy, N., Lichtenberger, J., Wood, J., McCarthy, T.,
Conboy, G.A. Clinical co-parasitic infections in a cat imported from Thailand.
All co-authors contributed technically and intellectually to the written content of the
paper and provided critical comments prior to publication.
Mahjoub, H.A. did the morphological diagnosis and identification of parasites, data
analysis, and wrote the manuscript.
Greenwood, S.J. contributed to the molecular interpretation, data analysis, and supervised
the project.
Conboy, G.A. did morphological diagnosis and identification of parasites, took photos of
parasites, contributed to the interpretation of the results, and supervised the project.
Murphy, N. did the fecal and blood examinations.
Lichtenberger, J. performed the cardiac evaluation.
Wood, J. and McCarthy, T. provided direct care to the patient and the history of the case.

3.6.2.1 Case description (History)
An adult-female domestic short hair cat (Felis catus) was presented to Southport
Animal Hospital, Stratford, Prince Edward Island (PEI) for examination due to
possible skin infection with a slight alopecia. Clinical history revealed that the cat
was adopted while the owners were on vacation at the Sri Lanta Resort on Klong
Nin Beach, Ko Lanta Island, Thailand. At the Lanta Animal Wellness Center
(Thailand) the cat received a single dose of anthelmintic on admission (Parax
suspension, which contains pyrantel) and an unknown dose of ivermectin injectable.
The cat was sterilized and placed in quarantine for several weeks. The cat arrived in
Canada six days before presentation for the skin condition.
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Physical examination revealed the cat (estimated to be two years old and weighed
1.5 kg) had a small crusty lesion with some alopecia was located on the tip of her
right ear and a small ulcerative lesion inside her left ear (no inflammation, no
pruritus). Skin scrapings and impression smears were negative. Owners were
instructed to treat the ear lesion with topical chlorhexidine. Despite treatment, the
lesion began to spread and new lesions on the ears developed. The cat was returned
5 days after initial examination at which time she was dewormed with Milbemax®
16 mg milbemycin oxime (dose range 2-4 mg/kg), 40 mg praziquantel (dose range
5-10 mg/kg) (half tablet with food). Two days after treatment, the cat passed a large
mass of long ribbon-like worms and was returned to the veterinarian for evaluation.
An antigen test for heartworm (Snap-4DX test) was positive; however, the cat had
no clinical signs associated with feline heartworm disease. Blood and fecal samples
were collected and submitted to the Clinical Parasitology Laboratory of Diagnostic
Services at the Atlantic Veterinary College for detection of gastrointestinal parasites
and heartworm testing. The cat was referred to the AVC Cardiology service.
3.6.2.2 Materials and methods
3.6.2.2.1 Parasitological examination and morphological characterization
Blood and fecal samples (lab case # 8227) were submitted to the AVC Diagnostic
Services for parasitological examination. Centrifugal fecal flotation with ZnSO4
(SPG: 1.18) and Baermann technique were performed (Zajac and Conboy, 2012).
Canine Heartworm antigen kit DiroCHEKTM (Zoetis, USA) was used.
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3.6.2.2.2 Molecular characterization
Baermann method was positive and L1 were immediately placed in ATL buffer in
preparation of DNA extraction. PCR and DNA sequencing of SSU rRNA gene were
performed to confirm the identity of the lungworm species (L1). DNA was extracted
from 20 L1 larvae using a Qiagen DNeasy Blood and Tissue kit (Qiagen, Toronto,
ON, Canada) as per the manufacturer’s instructions, except that the proteinase K
digestion was for 14 h at 56°C. Additionally, morphologically identified adult
Oslerus rostratus isolated during necropsy from a Bobcat (Lynx rufus) from Nova
Scotia, Canada, were processed as described above except that four independent
DNA extractions were performed on 25 mg pieces of adult nematode tissue. PCR for
the SSU rRNA gene sequence (~ 1800 bp partial sequence) was performed
(previously described, section 3.3.2). A PCR touchdown protocol was used with an
initial denaturation/activation step at 95°C for 2 min, followed by 30 cycles of 94°C
for 1 min (denaturing), 60°C for 45 sec (annealing) (decreasing by 0.5°C each cycle
to 50°C for 45 sec), 72°C for 2 min (extension), then followed by a final extension at
72°C for 10 min.
PCR amplicons were resolved by electrophoresis in a 1% agarose with SYBR
Safe DNA gel stain (Thermo Fisher Scientific, Ottawa, ON, Canada) and visualized
under ultra-violet light. Amplicons were sequenced independently in both directions
using the sequencing primers (previously listed, section 3.3.2) at Psomagen, Inc.,
Maryland, USA. Consensus sequences were aligned in BioEdit 1.0.9.0 using the
Clustal W application (Hall, 1999) and compared with nematodes sequences in
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GenBank using BLAST (blast.ncbi.nlm.nih.gov/Blast.cgi). A final alignment with
Oslerus spp. sequences was constructed in BioEdit to determine similarity and
nucleotide variability.
3.6.2.3 Results
3.6.2.3.1 Parasitological evaluation
Eggs of Mammomonogamus sp., and Spirometra sp., Cystoisospora felis oocysts,
and first-stage nematode larvae (L1) were found on fecal flotation. Due to osmotic
damage of the L1 detected on flotation, a Baermann examination was performed. The
eggs were measured, and the mean length and width of Mammomonogamus sp. were
89.20 x 49.33 μm (Fig. 3-9), the mean length and width of Spirometra sp. were
59.39 x 36.93 μm (Fig. 3-10). Baermann examination revealed unknown L1 which
measured 348.3-362.1 μm in length (Mean = 356.2 μm) (Fig. 3-11, Fig. 3-12). The
L1 had a cephalic button and the caudal end had a kink but no dorsal spine.
3.6.2.3.2 Molecular characterization
The L1 partial SSU rRNA gene sequence (this study, accession number:
MF945632) was 99.6% similar to Oslerus rostratus isolated from Bobcats (Lynx
rufus) from Canada (this study, accession number: MT270443) and the USA; and
99.9% similar to a domestic cat from Italy (Table 3-10). The L1 from the cat
possessed one distinct nucleotide difference from the O. rostratus from Italy and six
distinct nucleotide differences from the O. rostratus from Canada and USA (Table
3-11).
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Fig 3-9: Mammomonogamus sp. egg (89.20 x 49.33 μm) recovered by centrifugal fecal
flotation from the cat. The egg has an elliptical shape with a smooth shell wall containing
a prominent morula.

Fig 3-10: Operculate egg of Spirometra sp. (59.39 x 36.93 μm) containing an
undifferentiated embryo that was recovered by centrifugal fecal flotation from the cat.
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Fig 3-11: First-stage (L1) nematode larvae (356.15 μm) recovered from the cat using
Baermann method. The larvae had a rounded anterior end with a central oral opening.

Fig 3-12: Higher magnification image of the L1 caudal end (viewed under oil-immersion
objective). The caudal end was undulated, bearing a ventral incision deeper than the
dorsal.
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Table 3-10: Percent identities of the cat lungworm with previously reported Oslerus species
in GenBank. Alignment of 1621 nucleotide positions from the partial small subunit rRNA
gene. Bold represents sequences from this study

Name, host, origin and accession number
1 Oslerus rostratus, Felis catus Canada via
Thailand MF945632
2 Oslerus rostratus, Felis catus Italy, KM035792
3 Oslerus rostratus, Lynx rufus USA, GU946678
4 Oslerus rostratus, Lynx rufus Canada MT270443
5 Oslerus osleri, Canis latrans, USA, AY295812

1

2

3

4

99.9
99.6
99.6
99.5

99.5
99.5
99.4

100
99.6

99.6

Table 3-11: Nucleotide position differences separating Oslerus species at the SSU rRNA
gene. Bold represents sequences from this study

Species
(Accession number)
Oslerus rostratus
(MF945632)
Oslerus rostratus
(KM035792)
Oslerus rostratus
(GU946678)
Oslerus rostratus
(MT270443)
Oslerus osleri
(AY295812)

44
G

112 387 427
G
A
C

Nucleotide positions
435 553 560 1243
G
A
C
T

1248
T

1256
C

1380
G

G

G

A

C

G

A

C

C

T

C

G

A

A

A

C

G

G

T

T

T

T

A

A

A

A

C

G

G

T

T

T

T

A

G

A

G

A

A

G

C

T

C

T

A
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3.6.2.3.3 Case outcome
About 30 days after initial presentation, the cat weighed 2.2 kg, and abnormal
chest sounds were noticed; therefore, she received Milbemax® (1.5 tablets with food
for two days). A week later, she was administered Panacur® (fenbendazole, 1/4 tsp
once a day mixed in wet food for 5 days). Approximately 6 weeks (41 days) after the
initial treatment with Milbemax® and a week after administration of the Panacur®,
the cat developed breathing difficulty and coughing. Then, she received Prednisone
liquid (50 mg/ml,0.04 ml twice a day for 3 days, then once a day for 5 days, then
every other day for 4 days, then 0.02 ml every other day for a week) to reduce
respiratory inflammation. The cat was referred to AVC Cardiology service. Physical
examination and full cardiac evaluation revealed that both lungs and heart
auscultated normally. Additionally, repeated heartworm antigen and antibody tests
were negative. The previous positive antigen test was likely a false positive result.
Thoracic radiographs revealed an interstitial pattern with a suspect granuloma that
may have resulted from a dead or live worm.
Since fecal tests were still positive for Spirometra sp., Milbemax® (1.5 tablets
with food for two days) was administered again (80 days after initial presentation).
A fecal examination conducted 10 days later did not reveal any eggs or larvae, and
the cough condition had resolved. During treatment, the owners were instructed to
keep the cat indoors until her fecal tests, including fecal flotation and Baermann
methods, were negative from eggs or larvae.

.
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3.6.2.4 Discussion
The current study highlights the risks associated with the importation of pets to new
locations. Apparently healthy animals may be incubating parasitic pathogens that are
novel to their target destination, and this potentially allows for the transmission and
dissemination of infectious parasites and other pathogens on a global scale (Menn et al.,
2010; Anderson et al., 2019). As this case demonstrates, the global movement of pets
along with native regional parasites represents a significant diagnostic challenge. This
may delay diagnosis and appropriate treatment, and limit the opportunity to contain
newly introduced pathogens (Goodfellow and Shaw, 2005). This generates many
questions with respect to import requirements and burden of proof, particularly with
feline and canine pets. This is challenging in situations where border control/restrictions
are absent. In Canada, dogs and cats do not require any period of quarantine or
vaccination certificate, but only valid rabies vaccination is required if they are greater
than three months old. From May 15, 2021, dogs used for commercial purposes and less
than eight-months of age must be treated for internal and external parasites and have
received anti-rabies vaccine four weeks prior to importation (Canada Border Services
Agency; Canadian Food Inspection Agency; Anderson et al., 2016). It appears that proof
of parasite infection status is not required for domestic dogs and cats; this is very
different from exporting to Japan, Iceland, or the European countries where they require
proof of evaluation for and treatment of ectoparasites and cestodes particularly
Echinococcus multilocularis before importation (The Japanese Animal Quarantine
Service; Anderson et al., 2016; Skírnisson et al., 2018). In the United States, dogs may be
denied entry to the country and returned to their country of origin if the dog appears to be
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sick or the owner does not have proof of rabies vaccination, whereas health certification
or proof of rabies vaccination is not required for cats (Centers for Disease Control and
Prevention; Anderson et al., 2016). In New Zealand, negative heartworm ELISA test and
clinical examination within two days of shipment are required (Ministry for Primary
Industries; Anderson et al., 2016). Global trade in pet animals is variable among
countries; therefore, it is necessary to develop strategies for controlling parasitic diseases.
Since viruses/vaccines are well addressed, there is considerable oversight with respect to
bacterial and parasitic organisms which may be more difficult to identify and control
given their potentially more subtle and insidious life cycles in the animal (Meeusen et al.,
2007).
The current study demonstrates that the correct identification using morphological and
molecular characterization of a regionally novel species of metastrongyloid parasite may
have serious implications for individuals and populations. Although this cat was found to
have coinfections, these were treated in a comparatively timely manner while clinical
signs persisted until the metastrongyloid was accurately identified and treated. This
supports the diagnosis of this species of parasite as being a significant contributing factor
to the cat's clinical disease. To our knowledge, this is the first report for the diagnosis of
Mammomonogamus sp. and O. rostratus in a domestic cat in Canada.
Most studies carried out in Thailand are based on the detection of eggs and oocysts in
fecal samples using centrifugal zinc sulfate, sodium nitrate, and sucrose flotations, as
well as formalin-ether concentration (Inpankaew et al., 2007; Rojekittikhun et al., 2014;
Pumidonming et al., 2016). There are no published reports for lungworms such as
Aelurostrongylus abstrusus, Oslerus rostratus, and Troglostrongylus spp. in domestic
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cats in Thailand. A single survey of wild felids (conducted between 1987 and 1989)
demonstrated the recovery of Aelurostrongylus sp. and Troglostrongylus sp. (in Huai Kha
Wildlife Sanctuary, Thailand) (Patton and Rabinowitz, 1994). This emphasizes the value
of having diagnostic options such as Baermann technique, which increase the probability
for the detection of lungworm species that may be present since there is no one optimal
diagnostic test for all parasites (Carruth et al., 2019). Identification of metastrongyloids is
challenging because of morphological similarities of the caudal end of L1 among
lungworm species (e.g. Troglostrongylus spp. and A. abstrusus) and their slightly
differing body lengths (Traversa and Guglielmini, 2008; Brianti et al., 2012; Otranto et
al., 2013). In fact, Troglostrongylus spp. and A. abstrusus share common hosts and
ecological niches (Gerichter, 1949), while O. rostratus larvae may not be found in the
feces of affected cats, which makes diagnosis more challenging (Brianti et al., 2014a).
Other parasites maybe present in the samples collected from the ground such as
hookworm larvae or free-living nematodes which might lead to misdiagnosis of specific
lungworms that affect cats (Traversa and Guglielmini, 2008; Zajac and Conboy, 2012).
For this reason, confirmation of the diagnosis is needed through molecular methods to
determine the potential impact of these lungworms on the health of domestic cats
(Jefferies et al., 2010a; Brianti et al., 2012). Molecular approaches to parasite diagnosis
contribute significantly to epidemiological studies as they reveal the genetic diversity
within the geographical distribution of parasites, which aids the establishment of the risk
of infections and correlation between hosts and clinical manifestations (Tavares et al.,
2011). Thereby this will increase our understanding of the pathogenesis, transmission,
and disease prevention (Brianti et al., 2012).
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The Baermann technique has been shown to be sensitive for the detection of L1 of
metastrongyloids (Conboy, 2004; Traversa et al., 2008a; Traversa et al., 2010; Schnyder
et al., 2011). Nonetheless, the Baermann technique is unlikely to detect the larvae of
Oslerus sp. and Filaroides sp. in canine fecal samples because the larvae of both species
are unable to migrate out of the feces. The Baermann technique is only effective in
recovering larvae that are active (alive) and able to move out of the fecal matter (Zajac
and Conboy, 2012). If metastrongyloid larvae die within the feces, the Baermann
technique would no longer be effective.
The Baermann technique has also been shown to be more time-consuming as
compared to fecal flotation methods (Conboy, 2009a). The intermittent larval shedding
patterns of parasites may result in false-negative findings (Conboy, 2009a; Traversa et
al., 2010). For instance, one fecal deposit may have larvae, but the next may not. The
intermittent shedding of parasites in infected pets should be considered in the diagnostic
routine (Conboy, 2009a; Hoggard et al., 2019).
Additionally, parasites have a prepatent period before they begin shedding larvae into
the feces (patent infection). Therefore, examination of feces with immature parasites may
potentially give a false-negative result (Denk et al., 2009; Genchi et al., 2014). Thus, the
collection of samples for three successive days should be performed to reduce the
probability of false-negative results (Traversa and Guglielmini, 2008; Conboy, 2009a).
The first description of O. rostratus occurred from a cat in Palestine, it has also been
reported in bobcats (Lynx rufus) from USA and Canada (Klewer, 1958; Watson et al.,
1981; Conboy et al., 2017). Oslerus rostratus infections in domestic cats have been
diagnosed in Europe (Brianti et al., 2014a), and previously have been reported in feral
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cats from Spain with a high rate of infection, and co-infection with A. abstrusus (Juste et
al., 1992; Millán and Casanova, 2009). Traversa and Di Cesare (2013) suggest that
Troglostrongylus spp. and O. rostratus may have been misdiagnosed previously as A.
abstrusus, which is a common parasite in domestic cats. Outdoor cats are at higher risk
for lungworm infection (Di Cesare et al., 2015b), and this lifestyle could be the reason
why the cat in the present case was co-infected with multiple parasites.
Adult worms of O. rostratus appear in coiled nests associated with the bronchi and
bronchioles, and produce distinct lung lesions (Brianti et al., 2014a). The presence of O.
rostratus in the current case may thus account for the clinical signs of coughing and
difficulty breathing. Mild clinical signs of bronchitis have been reported with infection
with O. rostratus (Seneviratna, 1958). Most cats infected with A. abstrusus are
subclinical; however, cats can develop clinical signs, including chronic cough, dyspnea,
wheezing, sneezing, and nasal discharge (Grandi et al., 2005; Traversa et al., 2008a;
Traversa and Guglielmini, 2008). Clinical signs of Troglostrongylus spp. are severe, and
the infection has been fatal in many cases (Jefferies et al., 2010a; Brianti et al., 2012).
Infections with A. abstrusus and Troglostrongylus spp. produce severe histological
lesions in the lungs (Headley, 2005; Brianti et al., 2012; Crisi et al., 2017). The severity
of lesions depends on the worm species and age, as kittens and young cats are more
susceptible to develop more severe diseases (Risitano et al., 2008; Dirven et al., 2012).
In Europe, the treatment reported for O. rostratus infections in cats was a formulation
containing fipronil, (S)-methoprene, eprinomectin, and praziquantel (Broadline®, Merial)
(Giannelli et al., 2017). The daily administration of fenbendazole (50 mg/kg for 3-15
days or 20 mg/kg for 5 days) has been used to effectively treat A. abstrusus (Grandi et al.,
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2005; Traversa et al., 2010). Other anthelmintic drugs such as ivermectin (0.4 mg/kg)
(Kirkpatrick and Megella, 1987; Burgu and Sarimehmetoglu, 2004), or a combination of
1 mg/kg moxidectin with imidacloprid (Advantage Multi®=Advocate®) have been
effective in the treatment of cats infected with A. abstrusus (Brianti et al., 2008).
Mammomonogamus spp., are strongylid parasites of the respiratory system, middle
ear, or frontal sinus that commonly infect domestic ruminants, cats, and rarely humans
mainly in tropical regions (Anderson et al., 1980; Nosanchuk et al., 1995). It has been
reported in domestic and feral cats in South America, Jamaica, Thailand, China, Japan,
Sri Lanka, and United States; the species that have been reported are M. auris, M. ierei,
M. dispar, M. felis, and M. mcgaughei (Diesing, 1857; Cameron, 1931; Guilbride, 1953;
Seneviratne, 1954; Sakamoto et al., 1971; Cuadrado et al., 1980; Lindquist and Austin,
1981; Tudor et al., 2008; Krecek et al., 2010; Gattenuo et al., 2014). Cats infected with
Mammomonogamus spp., have been treated successfully with fenbendazole (50 mg/kg
for 5 days), topical thiabendazole, and selamectin (Tudor et al., 2008; Gattenuo et al.,
2014). In human patients, albendazole, mebendazole, or thiabendazole (400 mg for 3
days) has been used during treatment (Correa et al., 1993; Nosanchuk et al., 1995; Kim et
al., 1998; Costa et al., 2005).
Spirometra spp. are cestode parasites of the intestinal tract of cats, bobcats, raccoons,
and rarely dogs and humans (Mueller, 1974; Steele et al., 1982; Kirkpatrick and
Sharninghausen, 1983; Little and Ambrose, 2000; Conboy, 2009b). There are several
species, including S. erinacei, S. mansoni, S. mansonoides, and S. proliferum (Xiao et al.,
2015). It has been reported from the United States, China, Malaysia, and Australia
(Mueller, 1974; Ryan, 1976; Scholz et al., 2003; Ngui et al., 2014; Hong et al., 2016;
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Anderson et al., 2018; Hoggard et al., 2019). Spirometra sp. has been found in PEI and
has not been reported (Gary Conboy and Spencer Greenwood, personal communication).
Infections with Spirometra spp. in dogs and cats have been treated with praziquantel at
7.5 mg/kg or 25 mg/kg (oral or subcutaneous) daily for 2 days (Little and Ambrose,
2000; Bowman, 2014). In Canada, cats are frequently dewormed with Droncit®
(Praziquantel) for removal of cestodes (tapeworms such as Taenia taeniaeformis and
Dipylidium caninum).
In the current study, the cat received three separate treatments with Milbemax®
(Milbemycin oxime and Praziquantel/ tablet; half tablet was given with food) and a single
treatment of Panacur® (Fenbendazole; 1/4 tsp was given once a day for 5 days) until
fecal larval and egg shedding ceased. Whether the necessity for multiple treatments was
due to co-parasitic infections or host immunity is unknown.
It is essential to emphasize the danger of importing/exporting infected animals
internationally that may eventually lead to the spread of parasite species whose
transmission is direct or indirect. Indirect transmission may require intermediate hosts
such as gastropods, earthworms, or fleas. Due to the novelty or unexpected nature of
pathogens, significant diagnostic challenges may present. For example, a zoonotic
parasite, Linguatula serrata, infection has been diagnosed in a dog imported recently
from Ethiopia to the United States (Nagamori et al., 2019). Additionally, Leishmania spp.
were detected in Germany and United Kingdom from dogs that had been travelling
abroad with its owners to endemic regions (Shaw et al., 2009; Menn et al., 2010). Several
parasites, including Angiostrongylus vasorum, Ancylostoma sp., Giardia duodenalis,
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Strongyloides stercoralis, Toxascaris leonine, Uncinaria sp., and others have been
diagnosed in imported dogs and cats in Iceland (Skírnisson et al., 2018).
Since imported companion animals from infected areas are associated with disease
risks or the introduction of new pathogens, pets should stay in quarantine and undergo
screening for potential parasites. Moreover, applying specific-import requirements such
as a veterinary certificate declaring the animal to be free of pathogens including parasites
and vaccination is up to date are necessary to monitor and control possible diseases
(Norman et al., 2020). Veterinarians and technicians should consider using different
diagnostic methods particularly when an animal had a history of travel, or was adopted
with an unknown travel history, and be knowledgeable about other uncommon parasites
in their regions (Anderson et al., 2018). Public health concerns about zoonoses also need
to be addressed. Educating pet owners about the need to restrict movement (e.g. keep in
isolation indoors) of infected cats/dogs until being clear of infections is important. This is
to avoid introducing new species or spreading parasitic infections to other domestic or
wild animals (Anderson et al., 2018).
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3.6.3 Mistaken identity: finding of spurious larval nematodes in a dog
A modified version of this Chapter to be submitted as:
Mahjoub, H.A., Greenwood, S.J., Murphy, N., Hofstede, T., Conboy, G.A. Mistaken
identity: finding of spurious larval nematodes in a dog.
All co-authors contributed technically and intellectually to the content of the paper and
provided critical comments prior to publication.
Mahjoub, H.A. did morphological diagnosis and identification of larvae, molecular
experiments (DNA extraction, PCR setup), data analysis, and wrote the manuscript.
Conboy, G.A. did the morphological diagnosis and identification of larvae, took photos
of larvae, contributed to the interpretation of the results and supervised the project.
Greenwood, S.J. contributed to the interpretation of the results, and supervised the
project.
Murphy, N. did the fecal examinations.
Hofstede, T. Bayer Animal Health, provided the sample.

3.6.3.1 Case description (history)
A four-months, intact male, Pomeranian dog from British Columbia was presented for
clinical signs of a chronic cough. Fecal samples were collected on 3-consecutive days and
submitted to the AVC Diagnostic Services by Bayer Animal Health, Mississauga,
Ontario (ON), as part of a lungworm study. Parasitological examinations were done using
centrifugal fecal flotation to detect possible gastrointestinal helminth or protozoan
infection and the Baermann technique to detect lungworm infection.
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3.6.3.2 Materials and methods
3.6.3.2.1 Parasitological examination and morphological characterization
Fresh feces (lab case # C23118) were examined for the detection of protozoan cysts
and helminth eggs using centrifugal fecal flotation with zinc sulfate (SPG. 1.18) and
lungworm larvae using the Baermann technique (Zajac and Conboy, 2012). The
Baermann examination was conducted on a composite sample consisting of 4 g from
each collection day (for a total of 12 g). Another fecal sample was subsequently
requested and acquired (4 weeks later).
3.6.3.2.2 Molecular characterization
DNA extraction, PCR, and sequencing
DNA was extracted from 10-12 L1 (recovered from the dog feces via the Baermann
technique) using a DNeasy Blood and Tissue kit (Qiagen, Toronto, ON, Canada)
following the manufacturer’s instructions, except that the proteinase K digestion was for
23 h at 56°C. Purified DNA was assessed by ratios of absorption at A260/A280 and
A260/A230 using NanoDrop® spectrophotometer. Original DNA concentration was 35.7
ng/mL. DNA was precipitated by the addition of 1/10 volume of 3M NaOAc and three
volumes of 100% EtOH (no incubation period). Following centrifugation at 20,412 g,
room temperature (RT) for 20 min, the supernatant was removed, and the pellet washed
with 75% ethanol RT, and centrifuged at 20,412 g for 6 min. Samples were washed again
with 75% ethanol RT, centrifuged at 20,412 g for 6 min, the supernatant was removed,
and the pellet allowed to dry for 30 min. 15 µl of ddH2O (Fisher Scientific) was then
added. A partial fragment of the LSU rRNA gene sequence ( ̴ 850–950 bp) was amplified
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using primers 391F-501R (previously described, section 3.3.2). PCR followed an initial
denaturation/activation step at 95°C for 2 min, followed by 35 cycles of 94°C for 30 sec,
55°C for 30 sec, and 72°C for 2 min, followed by a final extension at 72°C for 7 min.
PCR amplicons were visualized after 1% agarose gel electrophoresis with SYBR Safe
DNA gel stain (Thermo Fisher Scientific, Ottawa, ON, Canada) under ultra-violet light.
PCR amplicons of the expected size ( ̴ 850–950 bp) were each sequenced independently
in both directions using the sequencing primers listed above at Psomagen, Inc., Maryland,
USA. Consensus sequences were aligned in BioEdit 1.0.9.0 using the Clustal W
application (Hall, 1999). DNA region consensus sequences were compared with
nematode sequences in GenBank using BLAST (blast.ncbi.nlm.nih.gov/Blast.cgi).
Sequences with > 98% sequence similarity and 100 % query coverage were included in
the final alignment, including representatives of each Parelaphostrongylus spp.
(AY292803 Parelaphostrongylus odocoilei, EU595594 Parelaphostrongylus tenuis,
JN122348 Protostrongylidae sp., and EU595597 Parelaphostrongylus andersoni).
3.6.3.3 Results
3.6.3.3.1 Parasitological evaluation
Giardia duodenalis cysts and nematode larvae L1 were detected on zinc sulfate
centrifugal fecal flotation and Baermann examination, respectively. The larvae measured
387-405 μm (n = 7) and had a cephalic button, long esophagus and a kinked caudal end
with a dorsal spine (Fig. 3-13, Fig. 3-14). The morphology and size measurements of the
larvae were similar to Angiostrongylus vasorum (Table 3-12). However, based on the
shape of the dorsal spine, the L1 were tentatively identified as Parelaphostrongylus spp.,
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metastrongyloid parasites of cervids. The finding was considered spurious (e.g. the dog
was not infected, the larvae were only present in the feces due to coprophagia), and a
second fecal sample was requested for re-examination. Baermann fecal examination of
the second fecal sample submission recovered live larvae identical to those observed in
the first sample. These larvae were processed for molecular characterization.
Table 3-12: Dimensions first-stage larvae of Parelaphostrongylus spp. and
Angiostrongylus vasorum
Metastrongyloid species

n

Dimensions

Source sample

References

Parelaphostrongylus tenuis

-*

310-380 µm

White-tailed
deer

Lankester & Anderson,
(1968)

-

378 µm

Black-tailed
deer

Hobmaier & Hobmaier,
(1934)

35

362 µm

Caribou

Angiostrongylus vasorum

-

340-399 µm

Dog and fox

Parelaphostrongylus sp.

7

387-405 µm

Dog

Brent & Samuel,
(1986)
Zajac & Conboy,
(2012)
Current Study

Parelaphostrongylus odocoilei

* - number measured not reported in original paper
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Fig 3-13: Photograph of Parelaphostrongylus sp. L1 found in a fecal sample from the
dog. The L1 length was 387-405 μm (Mean = 395 μm).

Fig 3-14: Higher magnification image of the caudal end of Parelaphostrongylus sp.
characterized by the presence of a kinked-caudal end (KT) and dorsal spine (DS).
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3.6.3.3.2 Molecular characterization
The partial LSU rRNA gene region from the larvae isolated from the dog shared 100%
identity with Parelaphostrongylus odocoilei (AY292803) isolated from the black-tailed
deer (Odocoileus hemionus columbianus) from USA, and 99.2, 98.9, and 97.7%
similarity respectively with Parelaphostrongylus andersoni, Parelaphostrongylus tenuis
and Protostrongylidae sp. (EU595597, EU595594, JN122348).
3.6.3.3.3 Case outcome
Upon further questioning, the client revealed that deer frequented their property and
that the dog had daily access to and appetite for deer feces. Therefore, no anthelmintic
treatment was necessary as the dog was not infected, and the live larvae were just passing
through the gastrointestinal tract and eliminated in the feces. More importantly, a
misdiagnosis indicating the spread of a severely pathogenic canine heartworm was
avoided. A congenital disorder (such as ciliary dyskinesia or lack of surfactant) was
suspected to be the cause of the dog’s chronic cough.
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3.6.3.4 Discussion
This study reports the finding of a spurious parasite in a dog, which morphologically
closely resembled A. vasorum, a pathogenic lungworm species that affects dogs. It is
important to emphasize that morphological diagnosis of these larval stages is subtle for
the novice and expert alike due to morphological similarities among various species from
different hosts. Most large reference diagnostic laboratories include a disclaimer on
reports involving the diagnosis of A. vasorum stating that these larvae cannot be
differentiated from the kinked-caudal end/dorsal spined larvae of A. abstrusus or the
protostrongylids of ruminants and cervids (Elaphostrongylus spp., Muellerius capillaris,
Parelaphostrongylus spp.). Larvae of A. vasorum are differentiated from those of
Parelaphostrongylus based on the shape of the dorsal spine on the caudal end. The dorsal
spine is small and difficult to see making a subjective evaluation of subtle differences in
shape a problematic criterion upon which to base the identification. Incorrectly
discounting A. vasorum in this case based on the shape of the spine could result in the
death of the animal. Conversely, incorrectly diagnosing A. vasorum in this dog would
have resulted in the administration of inappropriate anthelmintics and delayed the further
diagnostic investigation as to the cause of the respiratory signs in this dog. Furthermore,
misdiagnosis would have caused great alarm and mislead the local veterinarians and
public into thinking that this important pathogen had been introduced into their region.
This case highlights the potential for misdiagnosis with the declining number of
veterinary parasitologists with expertise in morphological identification. Furthermore,
this case illustrates the value of molecular methods for differentiating these parasites at
the species level to avoid false-positive results.
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The superfamily Metastrongyloidea (known as lungworms) is comprised of seven
families of parasites; Metastrongylidae, Protostrongylidea, Angiostrongylidae,
Filaroididae, Skrjabingylidae, Pseudaliidae, Crenosomatidae, that infect mammals
(Anderson, 2000; Bowman, 2014). The life cycle of most lungworm species is indirect,
which requires that the definitive host ingest the third-stage larvae (L3) in the tissues of
gastropods (intermediate hosts) and /or paratenic hosts (Anderson, 2000).
Angiostrongylus vasorum belongs to the family of Angiostrongylidae that are found in
the pulmonary artery of canids and causes a severe illness, including coughing, dyspnea,
exercise intolerance, verminous pneumonia, pulmonary fibrosis, bleeding disorders,
haemorrhage, pulmonary hypertension, and heart failure (Chapman et al., 2004; Bourque
et al., 2008; Traversa and Guglielmini, 2008). Additionally, neurological disease and lifethreatening conditions in dogs have been reported (Traversa and Guglielmini, 2008;
Gredal et al., 2011; Mozzer and Lima, 2012; Jang et al., 2016). Angiostrongylus vasorum
is endemic in Africa, South America, Europe, and Newfoundland and Labrador in
Canada (Helm et al., 2010; Conboy, 2011). The recent finding, however, of A. vasorum
in coyotes (Canis latrans) in Nova Scotia, Canada (Priest et al., 2018) and previously in
red foxes from West Virginia, USA (Kistler et al., 2014), emphasizes the need for
increased vigilance beyond endemic areas.
The three species of Parelaphostrongylus spp. belong to the family of
Protostrongylidea, and the adult worms are found in meningeal tissues or skeletal muscle
of cervids, causing severe neurological diseases in aberrant host species such as moose
and domestic small ruminants (Anderson, 2000). Parelaphostrongylus andersoni occurs
in white-tailed deer (Odocoileus virginianus) and barren-ground caribou (Rangifer
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tarandus groenlandicus) in the southeastern United States and southern British
Columbia, Canada. Parelaphostrongylus tenuis occurs in white-tailed deer, caribou from
eastern North America, while Parelaphostrongylus odocoilei is a western species found
in mule deer (Odocoileus hemionus) and woodland caribou (Rangifer tarandus caribou)
(Anderson, 2000; Samuel et al., 2001). The differentiation between these species based
on first-stage larval length or morphology of the caudal end is impossible since all three
larvae are characterized by the kinked caudal end and dorsal spine. Morphometrics
cannot differentiate the species as the length measurement ranges overlap (Kralka and
Samuel, 1984; Pybus and Samuel, 1984a; Pybus and Samuel, 1984b; Pybus et al., 1989;
Hoberg et al., 2005; Kafle et al., 2017). Molecular techniques have been successfully
applied to distinguish the Parelaphostrongylus species within the genus based on DNA
acquired from L1 of cervids and other ruminants by comparing sequences of the second
internal transcribed spacer (ITS2) region of rRNA and LSU rRNA (Jenkins et al., 2005;
Asmundsson et al., 2008; Mitchell et al., 2011; Carreno et al., 2012). In this study,
molecular methods were used to confirm the morphological diagnosis of a spurious
parasite.
A major source of confusion in solving this case was the finding that live larvae were
recovered from the dog’s feces on multiple occasions, which increased the suspicion that
the presence of the L1 was potentially a true A. vasorum infection. As a potential rule out,
this would be a major concern if this parasite has spread to other regions of Canada. Most
cases involving spurious parasites from the same animal over time show an inconsistent
pattern of ‘shedding’ in the feces, and typically the larvae are mostly dead (Gary Conboy,
personal communication). The supplemental history supplied by the dog’s owners after
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questioning indicates that in this case, the dog had daily access to and appetite for deer
feces, so ‘shedding’ was not interrupted. Additionally, since the P. odocoilei L1 have
adapted to transit the gastrointestinal tract, the L1 were able to pass through the dog’s
gastrointestinal tract alive. Misdiagnosis and delayed diagnosis of this parasite may
present many important problems. For domestic dogs, this could mean that they are
subjected to unnecessary and sometimes harmful treatments that will neither benefit the
animal nor treating the actual problem. Additionally, reporting of this misdiagnosed
parasite as a verified case of A. vasorum in a new geographic region leads to spread of
misinformation.
Inclusion of a molecular confirmatory test would be a logical solution for the
diagnosis of parasitic infections that have similar morphologies. Moreover, there are
limitations of testing a single fecal sample due to intermittent shedding of parasites, lowlevel shedding, or detection of spurious parasites; therefore, lack of awareness and
misdiagnosis could have resulted in an underestimation of infection levels in dogs
(Conboy, 2009a; Nijsse et al., 2014). Multiple fecal samples should be examined to
improve detection and reduce the probably of false-negative results (Koch and Willesen,
2009).
In the current study, no treatment was required for the dog as the presence of larvae
was not an indication of infection of the dog, but rather of infection of local deer.
Although the initial presenting clinical sign was a chronic cough, this was not related to
the spurious larval nematodes found in the feces. Cough is typically associated with A.
vasorum infections, which is generally caused by chronic interstitial pneumonia with
variable fibrosis. Adult female nematodes in pulmonary arteries shed eggs that are

178

subsequently transported via blood vessels to smaller capillaries in the lung parenchyma,
where the eggs hatch and embryonate to L1. Larvae then migrate to the airway and are
then coughed up, swallowed, and excreted in the feces (Bourque et al., 2008). There are
many reasons for coughing, such as respiratory problems due to viral, bacterial, fungal
agents, or allergies (Vieson et al., 2012; Ownby and Johnson, 2016). The cause of dog’s
cough in the present case was unclear, but a congenital disorder (such as ciliary
dyskinesia or lack of surfactant) was thought to be the most likely clinical consideration.
Lastly, it is important to emphasize that a detailed case history is key for guiding
diagnosis such as sample source, diet (including any atypical eating behaviors), and
clinical features of patients.
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CHAPTER 4
INVESTIGATION OF THE SURVIVAL AND RETENTION OF INFECTIVITY
OF METASTRONGYLOID FIRST-STAGE LARVAE TO FREEZING
4.1 Abstract
Multiple species of metastrongyloids have been reported to infect vertebrate domestic
and wild animal hosts. For most metastrongyloid species, animals acquire infection by
ingesting infective third-stage larvae (L3) in the tissues of intermediate or paratenic hosts.
The first-stage larvae (L1) of several metastrongyloid species have been reported to
survive freezing, including Crenosoma vulpis, Crenosoma goblei, Skrjabingylus nasicola,
and various protostrongylids (Elaphostrongylus spp., Parelaphostrongylus spp.,
Umingmakstrongylus pallikuukensis, Varestrongylus eleguneniensis). Retention of
infectivity to gastropods has only been shown for the protostrongylids and C. vulpis. In
this study, L1 of Oslerus rostratus and Troglostrongylus wilsoni were recovered from the
lungs of a frozen lynx (Lynx canadensis) using the Baermann and lung flush techniques.
Mixtures of O. rostratus-T. wilsoni (98%/2%), O. rostratus-T. wilsoni (96%/4%), T.
wilsoni-O. rostratus (94%/6%) were used to infect naïve laboratory raised slugs (Limax
maximus) (1500-4000 L1/slug) in separate exposure groups. Four weeks post-infection,
slugs were artificially digested to recover L3. First-stage larvae of Filaroides martis
(3000 L1/slug) and Skrjabingylus nasicola (1000 L1/slug) were recovered from the nasal
and lung tissues of frozen minks (Neovison vison) using the Baermann technique and
were fed separately to L. maximus. The slugs were artificially digested at 8 and 12 weeks
post-infection to recover L3. The results show that the recovered L1 of F. martis, O.
rostratus, S. nasicola, and T. wilsoni were infective and developed to L3 in the slugs.
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Incidentally three Aelurostrongylus abstrusus L3 were recovered from the slugs infected
with O. rostratus-T. wilsoni (98%/2%), which show that A. abstrusus can survive
freezing as well as remain infective to gastropods. Larval shedding of F. martis and S.
nasicola was tested in experimentally infected slugs. Slug feces were examined 2x/week
by a modified Baermann technique to detect L3. The results showed no spontaneous
shedding of L3 in the feces for both species at any time point in the study. The survival of
freezing by these metastrongyloids and their ability to remain infective to gastropods and
develop to L3 indicates an adaptation strategy by these worms to extreme environmental
conditions. This plays a crucial role in the natural transmission of these parasites, which
may increase the chance of their spread to the intermediate hosts.

Key words: Metastrongyloids, Oslerus rostratus, Troglostrongylus wilsoni, Sinus worms.
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4.2 Introduction
The superfamily Metastrongyloidea are nematode parasites that cause respiratory,
cardiopulmonary, and central nervous system diseases in mammals (Conboy, 2009; Koch
and Willesen, 2009; Traversa et al., 2010; Barutzki and Schaper, 2013; Brianti et al.,
2014b). Metastrongyloidea contains seven families: the Angiostrongylidae,
Crenosomatidae, Filaroididae, Metastrongylidae, Protostrongylidea, Pseudaliidae, and
Skrjabingylidae (Anderson, 2000; Bowman, 2014). Wild and domestic felids are
susceptible to infection with species from the Angiostrongylidae (Aelurostrongylus
abstrusus), Crenosomatidae (Troglostrongylus spp.) and Filaroididae (Oslerus rostratus)
families. Felids become infected by ingestion of L3 in the tissue of the gastropods or with
some metastrongyloid species, paratenic hosts, including amphibians, birds, rodents, and
reptiles, and larvae then migrate to the lungs via lymphatic vessels or the hepatic portal
system and mature into the adult stage (Conboy, 2004; Moeremans et al., 2011). The
adult stages of these metastrongyloid species reside in the cardiopulmonary tissues of
infected animals; Troglostrongylus wilsoni is found in the bronchi, bronchioles, and
trachea, while Aelurostrongylus abstrusus and Oslerus rostratus occur in the lung
parenchyma and alveolar ducts (Ridyard, 2005; Conboy, 2009). After the end of the
prepatent period, L1 migrate to the pharynx, are coughed up, swallowed, and released via
feces into the environment (Anderson, 2000; Traversa and Guglielmini, 2008).
Troglostrongylus brevior, Troglostrongylus subcrenatus, and Oslerus rostratus are
lungworms of wild felids in Europe (Felis silvestris silvestris) and have also been
detected in domestic cats (Felis catus) (Brianti et al., 2012; Brianti et al., 2013; Brianti et
al., 2014a; Brianti et al., 2014b; Annoscia et al., 2014). Troglostronglus wilsoni is found
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in bobcats (Lynx rufus) and has been reported in North America, including Alabama,
Georgia, Texas, and Virginia (Klewer, 1958; Little et al., 1971; Watson et al., 1981;
Mason et al., 2004). There is the potential risk of infection to domestic cats (Felis catus)
with O. rostratus and T. wilsoni that are present in bobcats (Lynx rufus) and lynx (Lynx
canadensis) populations in Atlantic Canada, including Nova Scotia and New Brunswick.
The two parasite species had been reported previously in Alberta, Newfoundland, North
West Territories, and Ontario (Van Zyll de Jong, 1966; Smith et al., 1986; Levandier,
2003). Co-infections with A. abstrusus and O. rostratus or A. abstrusus and
Troglostrongylus spp. have been reported in domestic cats in Europe (Juste et al., 1992;
Jefferies et al., 2010; Annoscia et al., 2014; Varcasia et al., 2014; Crisi et al., 2017; Febo
et al., 2019).
Skrjabingylus nasicola and Filaroides martis are common nematodes of the American
mink (Neovison vison) in North America (Anderson, 1962; Ko and Anderson, 1972;
Anderson, 2000). Infection occurs by ingestion of infective L3 in the tissues of the
intermediate host or paratenic host (Lankester and Anderson, 1966; Stockdale and
Anderson, 1970; Anderson, 2000). Adult worms of S. nasicola reside in the nasal and
frontal sinus cavities, while F. martis is encapsulated around bronchi, and in the
connective tissue surrounding the trachea and the pulmonary artery (Anderson, 1962; Ko
and Anderson, 1972; Anderson, 2000; Bowman and Tamlin, 2007; Heddergott et al.,
2016). Female worms release L1 to the bronchial escalator (F. martis) or transit from the
sinuses to the back of the throat (S. nasicola), where they are coughed up, swallowed, and
passed in the feces (Anderson, 2000).
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Nematodes are a diverse group of organisms that have adapted to various
environmental conditions; for example, the L1 of some metastrongyloid species such as
Crenosoma vulpis, Crenosoma globlei, Elaphostrongylus rangiferi, Parelaphostrongylus
odocoilei, Parelaphostrongylus tenuis, and S. nasicola have an ability to survive freezing
for months (Shostak and Samuel, 1984; Snyder, 1985; Lorentzen and Halvorsen, 1986;
Forrester and Lankester, 1998; Simpson et al., 2016; Conboy et al., 2017). However,
retention of infectivity to gastropods has been shown only for protostrongylids (e.g.
Elaphostrongylus cervi, Parelaphostrongylus odocoilei, Umingmakstrongylus
pallikuukensis), and C. vulpis (Kutz et al., 2001; Samuel et al., 2001; Jenkins et al., 2006;
Conboy et al., 2017).
Spontaneous emergence of infective L3 from infected gastropod intermediate hosts has
been reported for various metastrongyloids, including the crenosomatids: C. vulpis, T.
wilsoni, and T. brevior, the protostrongylids: Cystocaulus ocreatus, Muellerius capillaris,
P. odocoilei, Protostrongylus boughtoni, Protostrongylus davtyani, Protostrongylus
kamenskyi, Protostrongylus pulmonalis, Protostrongylus rufesens, Protostrongylus
stilesi, Protostrongylus tauricus, Umingmakstrongylus pallikuukensis, the
angiostrongylids: A. abstrusus, Angiostrongylus cantonensis, Angiostrongylus
costaricensis, Angiostrongylus vasorum, and the filaroid: O. rostratus (Heyneman and
Lim, 1967; Monson and Post, 1972; Boev, 1975; Ubelaker et al., 1980; Kralka and
Samuel, 1984; Bonetti and Graeff-Teixeira, 1998; Kutz et al., 2000; Barçante et al., 2003;
Jenkins et al., 2006; Giannelli et al., 2015; Conboy et al., 2017). Spontaneous shedding
has been reported in species for four of the five metastrongyloid families
(Angiostrongylidae, Crenosomatidae, Filaroididae, Protostrongylidea) that have
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gastropods as intermediate hosts. The only family using gastropods as intermediate hosts
in which it has not been reported is the Skrjabingylidae. Spontaneous shedding has not
also been reported for F. martis from the family Filaroididae.
The main objective of this study was to determine whether F. martis, O. rostratus, S.
nasicola, and T. wilsoni larvae would (1) survive, (2) infect gastropods and (3) develop to
the infective stage following freezing. The secondary objective of this study was to
determine and quantify whether spontaneous shedding of L3 occurs in the
metastrongyloid parasites F. martis and S. nasicola recovered from American mink.
4.3 Materials and methods
4.3.1 Parasites
First-stage larvae were acquired by dissection of the lungs of a naturally co-infected
lynx (Lynx canadensis) from New Brunswick. The animal had been frozen at -20°C for
two weeks. Prior to dissection, the lungs were thawed completely at 4°C for 24 h.
Adult-female worms of T. wilsoni were recovered by the lung flush method (Oakley,
1980), placed in a small Petri-dish (60 mm diameter x 15 mm) and chopped into fine
pieces with a razor blade. The water and worm fragments were poured into a double layer
of cheesecloth in a modified Baermann (50 ml centrifuge tube) containing warm water
and left overnight (> 12 h) (Conboy et al., 2017). The samples were centrifuged (700 g)
for 10 min, the supernatant was discarded, the volume was adjusted to a total of 5 ml, and
the pellet re-suspended by vortexing for 20 sec. The L1 concentration was determined by
counting all the larvae in 50 µl subsamples placed on a slide with coverslip and examined
using a compound microscope under the 10x objective. The sample appeared to be a mix
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of L1 with the majority (about 94%) being T. wilsoni and the remainder (6%) O.
rostratus.
After removal of the adult T. wilsoni, the lung tissue, containing coiled O. rostratus in
the parenchyma, was chopped into small pieces, wrapped in cheesecloth and placed into a
Baermann funnel in warm water overnight (> 12 h) (Zajac and Conboy, 2012) and L1
were recovered and counted (as above). This sample also appeared to be a mix with the
majority (about 96%) being O. rostratus and the rest (4%) T. wilsoni. The rest of the lung
tissues were chopped into pieces and wrapped in a double layer of cheesecloth and placed
in a glass Baermann funnel containing warm water and left overnight (> 12 h). Water (50
ml) was drawn from each funnel into screw-top plastic graduated centrifuged tubes. The
samples were centrifuged (700 g) for 10 min, the supernatant was discarded, the volume
was adjusted to a total of 5 ml, and the pellet re-suspended by vortexing for 20 sec. Firststage larvae were recovered and counted (as above). Most larvae recovered by lung
Baermann (about 98%) were O. rostratus and the rest (2%) T. wilsoni.
First-stage larvae were acquired by dissection of the lungs and nasal cavities of
naturally infected mink (Neovison vison) (Fig. 4-1) harvested by fur trappers on Prince
Edward Island (PEI), Canada. Carcasses were frozen at - 20°C for 5-7 months. Prior to
dissection, specimens were thawed completely at 4°C for 24 h.
Adult-female worms of S. nasicola were recovered from the nasal cavity of infected
mink (Fig. 4-2, Fig. 4-3). Female worms were removed and placed in a Petri-dish and
chopped into pieces using a razor blade. The water and worm fragments were poured into
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a double layer of cheesecloth in a modified Baermann (as described above). First-stage
larvae were recovered and counted (as above).
Filaroides martis L1 were recovered by the lung Baermann technique (as described
above). First-stage larvae were recovered and counted (as above).
4.3.2 Gastropod exposures
Naïve laboratory raised slugs (Limax maximus) were infected using L1 that were
recovered by Baermann, or modified Baermann technique of each metastrongyloid
species (T. wilsoni, O. rostratus, S. nasicola, and F. martis). 6 well-microtiter-culture
plates (12.5 cm x 8.5 cm x 2 cm) were used and after vortexing for 20 sec, 200 µl of L1
solution was placed on top of romaine lettuce and fed to the slugs (approx. 1500 L1/slug
for T. wilsoni, 4000 L1/slug for O. rostratus, 6000 to 8000 L1/slug for mixed infection
recovered by lung Baermann, 1000 L1/slug for S. nasicola, and 3000 L1/slug for F.
martis). Each slug was placed in an individual test well on the microtiter-culture plate
during infection and placed into an incubator at 16°C and 70% relative humidity (RH).
After the majority of the infected lettuce had been consumed by the slugs, they were
moved to plastic lock-top food storage containers on a damp paper towel, fed romaine
lettuce and kept in an incubator at 16°C and 70% RH.
4.3.3 Monitoring of larval shedding
A modified Baermann technique (Conboy et al., 2017) was used to monitor for L3 (F.
martis and S. nasicola) shedding twice per week for three months. In brief, slug feces
were collected from the plastic containers and placed on a double layer of cheesecloth.
The cheesecloth was placed in a 50-ml screw-top centrifuge tube containing warm tap
water. The cap was screwed on to the tube catching a small part of the cheesecloth to
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keep it in place suspended at the top of the tube. The samples were left overnight (> 12
h). The cheesecloth and feces were discarded, the tubes centrifuged (700 g) for 10 min,
the supernatant was discarded, and the pellet was re-suspended by vortexing for 20-30
sec. The fluid was pipetted into a square grid-marked Petri-dish (9 cm x 9 cm x 1.5 cm)
and the sample was examined using a dissecting microscope for the presence of L3.
4.3.4 Gastropod digestion
Infective third-stage larvae were recovered at 4 weeks post infection (for O. rostratus
and T. wilsoni) and at 8 and12 weeks post infection (PI) (for F. martis and S. nasicola) by
artificial digestion of slugs in pepsin-hydrochloric acid solution (0.3 g pepsin, 0.4 ml
concentrated HCL, 50 ml distilled water). Gastropods were decapitated and placed in a
double layer of cheesecloth and suspended in a digest solution in 50-ml screw-top
centrifuge tubes for 2 h at 37°C. The remnants of the slugs were discarded, the tube
centrifuged (700 g) for 10 min, the supernatant discarded and the number of L3 counted
(as above). The recovered L3 were either heat-fixed (65°C) in 2% formalin or placed in
ATL buffer for molecular characterization.
4.3.5 Morphological identifications of L3
Temporary wet mounts of heat-fixed 2% formalin L3 were made by attaching small
fragments of broken 18 mm square coverslips on a large (75 x 50 mm) microscope slide
with a small drop of Canada Balsam such that the fragments would support the weight (at
the edges) of a 30 x 22 mm coverslip. The formalin-fixed larvae were placed directly on
the slide between the attached coverslip fragments. A 30 x 22 mm coverslip was placed
on the drop, and the edges of the coverslip were sealed with clear cosmetic nail polish to
prevent evaporation. This method allowed examination of the larvae without the potential
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for distortion of morphological features due to the weight of the coverslip and allowed
the examination of the larvae using the oil-immersion objective (Conboy et al., 2017).
The photos of the parasites were taken with an Olympus DP71 digital camera 10 Mega
Pixel, mounted on a microscope equipped with an interference contrast attachment.
4.3.6 Molecular characterization
DNA extraction, PCR, and sequencing
DNA was extracted from 10 & 20 L3 for T. wilsoni and O. rostratus and 21 & 50 L3
for S. nasicola and F. martis (recovered by the slug digestion) using a DNeasy Blood and
Tissue kit (Qiagen, Toronto, ON, Canada) following the manufacturer’s instructions,
except that the proteinase K digestion was for 15-18 h. The PCR protocol amplified a
fragment of the small subunit (SSU) rRNA gene (~ 1800 bp partial sequence) for
nematodes using universal primers NC18SF1 (5’-AAAGATTAAGCCATGCA-3’) and
NC5BR (5’-GCAGGTTCACCTACAGAT-3’) (Chilton et al., 2006). The 50 μl of
reaction mixture included 2 μl of DNA, 5 μl 10x PCR buffer (Qiagen, Toronto, ON,
Canada), 1.0 μl of dNTP at 1.25mM (Qiagen, Toronto, ON, Canada), 5 μl each of
NC18SF1 and NC5BR primers (10µM), 10 μl Q reagent, 3 μl MgCl2 (2mM), 0.5 μl
(units) of HotStarTaq (Qiagen, Toronto, ON, Canada) and the remaining volume made of
nuclease-free water. Negative control samples used 2 µl of nuclease-free water in place
of DNA. Amplification followed a touchdown protocol with an initial denaturation at
95°C for 5 min, followed by 35 cycles of 94°C for 1 min (denaturing), 60°C for 45 sec
(annealing) (decreasing by 0.5°C each cycle to 50°C for 45 sec), 72°C for 2 min
(extension), then followed by a final extension at 72°C for 10 min. Additionally, a partial
region of the large subunit (LSU) rRNA gene sequence (̴ 850–950 bp) was amplified
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using primers 391F (5’-AGCGGAGGAAAAGAAACTAA-3’) and 501R (5’
TCGGAAGGAACCAGCTACTA-3’) (Nadler et al., 2000). Each PCR reaction was
performed in a 50 µl reaction volume as described above with each of 391F and 501R
primers. PCR followed an initial denaturation at 95°C for 5 min, followed by 35 cycles of
94°C for 2 min, 55°C for 45 sec, and 72°C for 2 min, followed by a final extension at
72°C for 7 min. 10 μl aliquots of each PCR product were visualized after 1% agarose gel
electrophoresis with SYBR Safe DNA gel stain (Thermo Fisher Scientific, Ottawa, ON,
Canada) under ultra-violet light. PCR amplicons of the expected size were each
sequenced independently in both directions using the primers listed above at Psomagen,
Inc., Maryland, USA. The consensus sequences were aligned using the Clustal W
application in BioEdit 1.0.9.0 (Hall, 1999). The corresponding sequences were compared
with nematodes sequences in GenBank using (blast.ncbi.nlm.nih.gov/Blast.cgi).
4.4 Results
4.4.1 Larval shedding monitoring
Third-stage larvae of F. martis and S. nasicola were not detected from the feces of L.
maximus at any point during the three months of the study.
4.4.2 Gastropod digestion
Slugs (n = 5) infected with T. wilsoni-O. rostratus (94%/6%) were digested at 4 weeks
PI. The total number of T. wilsoni was 108-150 L3/slug (Mean = 131 L3; 100% for T.
wilsoni). Slugs (n = 6) infected with O. rostratus-T. wilsoni (96%/4%) were digested at 4
weeks PI. The total number of O. rostratus L3 was 21-54 L3/slug (Mean = 37 L3; 96% for
O. rostratus, 4% for T. wilsoni). Slugs (n = 7) O. rostratus-T. wilsoni (98%/2%) were
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digested at 4 weeks PI. The total number of mix L3 recovered was between 30-78 L3/slug
(Mean = 54 L3; 87% for O. rostratus, 10% for T. wilsoni).
Slugs (n = 5) infected with F. martis were digested at 8 weeks PI to determine if they
were infected. A total of 116-294 L3/slug (Mean = 177 L3) were recovered. After 12
weeks PI, L. maximus slugs infected with F. martis (n = 8) and S. nasicola (n = 9) were
digested. The total number of F. martis L3 was 125-210 L3/slug (Mean = 169 L3), while
the total number of S. nasicola L3 was between 1-12 L3/slug (Mean = 5 L3).
4.4.3 Morphological identifications of L3
The T. wilsoni L3 (n = 6) measured between 412-430 µm; Mean = 424 µm (Fig. 4-4).
Near the termination of the caudal end there are two indentations along the ventral
surface and the caudal end terminated in a fine point (Fig. 4-5). For O. rostratus, the
larvae measured (n = 7) between 468-514 µm; Mean = 491 µm (Fig. 4-6). The caudal end
terminates in a simple point, but fine serrations were noted between the anus and the
point of the caudal end (Fig. 4-7).
Interestingly, small numbers of A. abstrusus L3 (3%) were also isolated from the O.
rostratus-T. wilsoni (98%/2%) infected slugs. Larvae (n = 3) measured between 514-569
µm; Mean = 547 µm and a rounded knob was present at the termination of the caudal end
(Fig. 4-8, Fig. 4-9).
The F. martis L3 (Fig. 4-10) measured (n = 10) between 444-474 µm (Mean = 452 µm)
and the caudal end terminated in a fine point (Fig. 4-11).
Surprisingly, two different larval stages were recovered from the slugs infected with S.
nasicola (Fig. 4-12). One larval type (A) measured (n = 4) 800-852 µm (Mean = 818 µm)
with a caudal end terminating in a simple point (Fig. 4-13, Fig. 4-14). The second larval
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type (B) measured (n = 3) 412-450 µm (Mean = 427 µm) (Fig. 4-15). Near the
termination of the caudal end there were two indentations along the ventral surface and
the caudal end terminated in a fine point (Fig. 4-16).
4.4.4 Molecular identifications of L3
The larval sequences of T. wilsoni (recovered by the slug digestion-adult worms) SSU
rRNA gene shares 100% similarity with the Troglostrongylus wilsoni isolated from a
Bobcats (Lynx rufus) from USA (AY295820) and 99.8% similarity respectively to both
Troglostrongylus brevior and Troglostrongylus sp. from cat from Italy and Spain
(JX290562, GU946677).
The O. rostratus sequences of the SSU rRNA gene from the larvae isolated from the
lynx (recovered by the slug digestion-coiled O. rostratus) shares 100% identity with
Oslerus rostratus isolated from a Bobcat (Lynx rufus) from USA (GU946678), and 99%
similarity to Oslerus rostratus from cats (Felis catus) from Thailand and Italy,
respectively (MF945632, KM035792). The sequence of the SSU rRNA gene from the
larvae isolated from the lynx (recovered from the slug digestion-O. rostratus-mix lung
tissues) shares 100% identity with Oslerus rostratus isolated from a Bobcats (Lynx rufus)
from USA (GU946678), 99.5% similarity to Oslerus rostratus isolated from a cat (Felis
catus) from Thailand (MF945632), and 99.2% similarity with Troglostrongylus wilsoni
isolated from a Bobcats (Lynx rufus) from USA (AY295820).
The partial SSU rRNA gene region from the larvae of F. martis (recovered by the slug
digestion) shares 99.4% tentative similarity with the Filaroides martis isolated from
American mink (Mustela vison) from Canada (AY295807). The partial LSU rRNA gene
region from the mixed larvae of S. nasicola (recovered by the slug digestion) shares
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100% identity with Skrjabingylus nasicola isolated from American mink from Canada
(MT096404), and 94.8% similarity with the Skrjabingylus chitwoodorum isolated from
the skunk (Mephitis mephitis) from USA (AY292805).
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Fig 4-1: At post-mortem: an infected mink (Neovison vison), PEI, Canada.

Fig 4-2: Dissection of a mink skull to recover adult sinus worms (Skrjabingylus
nasicola) from the frontal nasal cavity.
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Fig 4-3: An adult female and male of sinus worms (Skrjabingylus nasicola).
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Fig 4-4: Third-stage larvae of Troglostrongylus wilsoni recovered by the digestion of an
infected Limax maximus (heat-fixed in 2% formalin).

Fig 4-5: The caudal end of third-stage larvae of T. wilsoni recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin). Near the termination of the
caudal end there are two indentations along the ventral surface and the caudal end is a
fine point.
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Fig 4-6: Third-stage larvae of Oslerus rostratus recovered by the digestion of an infected
Limax maximus (heat-fixed in 2% formalin).

Fig 4-7: The caudal end of third-stage larvae of O. rostratus recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin). The caudal end terminates in a
simple point and note the fine serrations between the anus and the point of the caudal
end.
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Fig 4-8: Third-stage larvae of Aelurostrongylus abstrusus recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin).

Fig 4-9: The caudal end of third-stage larvae of A. abstrusus recovered by the digestion
of an infected Limax maximus (heat-fixed in 2% formalin). Note the caudal end
terminates as a rounded knob.
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Fig 4-10: Third-stage larvae of Filaroides martis recovered by the digestion of an
infected Limax maximus (heat-fixed in 2% formalin).

Fig 4-11: The caudal end of third-stage larvae of F. martis recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin; viewed under oil-immersion
objective). The termination of the caudal end has a fine point.
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Fig 4-12: Two differently sized larval types (A, B) of Skrjabingylus nasicola recovered
by the digestion of an infected Limax maximus (heat-fixed in 2% formalin).
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Fig 4-13: Larval type (A) of Skrjabingylus nasicola recovered by the digestion of an
infected Limax maximus (heat-fixed in 2% formalin).

Fig 4-14: The caudal end of larval type (A) of S. nasicola recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin; viewed under oil-immersion
objective). The caudal end has a fine point.
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Fig 4-15: Larval type (B) of S. nasicola recovered by the digestion of an infected Limax
maximus (heat-fixed in 2% formalin).

Fig 4-16: The caudal end of larval type (B) of S. nasicola recovered by the digestion of
an infected Limax maximus (heat-fixed in 2% formalin; viewed under oil-immersion
objective). Near the termination of the caudal end there are two indentations along the
ventral surface and the caudal end has a fine point.
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4.5 Discussion
Lungworms play a vital role in feline respiratory diseases and species such as O.
rostratus and Troglostrongylus spp., which are known to infect wild felids, have been
recognized in domestic cats in Europe (Juste et al., 1992; Jefferies et al., 2010; Annoscia
et al., 2014; Varcasia et al., 2014; Crisi et al., 2017; Febo et al., 2019). This is a
consequence of a spill-over event from the close association of domestic animals and
wild reservoirs. Nematodes are a highly diverse group that shows a variety of adaptations
to extreme environments, and many metastrongyloids have adapted and evolved
strategies to survive outside and inside its definitive host. Spontaneous larval shedding is
a common feature in most gastropod-borne metastrongyloids. Detection of
metastrongyloid L3 in the feces, mucus or through the body surface of gastropods
emphasizes the importance to the parasite life cycle of being able to shed and survive
outside the intermediate host spontaneously. Metastrongyloids likely leave their hosts
once the infective stage is reached thereby increasing the probability of transmission. The
current study aimed to test the susceptibility of L1 of F. martis, O. rostratus, S. nasicola
and T. wilsoni to survive freezing and their ability to be infectious to the intermediate
hosts. The study aimed also to assess the potential shedding of L3 for F. martis and S.
nasicola via slug feces.
In the present study, L1 were recovered alive and highly motile from a frozen lynx and
mink carcasses. First stage larvae of A. abstrusus, F. martis, O. rostratus, S. nasicola, and
T. wilsoni were found to be able to infect gastropods (L. maximus) successfully.
Surviving freezing in other metastrongyloids had been identified previously; for instance,
Crenosoma vulpis (fox lungworm) L1 survived freezing for 4-5 months in red fox
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carcasses (Conboy et al., 2017), and Crenosoma globlei L1 were recovered from raccoons
frozen up to 14 months (Snyder, 1985). The infectivity of previously frozen C. vulpis
larvae for gastropods was also reported (Conboy et al., 2017). Another study showed that
L1 of S. nasicola were alive in some stoat and weasel carcasses that had been frozen for
between 10 days to 13 months (Simpson et al., 2016). First-stage larvae of S. nasicola
shed into the environment are highly susceptible to desiccation. Low humidity and high
temperatures reduced survival of the larvae (Hansson, 1974). Freezing survival of various
protostrongyloid nematodes have been reported previously as well. For instance, Shostak
and Samuel, (1984) reported the survival of Parelaphostrongylus odocoilei L1 suspended
in water and frozen at -25°C for 280 days. Elaphostrongylus rangiferi L1 survived
freezing in water and feces at -20°C for 360 days (Lorentzen and Halvorsen, 1986).
Parelaphostrongylus tenuis L1 survive at -14°C in frozen fecal pellets for four months
(Forrester and Lankester, 1998). In another study, Umingmakstrongylus pallikuukensis
and Varestrongylus eleguneniensis L1 held in water from -10 to 80°C had high freezing
survival for 180 days (Kafle et al., 2018). These nematodes are successful organisms
because of their ability to adapt to diverse habitats and survive extreme environmental
conditions, factors which significantly increase the risk of infection for the definitive and
paratenic hosts. The capability of L1 to survive freezing is widespread in most of the
superfamily Metastrongyloidea, which may be a common feature (an important aspect of
transmission) in all gastropod-borne metastrongyloids.
The morphology and size of the L3 were consistent with that reported previously for
the three species; A. abstrusus, O. rostratus, and T. wilsoni (Conboy et al., 2017). Sizes
of species might be varied among studies, and that could be attributed to geographic
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differences. The metastrongyloid species L3 in this study were differentiated from each
other based on distinctive caudal end morphology. The caudal end of T. wilsoni was
similar to the larvae recovered from slugs infected with S. nasicola (Type B). The caudal
end of A. abstrusus is similar to that of A. vasorum (Conboy et al., 2017). Morphological
identification is likely insufficient to identify L3 recovered in field surveys of
metastrongyloid infections in gastropods in any area where infections are endemic with
various species. Morphological similarities can confound the identification; therefore,
many studies have used additional molecular methods for species confirmation (Giannelli
et al., 2014; Aziz et al., 2016; Colella et al., 2016; Lange et al., 2018).
In this study, a few L3 of A. abstrusus were detected, indicating that Lynx canadensis
may be a susceptible definitive host. Aelurostrongylus abstrusus (cat lungworm) is the
most common lungworm of domestic cats (Felis catus) and it has been reported in other
wild fields such as Felis bengalensis euptilurus, Lynx lynx, Caracal caracal, Panthera
leo, and Leptailurus serval (Szczesna et al., 2006; Gonzáles et al., 2007; Traversa and Di
Cesare, 2013; Di Cesare et al., 2016). It is likely that spillover of A. abstrusus from
domestic cats will increase the risk of lungworm infection in wild felids.
Several terrestrial mollusks have been reported for their suitability to serve as
intermediate hosts for S. nasicola, including Agriolimax reticulatus, Cochlicopa lubrica,
Euparypha pisana, Helicella arenosa, Mesodon thyroidus, and Zenobiella rubiginosa
(Dubnitski, 1956; Theron, 1975; Lankester,1983). Zonitoides arboreus, Discus cronkhitei,
Deroceras gracile, Succinea ovalis, Anguispira alternate, and Mesodon thyroidus have
been reported for F. martis (Anderson, 1962; Ko and Anderson, 1972). To our knowledge,
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this is the first report of suitability of Limax maximus as an intermediate host for F. martis
and S. nasicola.
Spontaneous shedding of L3 by gastropods of F. martis and S. nasicola was not
detected in this study. During the three months of the study, no L3 were found shed in the
gastropod feces. This observation may be the result of the low infection burden achieved
with S. nasicola. Only 1-12 L3 (Mean = 5 L3) were recovered from each slug via
digestion. This infection level was far below that reported for L. maximus shedding of
other metastrongyloid species with means ranging from 46-469 /slug (Conboy et al.,
2017). In contrast, the recovered L3 of F. martis was 125-210 L3/slug at digestion, which
is comparable to the infection level reported by Conboy et al., (2017). Thus, F. martis
may not be shed. Shedding was found to occur even at comparable low worm burdens for
the protostrongylids; for instance, the total number of L3 of U. pallikuukensis that
emerged from Deroceras laeve was 1-19 L3 at a dose of 500 L1/slug (Kutz et al., 2000).
The total number of L3 of P. odocoilei that emerged from D. leave ranged from 8-21 L3
(Mean = 7) at a dose of 500 L1/slug (Jenkins et al., 2006). Low shedding levels (1-3% of
the worm burden) for various metastrongyloids, including A. abstrusus, A. vasorum, C.
vulpis, O. rostratus, and T. wilsoni have been reported by Conboy et al., (2017). A
possible explanation for this is that Limax maximus may not be a suitable intermediate
host for F. martis and S. nasicola. Further research to experimentally infect different
gastropod species with both nematodes is needed. Moreover, the reason could be
attributed to variation between the experimental and natural infection of these parasites;
for instance, environmental factors may stimulate higher levels of shedding in naturally
infected gastropods.

233

The morphology of caudal end of F. martis L3 was similar to that described in
previously reported studies; however, the size of L3 in our study (444-474 µm) was larger
than 318-362 µm and 175-368 µm as reported by Anderson, (1962) and Ko and
Anderson, (1972), respectively. The morphology and size of the large (Type A) S.
nasicola L3 recovered in this study were consistent with the previous description by
Lankester (1983). The smaller (Type B) L3 recovered were identifcal in size and
morphology to the L3 of T. wilsoni and most likely were present due to a laboratory
contamination at the time the morphological examinations were conducted.
Unfortunately, it was impossible to differentiate the larval types from the mixed sample
using the conserved nematode primers. Molecular resolution of this potential contaminant
would require isolation of each larval type separately in order to use these conserved
primers to differentiate the larvae.
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CHAPTER 5
CONCLUSIONS AND FUTURE RESEARCH

In the studies performed in this thesis, the overarching objective was to investigate the
efficacy of the existing treatment modalities (Chapter 2) and explore complementary
diagnostic techniques for metastrongyloid infections in dogs and cats (Chapter 3).
Additionally, the survival and retention of infectivity of metastrongyloid first-stage larvae
(Filaroides martis, Oslerus rostratus, Skrjabingylus nasicola, and Troglostrongylus
wilsoni) to freezing was investigated (Chapter 4). Finally, the possibility of spontaneous
shedding of third-stage larvae (L3) was investigated in the metastrongyloid parasites
Filaroides martis and Skrjabingylus nasicola recovered from American mink (Chapter
4).
In Chapter 2, the main aim of the study was to test the in vitro efficacy of six common
anthelmintics (eprinomectin, ivermectin, milbemycin oxime, moxidectin, selamectin, and
fenbendazole) on motility of the L3 of Crenosoma vulpis, Angiostrongylus vasorum, and
Aelurostrongylus abstrusus. This investigation was conducted to evaluate the usefulness
of these drugs as a monthly prophylactic regime for dogs and cats. These anthelmintics
have primarily been used prophylactically against the third and fourth-stage larvae (L3
and L4) of Dirofilaria immitis (heartworm disease). For instance, ivermectin, milbemycin
oxime, moxidectin, and selamectin are given once a month (oral or topical
administration) or by injection every six months in case of moxidectin (Bowman, 2014).
In this study, anthelmintic efficacy based on the inhibition of larval motility was
evaluated in vitro against three species of infective lungworm larvae. Previously
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established in vitro assays have been used for the detection of anthelmintic resistance and
are commonly based on the effects on growth, development, and movement of various
nematode species from ruminants, canids, rodents, and humans (Gill et al., 1995; Gill and
Lacey, 1998; Satou et al., 2001; Kotze et al., 2004; Kotze et al., 2006; Silbereisen et al.,
2011; Tritten et al., 2012; Hansen et al., 2014). Historically, one limitation of this assay is
the subjectivity surrounding the visual assessment of larval motion. Standardization is
very difficult due to conflicting interpretations of what constitutes larval movement and
how much movement is necessary for larvae to be considered motile. Therefore, in the
assays conducted in this thesis, warmed digest solution containing pepsin and HCl was
used to effectively trigger the activity of C. vulpis, A. vasorum, and A. abstrusus larvae.
The use of this warmed digest solution to stimulate the larval movement has been
previously validated (Conboy et al., 2017). In the absence of the digest solution, larval
movement may not be observed; thus, the motility assay could not be appropriately
performed, giving a false negative.
This assay showed that the most sensitive lungworm species to the drugs tested was C.
vulpis, as drug concentrations necessary to achieve 50% larval mortality remained below
published mean Cmax concentrations (McKellar et al., 1990; Sarasola et al., 2002; AlAzzam et al., 2007; Gokbulut et al., 2007; Xu et al., 2014). However, C. vulpis was least
susceptible to fenbendazole. A. abstrusus was susceptible to only moxidectin and
selamectin since the required drug level to kill 50% of the larvae was lower than the Cmax
concentrations that have been recorded in cats (Sarasola et al., 2002). Interestingly, A.
vasorum was the least susceptible species to the different anthelmintics tested since the
necessary drug concentrations to kill 50% of L3 larvae were considerably above the
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achievable Cmax concentrations in dogs (McKellar et al., 1990; Al-Azzam et al., 2007;
Gokbulut et al., 2007; Xu et al., 2014). The results indicate the lack of drug efficacy
against the L3 of A. vasorum.
There are some limitations in the current study that must be taken into consideration in
future research using this assay. The presence of mixed infections with A. vasorum and
C. vulpis species was a confounding factor that complicated the interpretation of larval
motility assay results. The use of motility response to determine the efficacy of a drug in
mixed infections is questionable because different species may respond with different
degrees of movement to the drug tested. Thus, isolating pure larvae is vital to avoid
ambiguous results. Dual infection has been found in Newfoundland in red foxes and dogs
(Conboy, 2004; Jeffery et al., 2004). This could be a concern for dog owners if their dog
is infected with both parasites because the drugs may impact the species differently, as
demonstrated in this study.
Other research areas that need to be addressed are (1) to adequately assess
anthelmintics as preventative treatments to kill the immature stages (L3, L4) of
lungworms in a clinical setting and (2) designing a drug assay to evaluate the efficacy
against L4. In order to isolate L3 (the infective stage) from slugs in this study, L1 were
recovered from infected lung tissue (C. vulpis) or from the feces of infected animals (A.
vasorum and A. abstrusus) using a lung flush or Baermann technique. Then, slugs were
fed L1 contaminated lettuce and held at 16°C for four weeks to produce L3. Currently, a
method to induce the L3 to moult to L4 in vitro has not been developed. To develop L3 to
L4 in vitro, the efficacy of different components in culture media should be tested to
observe the moult and growth of L4.
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Important caveats (or considerations) for future research in this field are (1)
understanding the mechanism(s) responsible for the lack of drug susceptibility of A.
vasorum L3 in vitro, and (2) determining whether certain host factors, including immune
response, drug absorption, distribution and metabolism, or differences in drug
metabolism between immature stages versus adult worms contribute to therapeutic
success.
In Chapter 3, the use of published molecular methods (PCR primer sets and assays and
DNA sequencing) was evaluated as a complementary means of confirming the
morphological diagnosis of metastrongyloid lungworm first-stage larvae L1 by (1)
surveying unknown host fecal samples that were collected from various regions in PEI
and (2) assessing clinical fecal samples that were submitted to the AVC diagnostic lab for
confirmation of lungworm infections. The subtle differences in L1 morphology between
lungworm species, confounded by the presence of other nematode larval species (e.g. the
hookworm, Uncinaria stenocephala), may jeopardize accurate diagnosis by a novice; and
thus may have considerable impact on determining the most appropriate treatment
regimen. To improve the accuracy of diagnosis, molecular identification should be
undertaken in parallel to complement the morphological identification of parasites.
Molecular methods are a promising tool in many studies on nematode parasites because
of their high specificity and sensitivity (Nuchprayoon et al., 2006; Nielsen et al., 2008;
Tavares et al., 2011). In the current study, first-stage larvae of lungworm species were
isolated from fecal samples via the Baermann technique and morphologically identified
in the context of the history. Thirty-nine out of 119 fecal samples were Baermann
positive and were subjected to PCR and DNA sequencing of the SSU rRNA gene, two
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regions of the LSU rRNA gene, or ITS2. As a result, C. vulpis (17), A. abstrusus (2), A.
vasorum (2) and one case of Crenosoma sp., O. rostratus and P. odocoilei positive-fecal
samples were definitively confirmed. These molecular methods were employed in three
distinct studies; (1) clinical crenosomosis in a black bear (Ursus americanus), (2) clinical
co-parasitic infections in a cat imported from Thailand, and (3) the finding of spurious
larval nematodes in a dog. Our findings in the study were (1) the larvae recovered from
feces of a black bear cub were identified morphologically as Crenosoma sp. and were
tentatively diagnosed as C. petrowi based on length measurements. The molecular results
of larval sequences using SSU rRNA gene and the two LSU rRNA gene regions shared
high similarity with Crenosoma mephiditis based on three gene regions. After conducting
a phylogenetic tree analysis, Crenosoma sp. formed a sister-group association with
Crenosoma mephiditis. (2) Morphological examination of feces of a cat from Thailand
revealed Mammomonogamus sp. eggs, Spirometra sp. eggs, and Cystoisospora sp.
oocysts that were found on fecal flotation. In addition, unknown first-stage nematode
larvae were identified using the Baermann method. By using SSU rRNA gene sequence,
L1 was 99.6-99.9% identical to Oslerus rostratus. (3) Morphological identification of the
dog feces revealed a finding of Giardia duodenalis cysts and nematode larvae L1 on
centrifugal fecal flotation and Baermann examination, respectively. The morphology of
the larvae was similar, but not identical, to the morphology of Angiostrongylus vasorum.
Tentative morphological identification of the larvae recovered from this dog was
Parelaphostrongylus sp. contingent upon the dog previously ingesting deer feces.
Molecular analysis confirmed the morphological identification to genus and was able to
identify the larvae to species. The partial LSU rRNA gene region from the larvae shared

249

100% identity with Parelaphostrongylus odocoilei. A thorough history of the case was
found to be essential in resolving the confusion in diagnosis. These molecular methods
also confirmed the presence of A. vasorum in PEI. In all four cases, the larval stages
could not be differentiated based on morphology alone and the addition of molecular
methods provided clarity to the tentative diagnosis indicating that combining these
methods may lead to better diagnostic resolution.
The use of molecular methods to identify parasites in fecal samples has some
disadvantages. For example, one barrier in our study was fungal contamination in some
fecal samples with low larval burdens (Appendix-A, Table A2). Fungal DNA
contamination in fecal materials can adversely impact the results of molecular studies,
particularly when investigating samples with a low amount of target DNA. To reduce
fungal DNA contaminantion, the samples were washed with Phosphate-Buffered Saline
containing antimicrobial compounds (Appendix-B) according to Jefferies et al., (2010).
However, this method failed to reduce the impact of contaminants in the subsequent
PCR. Such contamination is a concern for rRNA gene sequencing, which requires
targeted PCR amplification and enrichment; therefore, awareness of this issue is critical
to ensure that studies are adequately controlled. This study highlighted the importance of
obtaining the freshest sample when attempting to diagnose the parasites to reduce
environmental contamination and thereby improve parasite detection. Moreover, specific
primer design for target DNA is vital for future amplification success. Approaches such
as choosing a DNA extraction protocol and using additives such as bovine serum albumin
or dimethyl sulfoxide to overcome inhibition and facilitate amplification are required.
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Since universal nematode-specific primers were used in this study (Chapter 3),
another barrier was mixed infections with two or more nematode species. For example, in
the fecal survey, mixed infection of C. vulpis and U. stenocephala had been identified
morphologically (Appendix A, Table A1); however, the universal nematode primer sets
were only able to detect the one species that had a high worm burden (therefore more
DNA). In addition, detection of mixed infections with C. vulpis and A. vasorum that were
obtained from red foxes in Newfoundland had been observed previously (Chapter 2). The
choice of primer sets could therefore have a major influence on the results. Thus,
designing specific primers for each parasite species is necessary to detect individual
parasite species from mixed infections. In an attempt to resolve this issue, published ITS2
primer sets that were specifically designed for C. vulpis and A. vasorum were used to
determine the analytical specificity and sensitivity for detecting parasites during mixed
infections (Appendix-C). The results of this study give rise to several conclusions,
namely (1) all A. vasorum samples (purified DNA from an adult worm, L1, and L3) were
successfully amplified using the two published primer sets that are specific to A. vasorum
and subsequently confirmed by DNA sequencing, and (2) both primer sets were used to
detect A. vasorum from mixed infection cases (including C. vulpis and A. vasorum, A.
vasorum and fungal DNA, U. stenocephala and A. vasorum). These results are promising
for future research. (3) Unfortunately, the primer set for C. vulpis failed to confirm the
presence of C. vulpis since these primers are a qPCR primer that require a probe sequence
to increase the specificity to detect C. vulpis. Further research is needed to design specific
primers for C. vulpis to enhance the detection of the parasite and facilitate the rapid
diagnosis in mixed infection cases. (4) Lastly, the presence of A. vasorum was confirmed
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in a scat sample from Montague, PEI; thus, a long-term study needs to be established
involving specimens from a random sampling of dogs, red foxes, coyotes by applying
conventional and molecular methods. Inclusion of a molecular confirmatory test would
be a logical solution for the diagnosis of parasitic infections that have similar
morphologies. For future research directions, the development of next-generation
diagnostic tools offers significant advantages in detecting infectious diseases of animals
and monitoring drug resistance (Gwinn et al., 2019); therefore, this could be a turning
point in the diagnosis and treatment recommendations for lungworm infections of
companion animals.
In Chapter 4, the aim of the study was to test the susceptibility of the L1 stage of
Filaroides martis, Oslerus rostratus, Skrjabingylus nasicola, and Troglostrongylus
wilsoni to survive freezing and their subsequent ability to be infectious to a gastropod
host. Various metastrongyloids have adapted and evolved strategies to survive both
outside and inside their definitive host. The ability to survive freezing has been
previously reported in multiple species, including Crenosoma vulpis, Crenosoma goblei,
Elaphostrongylus spp., Parelaphostrongylus spp., Skrjabingylus nasicola,
Umingmakstrongylus pallikuukensis, and Varestrongylus eleguneniensis (Shostak and
Samuel, 1984; Snyder, 1985; Lorentzen and Halvorsen, 1986; Forrester and Lankester,
1998; Simpson et al., 2016; Conboy et al., 2017). Retention of infectivity to gastropods
has been confirmed in various protostrongylids (e.g. Elaphostrongylus cervi,
Parelaphostrongylus odocoilei, Umingmakstrongylus pallikuukensis), and C. vulpis (Kutz
et al., 2001; Samuel et al., 2001; Jenkins et al., 2006; Conboy et al., 2017). In the present
study, a lynx (Lynx canadensis) and mink carcasses were stored frozen for two weeks and
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5-7 months, respectively. L1 of F. martis, O. rostratus, S. nasicola, and T. wilsoni were
detected alive and highly motile. These larvae were found to be able to infect gastropods
(L. maximus) successfully. Incidentally, three L3 of Aelurostrongylus abstrusus were also
recovered after slug digestion, indicating that L. canadensis may be a susceptible
definitive host to the cat lungworm. This is likely a consequence of a spillover from
domestic cats.
Spontaneous larval shedding, which is a common feature in most gastropod-borne
metastrongyloids (e.g. angiostrongylids, crenosomatids, filaroids, and protostrongylids)
was explored (Heyneman and Lim, 1967; Ubelaker et al., 1980; Kralka and Samuel,
1984; Kutz et al., 2000; Barçante et al., 2003; Jenkins et al., 2006; Giannelli et al., 2015;
Conboy et al., 2017). Detection of metastrongyloid L3 in the feces or through mucus
secretions via the body surface of gastropods has been confirmed previously (Giannelli et
al., 2015; Conboy et al., 2017), emphasizing the important role in parasite transmission.
The intent of the study was to assess the potential shedding of L3 from two
metastrongyloid species (Filaroides martis and Skrjabingylus nasicola) infecting
American mink. In this study, slug feces were examined twice a week for three months.
No L3 from either species were detected in the gastropod feces over the course of the
experiment. Interestingly, two different size larval types, possessing distinctly different
caudal-end morphology were recovered from the digestion of L. maximus slugs infected
with S. nasicola. This observation could be attributed to a small contamination with T.
wilsoni L3.
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To sum up:


Anthelmintic efficacy was evaluated in vitro against three species of infective lungworm
larvae, which was based on the inhibition of larval motility (Chapter 2).



C. vulpis L3 were the most sensitive to the anthelmintics tested, whereas A. vasorum L3
were not susceptible to all anthelmintics tested, except for selamectin at high drug
concentrations. A. abstrusus L3 were most susceptible to moxidectin and selamectin
(Chapter 2).



A molecular confirmatory testing was a logical solution for the diagnosis of
metastrongyloid infections that have similar morphologies (Chapter 3).



DNA contamination in fecal materials can adversely impact the results of molecular
studies (Chapter 3).



Approaches to overcome inhibition and facilitate amplification were performed; for
example, washing contaminated samples with Phosphate-Buffered Saline containing
antimicrobial compounds (Appendix-B). In addition, testing published ITS2 specific
primers for each target was used to solve environmental contamination or mixed
infections (Appendix-C).



The ability to survive freezing and retention of infectivity to gastropods has been
confirmed for A. abstrusus, F. martis, O. rostratus, S. nasicola, and T. wilsoni. No
spontaneous larval shedding of S. nasicola and F. martis were recovered from slug feces
during this study (Chapter 4).
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Appendix-A:
Table A1: Identification of parasites in fecal samples collected from different regions in PEI
#

Date

Sample source

Method used

Morphological identification

Molecular identification

1

23/11/2017

Beach Grove bridge

23/11/2017

Beach Grove bridge

3

23/11/2017

Beach Grove bridge

4

01/12/2017

Beach Grove bridge

5

01/12/2017

Cornwall

6

05/12/2017

Beach Grove bridge

7

05/12/2017

Beach Grove bridge

8

05/12/2017

Beach Grove bridge

9

05/12/2017

Beach Grove

10

05/12/2017

Beach Grove

11

05/12/2017

Beach Grove

12

05/12/2017

Maypoint field

13

05/12/2017

Maypoint field

14

05/12/2017

Maypoint field

15

05/12/2017

Maypoint field

Crenosoma sp.- free living nematodes
Negative
Crenosoma sp.
Negative
Crenosoma sp.
Negative
Negative
Negative
Negative
Negative
Crenosoma sp.
Negative
Crenosoma sp.
Negative
Crenosoma sp.
Negative
Negative
Negative
Hookworm larvae (misidentified Crenosoma sp.)
Negative
Negative
Negative
Negative
Negative
Crenosoma sp.
Negative
Negative
Negative
Negative
Negative

Crenosoma vulpis

2

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
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Crenosoma vulpis
Not confirmeda
N/A
N/A
Not confirmedb
Not confirmedc
Crenosoma vulpis
N/A
Anclylostoma caninum/
Uncinaria stenocephala
N/A
N/A
Crenosoma vulpis
N/A
N/A

16

07/12/2017

Maypoint field

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF

Negative
Negative
Negative
Monocystis sp.
Negative
Eucoleus boehmi-Alaria
Crenosoma sp.- hookworm larvae
E. boehmi-Cystoisospora canis-Monocystis sp.
Negative
Chorioptes mite
Negative
Monocystis sp.- hookworm eggs-Toxocara canis

17

16/04/2018

Grazing area for AVC horses

18

16/04/2018

Grazing area for AVC horses

19

16/04/2018

Grazing area for AVC horses

20

16/04/2018

Grazing area for AVC horses

21

16/04/2018

Grazing area for AVC horses

22

16/04/2018

Grazing area for AVC horses

23

16/04/2018

Grazing area for AVC horses

24

16/04/2018

Grazing area for AVC horses

25

16/04/2018

26

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF

Crenosoma sp.
Hookworm eggs-Alaria-Monocystis sp.
Negative
E. boehmi-Toxocara canis
Hookworm larvae
Alaria- E. boehmi

Mucor circinelloides

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

N/A

26/04/2018

Queen St. Charlottetown

27

29/04/2018

Strawberry Hill, Stratford

28

29/04/2018

Strawberry Hill, Stratford

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF

Negative
Eimeria sp.-Cystoisospora canis-E. boehmi-Toxocara
canis- hookworm eggs
Negative
Negative
Negative
Hookworm eggs
Crenosoma sp.
Hookworm eggs

29

04/05/2018

Cornwall

30

04/05/2018

Cornwall

31

04/05/2018

Cornwall

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF

Negative
Negative
Negative
Negative
Negative-free living nematode
Negative
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N/A
N/A
N/A
Ancylostoma caninum/
Uncinaria stenocephala
N/A
N/A

N/A
N/A

N/A
N/A
Crenosoma vulpis
N/A
N/A
N/A

32

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

33

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

34

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

35

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

36

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

37

09/05/2018

Queen Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

38

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Cystoisospora canis

N/A

39

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

40

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

41

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Chorioptes mite-Giardia cyst

N/A

42

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

43

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

44

11/07/2018

Victoria Park

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

45

11/07/2018

Mckenna Road

Mod Baermn
ZnSO4 FF

Negative-free living nematode
Negative

N/A

46

19/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Crenosoma sp.
Hookworm eggs (larvated)

Ancylostoma caninum/
Uncinaria stenocephala
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47

19/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Hookworm eggs

N/A

48

19/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

49

23/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Hookworm larvae
Nematode larvae (hookworm larvae)

N/A

50

25/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Hookworm larvae
Nematode larvae (hookworm larvae)

N/A

51

25/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Hookworm larvae
Hookworm eggs-Giardia cyst

N/A

52

26/07/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

53

03/08/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Hookworm larvae
Hookworm eggs

N/A

54

07/08/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Hookworm larvae
Hookworm eggs

N/A

55

07/08/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

56

07/08/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

57

07/08/2018

Confederation Trail

Mod Baermn
ZnSO4 FF

Crenosoma sp.-hookworm larvae
Nematode larvae (hookworm larvae)

Ancylostoma caninum/
Uncinaria stenocephala

58

13/05/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
E. boehmi- hookworm eggs

N/A

59

14/05/2019

Suffolk

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

60

15/05/2019

Cavendish Beach

Mod Baermn
ZnSO4 FF

Crenosoma sp.
Negative

Crenosoma vulpis

61

15/05/2019

Cavendish Beach

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A
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62

17/05/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Crenosoma sp.
Hookworm eggs

Crenosoma vulpis

63

24/05/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

64

27/05/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Negative
Hookworm eggs (larvated)-Toxocara canis

N/A

65

23/05/2019

Downtown

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

66

28/05/2019

Brudenell

Mod Baermn
ZnSO4 FF

Negative-free living nematode
Negative

N/A

67

28/05/2019

Brudenell

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

68

28/05/2019

Brudenell

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

69

28/05/2019

Brudenell

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

70

31/05/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

71

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative-free living nematodes
Negative

N/A

72

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

73

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

74

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

75

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

76

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A
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77

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Hookworm eggs

N/A

78

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

79

05/06/2019

Grazing area for AVC horses

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

80

07/06/2019

Beach Grove

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

81

07/06/2019

Beach Grove

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

82

07/06/2019

Beach Grove

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

83

07/06/2019

Beach Grove

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

84

07/06/2019

Beach Grove

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

85

11/06/2019

Johnston St.

Mod Baermn
ZnSO4 FF

Negative-free living nematodes
Negative

N/A

86

11/06/2019

Johnston St.

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

87

11/06/2019

Johnston St.

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

88

11/06/2019

Johnston St.

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

89

11/06/2019

Johnston St.

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

90

17/06/2019

Confederation rail

Mod Baermn
ZnSO4 FF

Negative
Hookworm eggs

N/A

91

17/06/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A
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92

18/06/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative
Negative

N/A

93

27/06/2019

Mckenna Road
Confederation Trail

Crenosoma sp.
Toxocara canis-hookworm eggs-Chorioptes mite
Negative-free living nematodes
Negative

Crenosoma vulpis

28/06/2019

Mod Baermn
ZnSO4 FF
Mod Baermn
ZnSO4 FF

95

29/06/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Free living nematodes-Crenosoma sp.
Hookworm eggs-Monocystis sp.

Crenosoma vulpis

96

29/06/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative-free living nematodes
Hookworm eggs

N/A

97

30/06/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Crenosoma sp.
Negative

Crenosoma vulpis

98

01/07/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Crenosoma sp.-free living nematodes
Hookworm eggs

Crenosoma vulpis

99

15/07/2019

Confederation Trail

Mod Baermn
ZnSO4 FF

Negative-free living nematodes
Negative

N/A

100

28/07/2019

Mckenna Road

Mod Baermn
ZnSO4 FF

Crenosoma sp.
Hookworm eggs

Crenosoma vulpis

101

2020

Montague

Mod Baermn
ZnSO4 FF

Hookworm larvae-A. vasorum
Hookworm eggs (larvated)-nematode larvaeMonocystis sp.

Angiostrongylus vasorum

94

a

Results were inconclusive, and the reason could be attributed to the presence of PCR inhibitors

b

Results were inconclusive, and the reason could be attributed to the presence of PCR inhibitors

c

Results were inconclusive, and the reason could be attributed to the presence of PCR inhibitors
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N/A

Table A2: Identification of parasites in fecal samples submitted to Diagnostic Parasitology at AVC either as in clinic hospital cases,
regional veterinary clinics, or specific cases referred for lungworm identification

Year

Case #

Host

Sample source

Clinical signs

Method used

2017

C902

Dog

Annapolis Animal
Hospital, NS

Baermann

2017

8227

Cat

Southport Animal
Hospital, PEI (origin:
Thailand)

Chronic
cough for 2
weeks
Coughingbreathing
difficulties

2017

1785

Black
Bear

Atlantic Wildlife
Institute, NB

2017

C23118

Dog

2017

C23012

2017

Morphological
identification
Crenosoma vulpis

Molecular identification
Crenosoma vulpis

Gene used
SSU
rRNA

Baermann
ZnSO4 FF

Nematode larvae
Cystoisospora felisMammomonogamus sp.Spirometra sp.

Oslerus rostratus

SSU
rRNA

Coughing

Baermann
Sheather’s
sugar FF

Crenosoma sp. (tentative
as C. petrowi)

Most similar to
Crenosoma mephitidis

Animal Care Hospital
Williams Lake, BC

Coughing

Baermann
ZnSO4 FF

Parelaphostrongylus sp.
Giardia duodenalis

Parelaphostrongylus
odocoiliei

SSU
rRNA &
LSU
rRNA
LSU
rRNA

Dog

Calgary Trail Animal
Hospital

Chronic
cough

Baermann

Angiostrongylus vasorum

Angiostrongylus
vasorum

SSU
rRNA

C24017

Dog

Carp Road Animal
Hospital, ON

Coughing for
1 month

Baerrmann

Crenosoma vulpis

Crenosoma vulpis

SSU
rRNA

2017

F25179

Cat

Sunrise Animal
Hospital, NFL

Baermann

Aelurostrongylus abstrusus

Aelurostronglus
abstrusus

LSU
rRNA

2018

C1295

Dog

Sterling Veterinary
Service, ON

no clinical
signs –
incidental
finding
Coughing for
4 weeks

Baermann
ZnSO4 FF

Crenosoma vulpis
Giardia cyst

not confirmeda

SSU
rRNA

2018

C4383

Dog

West Hill Animal
Clinic, ON

Coughing

Baermann
ZnSO4 FF

Crenosoma vulpis
Negative

Crenosoma vulpis

SSU
rRNA

2018

C4682

Dog

St. Mengent's Bayer

N/A

Baermann

Crenosoma vulpis

Crenosoma vulpis

SSU
rRNA
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2018

C7760

Dog

Clinique Veterinaire
St- Andre Inc, QC

N/A

Baerrmann
ZnSO4 FF

Crenosoma vulpis
Negative

Crenosoma vulpis

SSU
rRNA

2018

C8375

Dog

Baccalieu Trail
Animal Hospital, NFL

Coughing

Baermann

Angiostrongylus vasorum

not confirmedb

SSU
rRNA

2019

C265

Dog

Baccalieu Trail
Animal Hospital, NFL

N/A

Baermann
ZnSO4 FF

Crenosoma vulpis
Toxocara sp.

Galactomyces
geotrichumc

LSU
rRNA

2019

C267

Dog

Baccalieu Trail
Animal Hospital, NFL

N/A

Baermann

Crenosoma vulpis

Coniochaeta hoffmanniid

LSU
rRNA

2019

C268

Dog

Baccalieu Trail
Animal Hospital, NFL

N/A

Baermann

Angiostrongylus vasorum

Coniochaeta hoffmannie

LSU
rRNA

2019

F1033

Cat

Baccalieu Trail
Animal Hospital, NFL

Baermann

Aelurostronglus abstrusus

Coniochaeta hoffmanniif

LSU
rRNA

2019

C1768

Dog

Baccalieu Trail
Animal Hospital, NFL

Chronic
cough for 6
weeks
Lungworm
suspected

Baermann

Angiostrongylus vasorum

Not confirmedg

LSU
rRNA

2019

F3296

Cat

Tipple

N/A

Baermann
ZnSO4 FF

Aelurostronglus abstrusus
Negative

Aelurostronglus
abstrusus

LSU
rRNA

a

Results were inconclusive, and the reason could be attributed to the low number of larvae recovered from feces resulting in low DNA yield

b

Results were inconclusive, and the reason could be attributed to the low number of larvae recovered from feces resulting in low DNA yield

c

Results were inconclusive due to contamination with fungi species using two regions of LSU rRNA gene

d

Results were inconclusive due to contamination with fungi species using two regions of LSU rRNA gene

e

Results were inconclusive due to contamination with fungi species using two regions of LSU rRNA gene

f

Results were inconclusive due to contamination with fungi species using two regions of LSU rRNA gene

g

Results were inconclusive due to the present of non-specific products using two regions of LSU rRNA gene
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Appendix-B: Evaluation of antimicrobial drugs for reducing contamination of
isolated lungworm L1 from bacteria and fungi

1. Introduction
Molecular methods are commonly used in most diagnostic laboratories and have been
used as confirmatory tests. The sensitivity and specificity of PCR-based diagnostics tests
are high and can be used as an adjunct method to traditional fecal examination methods
(Jefferies et al., 2010; Annoscia et al., 2014; Elsheikha et al., 2016; Cabanova et al.,
2018). Molecular diagnostic tools have been successfully used as a complementary
approach to morphologic evaluation for identifying first-stage larvae of metastrongyloid
species isolated from feces for species confirmation (Cabanova et al., 2018). However,
amplification of the target DNA can be inhibited by several compounds routinely present
in fecal samples such as mucus, lipid, food materials, etc., which can compromise the
efficiency of PCR (Zarlenga and Trout, 2004). The overgrowth/invasion of old fecal
samples by fungi or bacteria may inhibit the amplification of target DNA by providing an
abundant DNA source that is preferentially amplified when using conserved primers.
This may occur when the numbers of lungworm larvae are low which contributes to a
lower yield of DNA. Amplification of a fungal species occurred in three dog cases
infected with lungworm species in the present study. In an attempt to reduce
contaminants, the samples were washed with Phosphate-Buffered Saline containing
antimicrobial compounds according to Jefferies et al., (2010), who likewise used this
method to reduce the contamination of the samples.
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2. Materials and methods
2.1 Parasitological examination
Fecal samples (C265, C267, and C268, see AppendixA, Table A2) were submitted
from Baccalieu Trail Animal Hospital, Newfoundland to the AVC Diagnostic Services
for parasitological examination. The three cases came from the same owner, who had
three beagles. The samples were collected four days before the fecal examination
(samples were collected on the 3rd of January, submitted to the AVC clinic on the 5th
[Saturday] and were examined on the 7th). The contamination may have occurred due to
the collection and submission of samples that were not fresh (allowing for overgrowth).
Alternatively, the delay in refrigeration of the samples after submission may have
contributed to the overgrowth. Feces were examined for the detection of lungworm larvae
using the Baermann technique (Zajac and Conboy, 2012). First-stage larvae were placed
in ATL buffer (Qiagen, Toronto, ON, Canada) for use in molecular characterization.
2.2 Molecular characterization
DNA extraction, PCR, and sequencing
DNA was extracted from 3 and 5 L1 (recovered from the dog feces) using a DNeasy
Blood and Tissue kit (Qiagen, Toronto, ON, Canada) following the manufacturer’s
instructions, except that the proteinase K digestion was between 18 to 22 h at 56°C. PCR
for the SSU rRNA gene (~ 1800 bp partial sequence) was performed (previously
described, section 3.3.2). In addition, two regions of the LSU rRNA gene sequence ( ̴
850–950 bp) were amplified (previously described, section 3.3.2). PCR products were
electrophoresed in a 1% agarose gel and visualized using SYBR Safe DNA gel stain
(Thermo Fisher Scientific, Ottawa, ON, Canada) under ultra-violet light.
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PCR amplicons of the expected size were each sequenced independently in both
directions using the sequencing primers listed above at Psomagen, Inc., Maryland, USA.
Contigs for each of the three gene regions were assembled by combining corresponding
forward and reverse sequences, and the consensus sequences were aligned using the
Clustal W application in BioEdit 1.0.9.0 (Hall, 1999). The corresponding sequences were
compared with nematode sequences in GenBank using BLAST
(blast.ncbi.nlm.nih.gov/Blast.cgi). Sequences with > 98% sequence similarity and 95100% query coverage were included in the final alignment, including representatives of
each lungworm species to determine the nucleotide sequence variation and confirm the
species identity.
2.3 Phosphate-Buffered Saline (PBS) washing solution
Initial attempts at PCR amplification from DNA purified from L1 isolated from the
dog feces were unsuccessful due to the amplification of fungal DNA using the primer sets
(391F-501R and 537F-531R), and no amplifications were obtained from the same
samples using the primer set (NC18SF1 and NC5BR).
Initially, DNA samples were diluted with nuclease-free water (Fisher Scientific, USA) in
an attempt to dilute the concentration of contaminants and amplify the target DNA.
When this did not improve PCR/DNA sequencing results, the treatment method
according to Jefferies et al., (2010) was tried. In brief, 200 µl of feces-suspension
(solution) containing larvae (3-5 L1) recovered by the Baermann technique were
subsequently washed in 800 µl of 1x PBS (Sambrook et al., 1989) containing penicillin
sodium salt (100 IU/ml), streptomycin sulfate (100 µg/ml), and amphotericin B (0.25
µg/ml) (Wisent Inc., Canada), left at room temperature overnight and then centrifuged
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(7,168 g) for 1 min. A further wash in 1x PBS was done before DNA extraction. DNA
extraction, PCR, and sequencing were performed as described previously.
3. Results
3.1 Parasitological evaluation
Only a few lungworm larvae (3 to 5 L1) were detected using the Baermann technique
for each sample. Lungworms were morphologically identified based on caudal end
morphology. Two fecal samples (C265 and C267) were positive for Crenosoma vulpis,
and one sample (C268) was positive for Angiostrongylus vasorum. The caudal end of A.
vasorum is characterized by a sinus wave-shaped kink with a dorsal spine, whereas the
caudal end of C. vulpis ends at a simple point with slight deflection (previously
described, section 3.3.1).
3.2 Molecular characterization
DNA concentrations of the three cases (C-265, C-267 and C-268) were low and were
5.99, 4.93, 2.14 ng/mL, respectively.
Results of the comparison before and after treatment with antimicrobials to reduce
contaminants are shown (Fig. B1 and Fig. B2). Generated amplification fragments ranged
in size from 700-900 bp using the two regions of LSU rRNA gene. Lanes 4 and 5 (before
treatment) appeared to be in greater density compared to the lanes 7 and 8 (after
treatment) samples using the LSU rRNA gene region primers 391F-501R (Fig. B1).
Double bands (non-specific amplification) were noted in lanes 4 and 7, and there were
differences in band migration in all lanes, which were lower as compared to the control.
For LSU rRNA gene region using primers 537F-531R, the bands were aligned with the
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control as compared to the other gene region (Fig. B2). In addition, faint bands in lanes 3,
4, 5, and 6 were observed, and lane 4 showed double bands (non-specific amplification)
with 537F-531R primers (Fig. B2). For the SSU rRNA gene region, no DNA
amplification was observed using NC18SF1-NC5BR primers except a faint band in case
C-268 in lanes 5 and 11 (Fig. B3). The products were ~1800 bp the expected size as
compared to the control.
The DNA sequence results of the two LSU rRNA gene regions from the larvae
isolated from dog cases (C265, C267, and C268) were found to be fungal species after
applying the antimicrobial treatment. The DNA sequences arising from the LSU rRNA
gene regions from the dog case (C-265) shared 99.6% similarity with the members of
fungi Galactomyces geotrichum (JF262190). The DNA sequences from LSU rRNA gene
regions isolated from the other two dogs (C-267-C-268) shared 100% and 99.8%
similarity respectively with the members of fungi Coniochaeta hoffmannii (MH868492,
MG491499).
The exception was the dog case (C-268) using the SSU rRNA gene primers which
shared 99.8% similarity with Angiostrongylus vasorum (EF514916, AJ920365).
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Fig B1: PCR amplification of metastrongyloid DNA using the LSU rRNA gene region
primers 391F-501R. Lane 1, DNA molecular weight marker; lane 2, distilled water
negative control; lanes 3 & 6, case # C-265; lanes 4 & 7, case # C-267; lanes 5 & 8 case #
C-268; lane 9, Crenosoma vulpis L1 positive control. Note: the non-specific amplification
in lanes 4 & 7 and lower band migration in all lanes as compared to the control.

Fig B2: PCR amplification of metastrongyloid DNA using the LSU rRNA gene region
primers 537F-531R. Lane 1, DNA molecular weight marker; lane 2, negative control;
lanes 3 & 6, case # C-265; lanes 4 & 7, case # C-267; lanes 5 & 8 case # C-268; lane 9,
positive control. Note: the non-specific amplification in lane 4 and bands seem to align
with the control as compared to the other gene region.
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Fig B3: PCR amplification of metastrongyloid DNAs using the SSU rRNA gene region
primers NC18SF1-NC5BR. Lanes 1 & 7, DNA molecular weight marker; lanes 2 & 8,
negative control; lanes 3 & 9, case # C-265; lanes 4 & 10, case # C-267, lanes 5 & 11,
case # C-268; lanes 6 & 12, positive control. Note the faint band in lanes 5 & 11.

276

4. Discussion
The extraction of nucleic acids is an essential step for downstream molecular studies.
Although the addition of buffer components in different DNA extraction protocols can
minimize inhibition due to contaminants, carryover may still affect the performance and
interpretation of PCR analytical results (Narayan et al., 2016; Hallmaier-Wacker et al.,
2018). The isolation of L1 of various nematode parasites from feces is usually associated
with potential contamination from mucus, lipids, organic material (humic acids),
overgrowth/invasion of bacteria, fungi, and food material (Zarlenga and Trout, 2004).
Environmental contaminants (e.g. humic acid and polysaccharides) and reagents (e.g.
phenol, and ethanol) may also further inhibit the efficiency of PCR (Wilson, 1997;
Rådström et al., 2004). This study aimed to apply antimicrobials to contaminated samples
for reducing bacteria and fungi in order to isolate DNA from nematode L1.
In the current study, fungal DNA was amplified using conserved nematode LSU
rRNA gene primer sets, which prevented the amplification of the nematode larval DNA.
Coniochaeta hoffmannii (syn. Lecythophora hoffmannii) is a commonly found saprotroph
of soils and leaf litter (Leonhardt et al., 2018). Galactomyces geotrichum is found in
different environments such as soil, plants, fruits, insects and mammals (Jacques et al.,
2017), and it is considered a natural occurring microflora of dairy products (Grygier et
al., 2017). Similar results were found in another study that identified contaminants of
bacterial and fungal DNA with L1 of A. vasorum from dog feces; nevertheless, the
authors did not state the species of the bacteria and fungi (Jefferies et al., 2010). Washing
the larvae with 1x PBS containing antimicrobials (amphotericin B, penicillin, and
kanamycin) successfully removed the contaminants, and DNA was amplified using a
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universal- invertebrate COI primer set (Jefferies et al., 2010). However, this method
failed to reduce or prevent contaminant impacts in the subsequent PCR of the current
study. Treating the samples with antimicrobials may not be helpful as it may cause cell
lysis, and it does not necessarily degrade the fungi from the samples. Thus, for DNA
extraction, the contaminating organism is still present. Penagos-Tabares et al., (2018)
conducted another treatment method to remove bacterial/fungal contamination. Larvae
(L1, L3) of A. vasorum were incubated for 10 min in a 10 mL sodium hypochlorite (0.5%)
solution. The larvae were subsequently washed twice with PBS that containing 3%
penicillin and streptomycin, followed by a further wash with PBS without antibiotics.
This may be an alternative method for future studies to reduce fungal and bacterial
contaminants in fecal samples.
The unsuccessful results in the current study could be attributed to the contaminating
samples with low number of L1 isolated from the feces. Therefore, it is likely that the
amount of fungal DNA present in the sample was considerably more than the target L1
DNA. Salter et al., (2014) and Blackwood et al., (2005) state that a low amount of DNA
starting material may be overwhelmed by contaminating DNA and generate misleading
results. Similar to the present study, Cabanova et al., (2018) attempted to confirm C.
vulpis infection in two dog cases using a PCR method using universal nematode-specific
primers for the SSU rRNA gene. However, they also failed to amplify C. vulpis DNA,
which they determined to be due to the low numbers of L1 used. Insufficient quantity and
quality of larval DNA could lead to amplification failure (Haynes, 2009; Jefferies et al.,
2011). However, the primers used in the current study were nematode-specific primers,
so the primers may have failed to anneal to the correct target DNA sequence due to the
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presence of PCR inhibitors in the sample. This may have occurred due to the competitive
binding of an inhibitor to the DNA template leading to false-positive results. Ribosomal
RNA genes have conserved regions that may account for the amplification of fungi in the
presence of PCR inhibitors rather than target DNA. The primers 391F-501R and 537F531R are not nematode-specific since they can amplify fungal DNA (under less than
optimized conditions) that may have similar sequence to the target nematode. Similarly,
the primers 391F-501R have been used in previous sequence-based studies yielded minor
non-target products (Nadler et al., 2000).
A high concentration of anti-fungal drugs may be needed, or alternatively a drugresistant strain may be present in the sample (Sakaeyama et al., 2007). Coniochaeta
hoffmannii has proven to be resistant to multiple antifungal agents including
amphotericin B (Marriott et al., 1997; Sakaeyama et al., 2007). Therefore, another
treatment may be needed in future studies.
Diluting the samples with distilled water was not useful in this study for decreasing
the concentration of inhibitors. Dilution may impact DNA concentration in the process
leading to a decrease in the sensitivity of PCR (Demeke and Jenkins, 2010). DNA
degradation after extraction varies significantly and may depend on the sample source,
processing, extraction protocol and other contributing factors (Demeke and Jenkins,
2010).
The source of the contamination remains unknown but may have occurred due to the
collecting and submitting of samples that were not fresh and had been invaded by
environmental fungi seeking a nutrient source. It could also be due to a delay in the
refrigeration of the samples after submission, which may have led to overgrowth of
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naturally occurring fungi that are in the gastrointestinal tract of dogs. It is essential to
educate owners on the need for freshly collected fecal samples and appropriate storage
before submission to the clinic. Also, faulty procedures when processing the samples may
lead to fungal contamination (e.g. the use of inappropriate buffers or preservatives,
unclean work surfaces and glassware). Additionally, choosing the best DNA extraction
protocol, including approaches to overcome inhibition and facilitate amplification for
detection is required.
4. Limitations and future approaches
The main limitation of this study was the low number of lungworm larvae isolated
from the feces in certain samples and the fact that they were contaminated with fungi. In
combination with PCR inhibitors, this resulted in non-specific amplification of a nontarget contaminating species that was present in high abundance in the feces. It may
potentially contaminate the outer and inner surfaces of the L1. For future studies, it is
recommended to wash samples with sodium hypochlorite (0.5%) solution and PBS
containing 3% penicillin and streptomycin. This may be useful for samples with low
numbers of lungworm larvae before being frozen or fixed to degrade the contaminating
bacteria/fungi that may have been on the surface of the L1. Alternatively, incubating
samples in selective culture media with and without antibiotics/antifungals to determine
the presence of contaminants may be needed. Another recommendation is to designspecific primers for each nematode species which should allow for specific amplification
of the nematode target instead of. Educating owners on the need for freshly collected
fecal samples and appropriate storage before submission to the clinic is essential. Careful
processing of the samples by a technician (e.g. refrigerating the sample immediately upon
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submission, cleaning work surfaces, autoclaving lab tools [Baermann funnel], and using
appropriate buffers or preservatives when necessary) is critical.
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Appendix-C: Evaluation of published ITS2 primers specific for Crenosoma vulpis
and Angiostrongylus vasorum for detection of parasites during mixed infections

1. Introduction
Molecular diagnostic tools have been successfully used as a complementary method to
morphologically identify first-stage larvae of metastrongyloid species isolated from feces,
blood or lung tissue samples for species differentiation or species confirmation (Caldeira
et al., 2003; Jefferies et al., 2009; Patterson-Kane et al., 2009; Al-Sabi et al., 2010;
Cabanova et al., 2018). PCR-based approaches have been developed for the detection of
Crenosoma vulpis and Angiostrongylus vasorum, and the diagnostic sensitivity of such
methods is high (Helm et al., 2009; Patterson-Kane et al., 2009; Colella et al., 2016).
Real-time PCR or quantitative PCR (qPCR) has been used to amplify the DNA of
parasites obtained from intermediate and definitive host samples (blood or feces)
(Jefferies et al., 2009; Traversa et al., 2010; Jefferies et al., 2011; Aziz et al., 2016;
Colella et al., 2016). However, in comparison with the Baermann method, false-negative
and false-positive PCR results have been reported, where amplified products were
confirmed with sequencing and were also subjected to melt-curve analysis to confirm
species (Jefferies et al., 2009). PCR failure can occur due to multiple factors, including
intermittent larval shedding, infection stage, sample size, DNA extraction method used,
the quality of the clinical samples, or competitive inhibition by non-target DNA
(Traversa and Guglielmini, 2008; Jefferies et al., 2009). A commonly encountered
problem is the mixed infection of the metastrongyloid species C. vulpis and A. vasorum
in samples from Newfoundland. With the finding of A. vasorum in a coyote (Canis
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latrans) in Nova Scotia in 2019, the need for this level of discrimination becomes critical.
Therefore, in order to address this issue, published ITS2 primers that were specifically
designed for C. vulpis and A. vasorum were tested for the analytical specificity (the
ability of the test to differentiate between the correct organism and others) and sensitivity
(a limit of detection). These ITS2 primers were applied to different nematode targets
(different life stages: adult, L1, L3), including C. vulpis, A. vasorum, Oslerus osleri,
Aelurostrongylus abstrusus, Troglostrongylus wilsoni, Oslerus rostratus, Uncinaria
stenocephala, Parelaphostrongylus tenuis, and Skrjabingylus nasicola.
2. Molecular characterization
DNA extraction, PCR, and sequencing
Purified frozen DNA from adult worms of the following species; C. vulpis, A.
vasorum, O. osleri, A. abstrusus, T. wilsoni, O. rostratus, U. stenocephala, P. tenuis, and
S. nasicola was used. Different DNA concentrations (dilutions); 5, 15, 20, 50 ng/µl were
tested for specificity and sensitivity against diluted DNA template derived from adult
worms. Purified frozen DNA from first-stage larvae (L1) of C. vulpis and A. vasorum was
tested. In addition, DNA was extracted from mixed infections with U. stenocephala
(80%) and A. vasorum (20%) L1 (recovered from a fecal sample-AppendixA-Table A1)
and from various numbers of third-stage larvae (1 L3, 5 L3, and 10 L3 recovered by slug
digestion) of the following species; C. vulpis, A. vasorum, A. abstrusus, and T. wilsoni
using a DNeasy Blood and Tissue kit (Qiagen, Toronto, ON, Canada) following the
manufacturer’s instructions, except that the proteinase K digestion was 18 h at 56°C.
Three published ribosomal DNA (rDNA) Internal Transcribed Spacer 2 (ITS2) primer
sets that were designed for C. vulpis and A. vasorum were evaluated by PCR to determine
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the specificity and sensitivity (Table C1). Primer sets were ordered online (Integrated
DNA Technologies, Inc., USA). All primer sets were tested in uniplex reactions where
each of the specific primer sets was added to different tubes with the same sample
template DNA. Each PCR reaction was performed in a 50 μl reaction volume, comprising
0.75, 1, 2 or 2.8 μl of DNA (depending on the dilution to achieve DNA concentrations 5,
15, 20, 50 ng/µl), 5 μl 10x PCR buffer (Qiagen, Toronto, ON, Canada), 1.0 μl of dNTP at
1.25mM (Qiagen, Toronto, ON, Canada), 5 μl each of previously published specific
primers (10µM), 10 μl Q reagent, 3 μl MgCl2 (2mM), 0.5 μl of HotStarTaq (Qiagen,
Toronto, ON, Canada) and the remaining volume made of nuclease-free water. Negative
control samples with 2 µl of nuclease-free water were conducted in place of DNA. The
thermal cycling conditions for each primer pair were described in Table C1. Eight L1 of
A. vasorum were isolated from the mixed sample that contained U. stenocephala
(Source: PEI) and DNA was amplified using a partial fragment of LSU rRNA gene
sequence using primers 537F and 531R (previously described, section 3.3.2). PCR
products were electrophoresed in a 1% agarose gel and visualized using SYBR Safe DNA
gel stain (Thermo Fisher Scientific, Ottawa, ON, Canada) under ultra-violet light. PCR
amplicons of the expected size were each sequenced independently in both directions
using the sequencing primers listed in Table C1 at Psomagen, Inc., Maryland, USA.
Contigs were assembled by combining corresponding forward and reverse sequences.
Consensus sequences, forward or reverse sequences were aligned in BioEdit 1.0.9.0
(Hall, 1999) using the Clustal W application. The corresponding sequences were
compared with nematodes sequences in GenBank using BLAST
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(blast.ncbi.nlm.nih.gov/Blast.cgi). A final alignment with A. vasorum sequences was
constructed in BioEdit to determine similarity and nucleotide variability.
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Table C1: PCR primers for amplification of the Internal Transcribed Spacer 2 (ITS2)

Primer pair

AvasF

Sequence (5'-3')

Parasite
species

Product
size (bp)

A. vasorum

230

A. vasorum

218

C. vulpis

100

ATCGATGACGGTAGCAATGAC

AvasR

TTGCGTGGTTCTTTACGTGCG

AV5

CGATGACGGTAGCAATGACA

AV4

TTTGCGTGGTTCTTTACGTG

CvITS2f

GCATGATATTCGACGATTG

CvITS2r

GTGTGATCTAGTCATGTATAAC

Thermal cycle parameters

94°C for 5 min, 94°C for 30
sec, 60°C for 30 sec, 72°C
for 30 sec
72°C for 5 min
95°C for 5 min
95°C for 45 sec, 58°C for
45 sec, 72°C for 45 sec,
72°C for 10 min
95°C for 5 min
94°C for 15 sec, 60°C for 1
min, 72°C for 30 sec 72°C
for 7 min

Number
of
Cycles

References

30

Helm et al.,
(2009)

35

Al-Sabi et al.,
(2010)

45

Schug et al.,
(2018)

*The bold nucleotides present the similarity between the two primer sets and the identical percentage is between 80-90%.
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3. Results
3.1 Primer sensitivity and specificity
ITS2 amplicons were successfully amplified using the primer pairs AvasF-AvasR and
AV5-AV4. The primer sets produced a distinct ~250 bp band with DNA templates from
different life stages of A. vasorum including adult worm, L1, L3, and even from a single
L3 (Fig. C1, Fig. C2, Fig. C4, Fig. C5). The primer pairs were able to detect A. vasorum
(20%) from mixed infection (80%) with U. stenocephala (Fig. C7). Both primer sets can
detect as low as 5 ng/µl. DNA from other nematodes, including C. vulpis, O. osleri, A.
abstrusus, T. wilsoni, O. rostratus, U. stenocephala, P. tenuis, and S. nasicola was not
amplified (Fig. C1, Fig. C2, Fig. C4, Fig. C5). A faint non-specific band was noticed at
500 bp with DNA from adult worm of P. tenuis using primers AV5-AV4 (Fig. C2). The
primer pair CvITS2f- CvITS2r produced a distinct 100 bp band with DNA from adult
worm, L1 and L3 of C. vulpis (Fig. C3, Fig. C6). A non-specific double-band product was,
however, amplified when tested against adult worms of O. osleri and O. rostratus (Fig.
C3). No non-specific bands that did not correspond to the expected size were sequenced.
3.2 DNA Sequencing
The sequence results of the ITS2 region using AV5-AV4 primer pair shared 100%
identity with A. vasorum isolated from Europe (host: dog, Canis familiaris and red fox,
Vulpes vulpes) (MN178647, MN104952, GU045376, EU627593, EU627594, GU045374,
EU627595, EU627592) (Table C2, Fig. C8, Fig. C9). Additionally, it shared between 9699% similarity with A. vasorum (EU915248, MG252606, MT345058, GU045375,
GU045371, GU045373), and corresponds to single nucleotide polymorphism (transition
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C/T, A/G, or transversion G/C (Table C2, Fig. C8, Fig. C9). The sequence results of the
ITS2 region using AvasF-AvasR primer pair shared 100% identity with A. vasorum
isolated from Europe (host: dog, Canis familiaris; cat, Felis catus; red fox, Vulpes vulpes)
(MN104952, MN178647, GU045376, GU045374, EU627593, EU627594) (Table C3,
Fig. C10). It also shared between 91-99% identity with A. vasorum (DQ028996,
DQ028994 MG252606, GU045375, GU045371, GU045373), and corresponds to single
nucleotide polymorphism (transition C/T, A/G, or transversion G/C (Table C3, Fig. C10).
Morover, insertion occurs in sequence TGA near of the 5’ region of ITS2 and deletion of
TA occurs in the 3’ region of ITS2 (DQ028996, DQ028994) (Fig. C10). The sequencing
of 16 amplicons using the primer pair CvITS2f- CvITS2r failed. The partial LSU rRNA
gene region from the A. vasorum larvae isolated from mixed infection with U.
stenocephala shared 99.8% identity with Angiostrongylus vasorum (AM039758) isolated
from the red fox (Vulpes vulpes) and shared 98.2% identity with Angiostrongylus
cantonensis (AY295821) isolated from the brown rat (Rattus norvegicus).
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Table C2: Percent identities of Angiostrongylus vasorum with previously reported species
in GenBank. Based on alignment of ~ 250 nucleotide positions from ITS2 using primer
pair AV5-AV4

Name, host, origin, and accession number
1 Angiostrongylus vasorum
2 Angiostrongylus vasorum, Canis familiaris, Italy, MN178647*
3 Angiostrongylus vasorum, Ailurus fulgens fulgens, UK, EU915248
4 Angiostrongylus vasorum, Canis familiaris, Canada, GU045373
5 Angiostrongylus vasorum, Wild boar, France, MT345058

L1
100
99
98
96.1

L3
100
99
98
96.1

adult
100
99
98
96.1

* Identical to accession number (MN104952, MK675820, EU627593, EU627594,
GU045372, GU045376, GU045374, EU627595, EU627592, EU627598, EU627597,
EU627596).

Table C3: Percent identities of Angiostrongylus vasorum with previously reported species
in GenBank. Based on alignment of ~ 250 nucleotide positions from ITS2 using primer
pair AvasF-AvasR
Name, host, origin, and accession number
1 Angiostrongylus vasorum
2 Angiostrongylus vasorum, Canis familiaris, Italy, MN178647*
3 Angiostrongylus vasorum, Canis familiaris, Germany, GU045375
4 Angiostrongylus vasorum, Canis familiaris, UK, EU627597
5 Angiostrongylus vasorum, Achatina fulica, Colombia, MG252606
6 Angiostrongylus vasorum, Arion vulgaris, Vienna, MK675820
7 Angiostrongylus vasorum, Canis familiaris, Brazil, DQ028994

L1
100
98.8
97.7
96.5
95.5
91

L3
100
98.8
97.7
96.5
95.5
91

* Identical to accession number (MN104952, EU627593, EU627594, EU627595,
EU627592, EU627596, EU915248, GU045372, GU045376, GU045374).
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adult
100
98.8
97.7
96.5
95.5
91

Fig C1: PCR amplification of adult metastrongyloid DNA using the ITS2 primers AvasFAvasR. Lanes 1 & 9: DNA molecular weight marker; lanes 2 & 15: distilled water
negative control; lane 3: A. vasorum; lane 4: C. vulpis; lane 5: O. osleri; lane 6: P. tenuis;
lanes 7 & 14: positive control of A. vasorum; lane 8: positive control of C. vulpis; lane 10:
O. rostratus; lane 11: T. wilsoni; lane 12: U. stenocephala; lane 13: S. nasicola.
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Fig C2: PCR amplification of adult and first-stage larvae metastrongyloid DNA using the
ITS2 primers AV5-AV4. Lane 1: DNA molecular weight marker; lane 2: distilled water
negative control; lane 3: A. vasorum; lane 4: C. vulpis; lane 5: O. osleri; lane 6: O.
rostratus; lane 7: T. wilsoni; lane 8: P. tenuis; lane 9: U. stenocephala; lane 10: S.
nasicola; lane 11: C. vulpis L1; lane 12: A. vasorum L1; lane 13: positive control of A.
vasorum.

Fig C3: PCR amplification of adult and first-stage larvae metastrongyloid DNA using the
ITS2 primers CvITS2f-CvITS2r. Lane 1: DNA molecular weight marker; lane 2: distilled
water negative control; lane 3: A. vasorum; lane 4: C. vulpis; lane 5: O. osleri; lane 6: O.
rostratus; lane 7: T. wilsoni; lane 8: P. tenuis; lane 9: U. stenocephala; lane 10: C. vulpis
L1 (#267); lane 11: C. vulpis & A. vasorum L1; lane 12: C. vulpis L1; lane 13: positive
control of C. vulpis. Note: the non-specific amplification in lanes 5 & 6 and faint bands
corresponding to primer dimer in lanes 2, 3, 7, 8, 9 & 10.
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Fig C4: PCR amplification of third-stage larvae metastrongyloid DNA using the ITS2
primers AV5-AV4. Lane 1: DNA molecular weight marker; lane 2: distilled water
negative control; lane 3: C. vulpis 1 L3; lane 4: C. vulpis 5 L3; lane 5: C. vulpis 10 L3;
lane 6: A. vasorum 1 L3; lane 7: A. vasorum 5 L3; lane 8: A. vasorum 10 L3; lane 9: T.
wilsoni 1 L3; lane 10: T. wilsoni 5 L3; lane 11: T. wilsoni 10 L3; lane 12: A. abstrusus 1
L3; lane 13: A. abstrusus 5 L3; lane 14: A. abstrusus 10 L3; lane 15: positive control of A.
vasorum; lane 16: positive control of C. vulpis.

Fig C5: PCR amplification of first and third-stage larvae of metastrongyloid DNA using
the ITS2 primers AvasF-AvasR. Lane 1: DNA molecular weight marker; lane 2: distilled
water negative control; lanes 3 & 4: C. vulpis L1; lane 5: A. vasorum L1; lane 6: A.
vasorum 1 L3; lane 7: A. vasorum 5 L3; lane 8: A. vasorum 10 L3; lane 9: C. vulpis 1 L3;
lane 10: C. vulpis 5 L3; lane 11: C. vulpis 10 L3; lane 12: T. wilsoni 1 L3; lane 13: T.
wilsoni 5 L3; lane 14: T. wilsoni 10 L3; lane 15: positive control of A. vasorum; lane 16:
positive control of C. vulpis.
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Fig C6: PCR amplification of third-stage larvae of metastrongyloid DNA using the ITS2
primers CvITS2f-CvITS2r. Lane 1: DNA molecular weight marker; lane 2: distilled
water negative control; lane 3: A. vasorum 1 L3; lane 4: A. vasorum 5 L3; lane 5: A.
vasorum 10 L3; lane 6: C. vulpis 1 L3; lane 7: C. vulpis 5 L3; lane 8: C. vulpis 10 L3; lane
9: T. wilsoni 1 L3; lane 10: T. wilsoni 5 L3; lane 11: T. wilsoni 10 L3; lane 12: A.
abstrusus 1 L3; lane 13: A. abstrusus 5 L3; lane 14: A. abstrusus 10 L3; lane 15: positive
control of C. vulpis; lane 16: C. vulpis & A. vasorum L1. Note: faint bands corresponding
to primer dimer in lanes 3, 4, 5, 6, 9, 10, 12, 13, 14.

Fig C7: PCR amplification of metastrongyloid DNA using the ITS2 primers AV5-AV4.
Lane 1: DNA molecular weight marker; lane 2: distilled water negative control; lanes 3, 4
& 5: A. vasorum & U. stenocephala L1; lane 6: A. vasorum L3; lane 7: positive control of
A. vasorum; lane 8: U. stenocephala L1; lane 9: U. stenocephala (adult).
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Fig C8: Multiple sequence alignment of ITS2 region of Angiostrongylus vasorum (adult, L1, L3) using primer pair AV5-AV4 showing
high similarity with various A. vasorum isolates in GenBank. A few nucleotides diverge in other isolates, which included transitions,
transversions, or deletions.
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Fig C9: Multiple sequence alignment of ITS2 region of Angiostrongylus vasorum (adult, L3, and L1 isolated from scat sample from
Montague, PEI) using primer pair AV5-AV4 showing high similarity with various A. vasorum isolates in GenBank. A few nucleotides
diverge in other isolates, which included transitions, transversions, or deletions.
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Fig C10: Multiple sequence alignment of ITS2 region of Angiostrongylus vasorum (L1, L3) using primer pair AvasF-AvasR showing
similarity with various A. vasorum isolates in GenBank. A few nucleotides diverge in other isolates, which included transitions,
transversions, insertions, or deletions.
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4. Discussion
Mixed infections with lungworm species (A. vasorum and C. vulpis) have been
reported previously in red foxes and dogs (Jeffery et al., 2004; Maksimov et al., 2017;
Olivieri et al., 2017; Schug et al., 2018). Differentiation of both lungworm species is
based on the morphological features of the caudal end of L1 recovered by the Baermann
technique (Conboy, 2009). However, it is vital to emphasize the difficulty of determining
a low number of L1 from A. vasorum in a mixture of larvae with a higher number of C.
vulpis by using morphological identification. This is important because infection with A.
vasorum can produce a diversity of clinical signs, which involve the cardio-respiratory
and neurological systems; in the absence of treatment, death can occur (Bourque et al.,
2008; Traversa and Guglielmini, 2008; Gredal et al., 2011). In contrast, infection with C.
vulpis is non-fatal, and it is a significant cause of chronic cough (Conboy, 2009).
In the process of improving PCR detection methods, primer design is a key point.
Primer design targeting DNA sequence regions must be highly specific to avoid
competitive amplification among target fragments (Hu et al., 2015). Ribosomal RNA
gene sequences are highly conserved among different nematode species, which could be
less suitable for species-specific primers (Schug et al., 2018). Alternatively, the rDNA
Internal Transcribed Spacer 2 (ITS2) is a commonly targeted genetic marker for
nematode identification because of the high interspecific sequence variation (Blouin,
2002). Besides identifying nematodes, the ITS region is effective for finding intraspecific
variation to delineate genotypes (Hung et al., 1997; Hung et al., 2000). In order to detect
cases of mixed infection using molecular methods, specific primers designed for each
lungworm species are needed to increase the sensitivity and specificity of detection. In
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the current study, published ITS2 primer sets were tested with a range of nematode
targets to determine the analytical specificity and sensitivity. The importance of testing
these specific nematodes is that they all potentially can be found in canine feces as
natural infections (C. vulpis, A. vasorum, O. osleri, and U. stenocephala), due to
ingestion of cat or deer feces (A. abstrusus, T. wilsoni, O. rostratus, and P. tenuis) or as
an opportunistic finding (free living nematodes or hookworm larvae). Therefore, it is
essential to know if the primer sequence is specific for the organism of interest and does
not detect other nematodes as well.
Detection of A. vasorum based on sequences of the ITS2 region was accomplished
using the primer set AvasF-AvasR; however, the specificity through testing of DNA from
other nematodes was not confirmed by Helm et al., (2009). Al-Sabi et al., (2010) also
designed PCR-specific primers (AV5-AV4) to detect A. vasorum in hunting dogs and
wild foxes using a partial sequence of ITS2.
The primer pairs AvasF-AvasR and AV5-AV4 target the same ITS2 region of A.
vasorum with a few nucleotide differences. Over 100 nucleotides were conserved among
A. vasorum sequences in the current study and other A. vasorum sequences in GenBank.
A few base changes (transitions or transversions, insertion or deletion) were detected in
other accession numbers and that could be attributed to the differences in geographical
regions. Additional confirmation was done on isolated larvae of A. vasorum from a mixed
infection that contained U. stenocephala using a partial LSU rRNA gene region. The
presence of A. vasorum in PEI is now confirmed.
As for sensitivity, different DNA dilutions from DNA purified from adult worms and
DNA extracted from different numbers of larvae were chosen as a criterion for
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evaluation. The primer pairs (AV5-AV4 and AvasF-AvasR) can detect as low as 5 ng/µl
DNA. Although the true limit of detection was not determined for the primer sets, as it is
more relevant that both primer pairs were able to detect extracts from a single larvae.
Regarding specificity, the primers were specific to amplify A. vasorum, and no crossreaction with the other nematode species evaluated was observed. As for the band at 500
bp for P. tenuis, this was not a specific band corresponding to the expected size, thus, it
was not submitted for sequencing. These results indicated that the ITS2 marker could be
used for species identification and diagnostic confirmation as these primers show high
specificity (91-100% similarity) with the species tested and sensitivity for a single L1.
For the primer sets CvITS2f-CvITS2r, Schug et al., (2018) designed an additional
primer sequence to be used in a probe-based real-time PCR to increase the specificity to
detect C. vulpis, which they used successfully in six co-infected samples. A major
problem of short primer products (100 bp) and agarose gel resolution is that the band
could be misinterpreted with a primer dimer. Also, because of the short read lengths, high
error rates can occur for amplicon sequencing. In conventional PCR, the amplified
product is detected by an end-point analysis on an agarose gel after the reaction has
finished (Smith and Osborn, 2009). On the other hand, real time PCR allows the
accumulation of amplified product to be detected and measured as the reaction progresses
using a fluorescent molecule that reports the increase of DNA amount (Paiva-Cavalcanti
et al., 2010). Thus, by using fluorescent labeled oligonucleotide probe, it can react with
only specific PCR products.
With an increasing number of reports indicating the presence of mixed infections with
both lungworm species (A. vasorum and C. vulpis), a highly sensitive detection method is
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needed. The present study indicates that published primer sets have the capacity to be
used to differentiate between these parasites in co-infections, but also highlights the
limitations of using primer sets that have shorter products (qPCR primer sets) in standard
PCR that are evaluated by end-point using agarose gel for evaluation. DNA sequencing to
confirm PCR products is recommended and is especially critical in the absence of probebased qPCR. It is important to combine molecular methods with other complementary
detection methods such as Baermann to avoid false-negative results. Further research is
needed to design specific primers for C. vulpis or a probe-based qPCR to enhance the
detection of the parasite and facilitate the rapid diagnosis of cases with mixed infections.
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